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ABSTRACT 

The gut microbiota of mosquitoes plays a pivotal role in their life history. This includes 

insecticide resistance and immune responses, which makes it a potential target for vector 

control interventions. Although a growing body of research characterises the gut microbiota of 

various mosquito species, there is limited information on most members of the Anopheles 

gambiae complex. This study characterised the gut microbiota of four laboratory reared 

strains, namely SENN (Anopheles arabiensis- an insecticide susceptible major vector), SENN 

DDT (Anopheles arabiensis- an insecticide resistant major vector), MAFUS (Anopheles 

merus- minor vector) and SANGWE (Anopheles quadriannulatus- non-vector). The gut 

microbiota of fourth instar larvae, three-day old, fifteen-day old non-blood fed and fifteen-day 

old blood fed females was characterised and compared, bacterial identification was performed 

using Next-Generation Sequencing (NGS) of the bacterial 16S ribosomal RNA (rRNA) gene. 

The larval environment plays a role in acquiring gut microbes. This study characterised the 

gut microbiota of laboratory reared and wild F1 population An. arabiensis adult females and 

how changes in the larval environment affect the dynamics of the adult gut microbiota. 

Additionally, the effects of heavy metals on the gut microbiota of laboratory reared and F1 

population of An. arabiensis adult females post-exposure to heavy metals in the larval 

breeding site were assessed. Furthermore, the effect of changes in the salt concentration in the 

larval environment on the gut microbiota of An. merus larvae and adults were examined. All 

bacterial identification of the gut microbiota was performed using NGS of the bacterial 16S 

rRNA. The dynamic gut mycobiota of SENN, SENN DDT and fourth instar larvae, three-day 

old, fifteen-day old non-blood fed and fifteen-day old blood fed laboratory reared and wild F1 

population An. arabiensis females were characterised. Fungal identification was performed 

using NGS of the fungal internal (ITS) transcribed spacer of the rRNA cistron. Distinct 

differences were observed between the diversity and abundance of the gut microbiota of 

major malaria vectors and the minor and non-vectors, with the minor and non-vector 

harbouring more Plasmodium-protective bacterial genera. Pesticide-degrading bacteria were 

found in insecticide susceptible and insecticide resistant strains of An. arabiensis, suggesting 

that the gut microbiota does not contribute to insecticide resistance. However, differences 

between these strains indicate that the diversity of the gut microbiota is affected by the 

insecticide resistant phenotype. The F1 population and wild population of An. arabiensis had a 

greater gut microbiota diversity than laboratory reared An. arabiensis strains. Exposure to 

heavy metals as larvae significantly changed the abundance of gut bacteria in adults. The F1 

population and SENN DDT adults had more heavy metal degrading bacterial genera present 
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than SENN. Changes in the salinity of the larval environment of An. merus significantly 

affected larval development time, adult longevity, fecundity and deltamethrin tolerance. 

Additionally, An. merus adults exposed to the highest salt concentration at the larval stage had 

more Plasmodium-protective bacterial genera than the lower concentrations. The insecticide 

resistant phenotype of laboratory reared An. arabiensis affected the diversity and the 

differential abundance of fungi observed in the gut mycobiota. Furthermore, the gut 

mycobiota of the F1 population of An. arabiensis was similar to that of the laboratory reared 

insecticide resistant strain. In conclusion, these findings have implications for using gut 

bacteria as a vector control intervention in South Africa. The gut microbiota of the An. 

gambiae complex is a dynamic network consisting of what seems to be a core microbiota 

crucial to its function. The gut microbiota of the selected members of the An. gambiae 

complex corresponds to their capacity to transmit Plasmodium. Furthermore, the larval 

environment strongly influences the dynamics of the gut microbiota of members from the An. 

gambiae complex. Therefore, the impact of the larval environment on the adult microbiota 

must be considered for the development and implementation of future microbial-based 

strategies. 
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CHAPTER 1 

General Introduction and Literature Review 

1.1 Background 

1.1.1 Malaria in Africa 

Malaria is a significant burden on human populations in sub-Saharan Africa and is the single 

most devastating vector-borne disease in the world [1]. In terms of infectious diseases, it is the 

third leading cause of death after HIV/AIDS and tuberculosis [2]. In 2022, the World Health 

Organisation (WHO) estimated there were 249 million malaria cases globally, and the 

estimated number of deaths was 608 000 [3]. From the global estimations, Africa accounted 

for approximately 93.6% of cases (233 million) and 95.4% of deaths (580 000) [3].  

Malaria elimination is defined as no locally transmitted disease cases, and South Africa is one 

of several countries where it is considered feasible to eliminate malaria within the next 

decade. South Africa aimed to have zero cases of local transmission by 2018 [4]. This 

deadline was subsequently moved to 2020, and South Africa missed the target of eliminating 

malaria. Combined with the fact that the COVID-19 pandemic resulted in an increase in 

malaria cases and mortality, it is evident that malaria is still a consistent problem both in 

South Africa and Africa at large [3]. As such, further research is required to improve the 

understanding of both the causative parasites and the vectors that transmit them. 

1.1.2 Plasmodium species and their development in malaria vectors 

The causative agent of malaria is a unicellular protozoan parasite belonging to the genus 

Plasmodium [5]. These parasites infect humans and other vertebrates. Plasmodium species 

infecting human hosts include Plasmodium falciparum, P. vivax, P. malariae, P. ovale and P. 

knowlesi [5]. These species of Plasmodium are naturally transmitted exclusively by female 

mosquitoes belonging to the Anopheles genus [5]. The life cycles of the Plasmodium parasites 

in Anopheles are similar [6]. For malaria to be transmitted, a female Anopheles mosquito must 

ingest a blood meal from a human host that has already been infected with the Plasmodium 

parasite. Once ingested, the parasite's gametocytes infect the midgut lumen of the mosquito, 

where it develops into microgametes and macrogametes [7]. The gametes then combine to 
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form a zygote, which differentiates to form motile ookinetes [8]. The ookinetes penetrate the 

midgut wall, and the oocyst forms on the outside of the midgut [9]. In the oocyst, sporozoites 

are formed [10]. Once the oocyst matures, it ruptures, and the sporozoites are released into the 

haemocoel (body cavity) and circulate through the haemolymph to the salivary glands [11]. 

This makes the mosquito infectious. The mosquito can transfer the parasite to a human host 

during its next blood meal [6,11]. The female mosquito can only be infectious if the parasite 

can make it through two bottlenecks in the mosquito host: the gut and salivary glands of the 

mosquito. The transmission of the parasite from the Anopheles mosquito to the human host 

results in the disease known as malaria [12]. 

Developing an efficient vaccine has been challenging as Plasmodium parasites are complex 

microorganisms [13]. The parasite takes on intracellular and extracellular forms during the 

multiple stages of development, and targeting just one of these developmental stages of the 

parasite in a human host is insufficient for an efficient vaccine [14]. In 2019, the RTS S/AS01 

vaccine (Mosquirix™) was deployed and implemented in malaria-endemic areas [15]. 

However, the efficacy of this vaccine decreased from 56% to 36% over four years [16]. 

Despite this, in 2021, the WHO approved this vaccine for widespread use. As reviewed by El-

Moamly and El-Sweify [17], this vaccine cannot stand alone in effectively reducing malaria 

[17]. As such, multi-component vaccines are needed to eradicate malaria. Therefore, there is 

still a need for alternative strategies to eliminate malaria. One such preventative method 

includes limiting the contact between the vectors and humans, known as vector control [18]. 

Vector control methods remain at the forefront of controlling malaria transmission and 

understanding the vectors’ biology is crucial for consistently efficient implementation and 

advancements. 

1.1.3 Malaria vectors in Southern Africa and vector control strategies 

Malaria control in sub-Saharan Africa is challenged by a complex vectorial system consisting 

of some of the world’s most efficient vectors [19–21]. This includes members of the An. 

gambiae complex, a group of morphologically indistinguishable species that differ in 

behaviour and vectorial capacity [18]. Anopheles gambiae is one of the most efficient malaria 

vectors in the world. It is a dominant malaria vector species and the nominal member of this 

complex [22]. Other dominant vector species from the An. gambiae complex in Africa 

includes An. arabiensis, An. coluzzii, An. melas, An. merus, and An. bwambae [18,23,24]. 
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The members of the An. gambiae complex present in South Africa are An. arabiensis, An. 

merus, and An. quadriannulatus [25]. However, it is worth noting that  An. quadriannulatus is 

not considered a malaria vector [26]. Unlike An. gambiae sensu stricto (s.s) and An. coluzzii, 

which typically exhibit endophilic (indoor-resting) and endophagic (indoor-biting) 

behaviours, the members of the An. gambiae complex found in South Africa are 

predominantly exophilic (outdoor-resting) and exophagic (outdoor-biting) [18]. Although 

variable, An. arabiensis, An. merus and An. quadriannulatus primarily feed on animals 

(zoophagy) rather than humans [18].  

Anopheles arabiensis is a significant malaria vector in South Africa [25]. Unlike An. gambiae 

s.s. that predominantly feed and rest indoors, An. arabiensis can bite and rest both indoors and 

outdoors [27]. This versatility makes it a species of concern as it can contribute to the 

persistence of low-level malaria transmission, known as residual malaria [28]. This is 

especially true in areas where outdoor biting and resting are common [28]. The behavioural 

plasticity of both An. arabiensis and An. merus contributes to the challenges faced when 

implementing conventional vector control methods.  

Conventional vector control methods include long-lasting insecticide-treated nets (LLINs) and 

indoor residual spraying of insecticides (IRS) [29], which are interventions that reduce 

malaria transmission by only targeting indoor biting and resting vectors [29]. Insecticide-

based vector control methods are further hampered by increasing insecticide resistance in 

malaria vectors [30]. In particular, global resistance to pyrethroid and organochlorine 

insecticides has been recorded at 69.9 and 63.4% in at least one malaria vector in sites 

examined in 64 countries globally [30]. Although vector control is a vital tool for malaria 

control, the limited availability of new tools is a current challenge. This is particularly true for 

conventional chemical interventions as insecticide resistance of Anopheles vectors directly 

impacts vector control methods, reducing the efficacy of chemical-based methods. In parts of 

South Africa, An. arabiensis populations (80-97%) have low-level resistance to 

dichlorodiphenyltrichloroethane (DDT), permethrin, deltamethrin, and bendiocarb [31]. The 

incidence of resistance to insecticides and the behavioural adaptations of An. arabiensis in 

response to vector control interventions threatens South Africa’s malaria elimination agenda. 

Consequently, alternate targets for vector control interventions are required.  

One such target is the mosquito immune system, which has been recognised as a crucial factor 

that influences the susceptibility of the mosquito to Plasmodium infection [32]. This is 
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necessary to establish the parasite within the mosquito host and transmit it to a human host. 

Therefore, modulation of the mosquito immune system can alter vector competence, and the 

physiological ability to become infected and transmit a pathogen [33]. As reviewed by 

Beerntsen et al. [34], vector competence is a component of vectorial capacity, a complex 

multifactorial process dependent on the interplay between the environment, mosquito 

behaviour, fitness, and innate immunological factors that influence the efficiency of the vector 

to transmit a pathogen [34]. The mosquito gut microbiota can modulate the immune system of 

the mosquito [32].   

1.1.4 The role of the gut microbiota in mosquito life history 

The terms microbiome and microbiota are often used interchangeably but have different 

implications. The term “microbiome” is defined as the collection of microbial genomes in an 

environment [35,36]. The microbiome is comprised of distinct microbial communities, 

including archaea, bacteria, viruses, protozoans, and fungi (which will be discussed in detail 

in CHAPTER 5), as well as their genomes and the surrounding environmental conditions 

[35,37,38]. The term “microbiota” refers to “the characteristic microbial community in a 

reasonably well-defined habitat which has distinct physio-chemical properties” [38]. These 

microorganisms inhabit the mosquito gut, and together, they constitute the gut microbiota of 

the mosquito [39]. 

The larval gut microbiota is suggested to be acquired through the larval environment and 

maternal transmission pathways, as reviewed by Strand [40]. Larvae acquire their gut 

microbiota directly from their aquatic environment as it was observed that no gut bacteria was 

present in first instar larvae that hatched from surface-sterilised eggs [41]. Furthermore, 

mosquitoes contain gut bacteria found in their breeding site [42,43]. Strand [40] reviewed that 

larvae can also acquire gut bacteria through vertical transmission, meaning that gut bacteria in 

larvae is acquired from the mother [40]. The microbiota in the female reproductive tract can 

be transferred to the outer surface of eggs and consequently into the larval aquatic 

environment, where the larvae will ingest it [41,42,44–48].  

The acquired gut microbiota plays a vital role in the life history traits of mosquito larvae 

[41,49]. One study demonstrated that An. stephensi larvae in antibiotic-treated water have 

stunted growth [49]. This could be reversed with the treatment of antibiotic-resistant bacteria 

[49]. This highlights the importance of the microbiota on larval growth and development. 
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Additionally, An. gambiae and Ae. aegypti larvae grown in sterile conditions resulted in the 

absence of gut microbiota and prevented the transition from pupae to adults [41]. This means 

that gut microbiota is essential in the development of larvae into adults.  

After emerging as adults, mosquitoes are suggested to acquire their gut microbiota by 

ingesting the water from larval habitats during emergence [41,50,51].  Larvae may 

transstadially transmit a portion of their gut microbiota to adults during metamorphosis 

[41,50,51]. As the adult mosquito progresses through its lifespan, the composition of its gut 

microbiota continues to change. Additional microbes can be acquired from various sources 

such as water, nectar, and blood meals [50,52,53]. The adult gut microbiota has been 

implicated in many life history traits that are of epidemiological importance. These traits 

include digestion, nutrient absorption, reproduction, and adult longevity [39,54–58]. 

Mosquitoes require nutrients from sugar, which are obtained through carbohydrate sources 

such as floral and extrafloral nectar [59,60]. The mosquito requires the gut microbiota to aid 

in digesting sugar meals consumed. For example, male and female Ae. albopictus had 

increased activity of  Enterobacteriaceae in their gut 24 hours after ingesting labelled fructose 

[61]. This suggested that bacteria belonging to the family Enterobacteriaceae contributed to 

the digestion of fructose in Ae. albopictus [61]. Furthermore, genes associated with 

carbohydrate metabolism in active bacteria were identified. This indicated that the mosquito 

uses fructose from a sugar meal, such as nectar, as an energy source to provide essential 

nutrients [61].  

Female Anopheles are anautogenous, meaning they depend on blood meals from human or 

animal hosts to produce all their egg batches [62,63]. The gut microbiota is also involved in 

the digestion of blood meals. A study conducted on laboratory reared Ae. aegypti females 

demonstrated that antibiotic treatment affected the lysis of red blood cells, delayed the 

digestion of blood proteins, and decreased egg production [64]. Therefore, it has been 

suggested that gut bacteria release lytic enzymes that aid digestion [64]. As seen in Ae. 

aegypti, there is a selective pressure for haemolytic bacteria such as Enterobacter and 

Serratia, which are known to assist in the blood digestion process [64]. As reviewed by Gao 

et al. [65], nutrients absorbed and synthesised by the microbiota during blood meals are also 

essential for reproduction [65]. Therefore, the gut microbiota involved in digestion may affect 

reproduction in mosquitoes. Studies have demonstrated that An. stephensi adults had reduced 

female fertility and reproductive capacity when antibiotics were used to sterilise the gut [66]. 



6 

 

Additionally, native gut bacteria in Aedes are needed for egg production [67]. Furthermore, a 

core microbiota consisting of endosymbiotic bacteria was observed in An. coluzzii and An. 

gambiae female and male reproductive tracts [44]. This emphasises the role of native gut 

microbiota in reproduction.  

Studies have suggested that there is a correlation between the longevity of the adult mosquito 

and the gut microbiota [66,68–73]. It was noted that the life span of An. stephensi was 

shortened when the gut microbiota was sterilised with antibiotic treatment [66]. This was 

consistent with a similar study conducted on laboratory reared An. coluzzii and An. gambiae, 

where the lifespan of the adult decreased with antibiotic administration via blood meal [68]. 

The ingestion of a blood meal by wild An. arabiensis silenced genes involved in midgut 

homeostasis, resulting in a reduced lifespan [69]. This is because they could not cope with the 

drastic increases in bacteria ingested directly after a blood meal [69]. However, laboratory 

reared An. gambiae had an increased lifespan when a blood meal from malaria-infected 

people containing antibiotics was ingested [70]. Furthermore, native gut bacteria such as 

Enterobacter sp. Zambiae (Esp_Z), Acinetobacter sp., and Serratia marcescens administered 

through blood-feeding, significantly decreased the longevity of laboratory reared An. gambiae 

[71,72]. The lifespan of mosquitoes is a crucial aspect of vector biology. The vector must live 

long enough for the parasite to develop and be transmitted to a new host. As such, small 

changes in longevity significantly affect malaria transmission [73].  

1.1.5 The role of the gut microbiota in mosquito immunity  

In the gut, commensal bacteria are involved in host immunity and elicit a protective response 

towards pathogens [74]. These bacteria are recognised as essential regulators in the life 

history of various invertebrate organisms, such as mosquitoes [74]. The gut microbiota is 

implicated in mosquito immunity towards multiple pathogens, including viruses [75] and 

parasites [76]. The gut is the first bottleneck of Plasmodium development, making it a 

mandatory path to successful infection and transmission of Plasmodium in Anophelines [77].  

The role of gut microbiota in parasite development makes it a potential target for 

manipulation. Therefore, the possible involvement of the gut microbiota in successful parasite 

development is an interesting target for examination. The gut microbiota interacts with the 

mosquito's immune system by modulating direct or indirect immune responses to pathogens, 

as reviewed by Romoli and Gendrin [77]. The microbiota has been implicated as a critical 
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determinant in the transmission of Plasmodium and is, therefore, one of the contributing 

factors to vector competence [41,78]. Microbiota-mediated interactions inhibit the 

development of pathogens, like Plasmodium, by eliciting numerous immune responses [65].  

There are a range of direct immunological responses to Plasmodium induced by the gut 

microbiota [79–81]. The first is forming a physical barrier protecting the gut from direct 

contact with the blood meal [79]. Bacterial metabolites also mediate the immune system. 

These include reactive oxygen species (ROS) and nitric oxide (NO) [80]. Gram-negative 

bacteria participate in synthesising the peritrophic matrix, a layer consisting of chitin and 

other proteins that form rapidly in response to ingesting a blood meal [81]. This matrix 

protects the mosquito as a physical barrier to protect the gut from a blood meal [79]. This is 

because a blood meal is a heat shock for the mosquito and potentially has harmful host 

proteins [82]. A byproduct of the formation of the peritrophic matrix is that it vastly reduces 

the penetration of the parasite into the midgut wall [83]. This layer functions in mosquito 

immunity by exerting selective pressure on the Plasmodium parasite by creating a barrier in 

the midgut wall, making it harder, but not impossible, for Plasmodium ookinetes to penetrate 

[77]. 

Bacteria from the gut can disrupt Plasmodium infection in the mosquito by producing 

metabolites, enzymes, and antimicrobial molecules [72,80,84–86]. For example, Esp_Z, a 

Gram-negative bacterial isolate from the gut of Zambian An. arabiensis was co-fed with P. 

falciparum to An. gambiae resulted in stunted Plasmodium development as a reduction in 

ookinete, oocyst, and sporozoite loads was observed [80]. This was suggested to be due to the 

bacterially generated ROS [80]. Another metabolite suggested to be effective against the 

parasite is red pigment prodigiosin, this is produced by bacteria in the gut and interferes with 

Plasmodium development [84]. In addition, certain bacterial isolates from the midgut, such as 

some S. marcescens strains and Chromobacterium sp. Panama (Csp_P), can produce 

metabolites with anti-parasitic activity, which reduce Plasmodium infection in An. gambiae 

[72,85]. Lastly, the gut microbiota uses nitric oxide synthase (NOS) to catalyse the conversion 

of L-arginine to L-citrulline, releasing nitric oxide (NO) as a byproduct [86]. Nitric oxide is 

cytotoxic and limits the development of Plasmodium in the mosquito [86]. 

The immune response to the Plasmodium parasite includes activating multiple immune 

pathways, including the immune-deficiency (imd), Toll, and JAK/STAT pathways 

[41,70,78,87].  The bacteria in the gut can activate the NF-κB dependent imd pathway to fight 
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Plasmodium infection [88,89]. This pathway is induced when peptidoglycan in the bacterial 

cell wall is recognised by its specific receptor, peptidoglycan recognition protein (PGRP) LC 

[89]. The imd pathway is involved in anti-bacterial protection against invading Gram-negative 

and Gram-positive bacteria in An. gambiae [88–90]. As reviewed by Dennison et al. [91], the 

gut microbiota is responsible for the PGRP-LC-mediated anti-Plasmodium immune response 

[91]. This results in an increased expression of immune-associated genes, such as thioester-

containing protein (TEP) 1, that participate in the microbiota-dependent control of 

Plasmodium [92]. Bacteria such as Serratia marcescens Y1, an isolate from the midgut of 

wild An. sinensis inhibited Plasmodium development by modulating genes such as TEP1 and 

fibronectin (FBN) 9 [93]. The imd pathway is the most significant immunological pathway in 

the defence against P. falciparum [94].  

1.1.6 The role of the gut microbiota in insecticide resistance of the mosquito 

Insecticide resistance is a phenotype constructed by a range of factors. The first of these is 

behavioural avoidance of the pesticide due to the mosquitoes' feeding and resting behaviours 

[95]. The two classical methods of constructing the phenotype are target site resistance and 

metabolic detoxification tolerance [96–98]. Target site resistance is the modification of 

molecules targeted by the insecticide such that the xenobiotic no longer exerts the neurotoxic 

effect. A typical example of a target site mutation is the knockdown resistance (kdr) mutation 

[98,99]. This mutation in the voltage-gated sodium channel prevents DDT and pyrethroids 

from resulting in a continuous influx of sodium into the cell, preventing continuous firing of 

the action potential [98,99]. As reviewed by Hemingway and Ranson [100], metabolic 

detoxification is the increased activity of detoxification enzymes that modify, hydrolyse or 

sequester xenobiotics [100]. These actions are most commonly catalysed by members of the 

Cytochrome P450, general esterase and Glutathione S-transferase (GST) families. This 

phenotype has a range of pleiotropic effects, from fitness costs to increased stress tolerance 

[96,97].   

Despite a general understanding of the construction of the resistance phenotype, ongoing 

discoveries reveal new mechanisms contributing to the expression of insecticide resistance. 

One of the latest contributors is the microbiota [101]. There is evidence that the microbiota 

may play a role in the insecticide resistance phenotype [102]. Pesticide-degrading bacteria 

have been observed in organophosphate resistant An. stephensi when compared to their 

susceptible counterparts [102]. Furthermore, pyrethroid exposure has also been shown to alter 



9 

 

the cuticle surface and internal bacterial communities of An. Stephensi [103]. Despite this, 

when examining the effects of commensal bacteria on life history, the insecticide resistance 

phenotype is not often considered. Insecticide resistance affects how mosquitoes respond to 

starvation, oxidative stress, blood meals and thermal stress [104–107]. Therefore, it is crucial 

to include this factor when examining the role of gut microbiota in the life history of vector 

mosquitoes. 

1.1.7 Factors influencing the gut microbiota in mosquitoes 

If the gut microbiota affects insecticide resistance, other factors influencing the mosquito gut 

microbiota need to be considered. For example, the aqueous environment of the larvae, the 

transition into adulthood, and the food sources of female mosquitoes affect the gut microbiota 

[65]. These factors are important to consider as they potentially affect mosquito fitness and 

vector competence.  

The gut microbiota of larvae is essential throughout the mosquito's life span [41,87,108]. It is 

crucial for their development into adulthood, as several studies have demonstrated that gut-

sterilised mosquitoes cannot pupate [41,87,108]. Larvae eat and drink what is available in the 

surrounding water. It has been suggested that the diet they obtain from the environment is 

essential for the survival and replacement of new bacteria in their gut [78,109,110]. Members 

of the An. gambiae complex are known to breed in clear, sunlit temporary pools [27]. 

However, there have been reports of members of the An. gambiae complex larvae breeding in 

polluted water [111–114]. Anopheles arabiensis is associated with two sectors that are 

significant sources of environmental pollution, namely, agricultural activities and urbanisation 

[115,116]. The adaptation of larvae to breed in such polluted waters has several potential 

biological effects on mosquitoes. The impact of environmental stressors, including heavy 

metal pollutants and osmotic stress, on the gut microbiota is yet to be investigated.   

During development, the gut microbiota of larvae is replaced with a different set of microbes 

as it transitions into an adult [117]. This coincides with a change from an aquatic to aerial 

lifestyle [108]. Therefore, a comprehensive study of both the larval and adult stages is 

essential for a holistic view of the dynamics of the gut microbiota. Furthermore, the diet of the 

adult female mosquito needs to be considered. There is a change in the microbiota when the 

feeding habits of the female mosquito shift from only a sugar source, which includes nectar 

from flowers [118], to include both sugar meals and blood meals. As an example, when 
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female An. gambiae ingests a blood meal, there is a decrease in the bacterial diversity and an 

increased presence of Enterobacteriaceae in the gut microbiota [108]. Such shifts in the gut 

microbiota may affect mosquito fitness. 

1.1.8 The gut microbiota of mosquitoes as a target for novel vector control strategies  

The gut is one of the critical bottlenecks for parasite development, and parasite escape at this 

site is a hallmark of vector competence [119]. Therefore, modulating and exploiting the gut 

microbiota is a potential target site for establishing novel vector control strategies for efficient 

transmission blocking of Plasmodium. Consequently, microbes colonising the mosquito are 

regarded as possible tools to curb the spread of malaria. A microbial-based strategy for vector 

control is advantageous as it can target several species of mosquitoes and Plasmodium at the 

same time [40]. 

A potential transmission-blocking strategy is paratransgenesis. This is a strategy whereby 

unmodified native symbiotic microbes or genetically modified versions are introduced into 

the mosquito host. Unmodified symbionts would need to be directly associated with 

protection against Plasmodium [120]. These symbionts then express effector molecules to act 

against the parasite, making the mosquito resistant to infection by pathogens. For example, 

Esp_Z is an unmodified isolate from the gut of Zambian An. arabiensis and is involved in the 

inhibition of Plasmodium [71]. Enterobacter sp. was isolated from the gut of Zambian An. 

gambiae, this bacterium directly impacted Plasmodium by producing ROS [80]. Furthermore, 

Microsporidia MB is a spore-forming unicellular parasite related to fungi, it is native to An. 

arabiensis and has protective properties against Plasmodium [121]. These examples of 

candidates for paratransgenesis are ideal as they are unmodified native symbionts from 

Anopheles species. Therefore, it is unlikely that other native symbionts would interfere with 

the colonisation of the mosquito.  

Paratransgenesis as a novel vector control strategy for malaria has already been tested in 

mosquito species such as An. gambiae and An. stephensi [122].  Bacterial genera in the 

mosquito gut have been identified as prospective microbial agents for paratransgenesis as they 

have been suggested to decrease vector competence by either affecting longevity, eliciting an 

immune response, or directly impacting the Plasmodium parasite by producing anti-

Plasmodium effector molecules [120,122]. This strategy is appealing as microbes are readily 

attainable from the environment, and it bypasses additional ethical and regulatory approvals 
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associated with transgenic mosquito releases. Wolbachia is an intracellular bacterium 

commonly found in insects. As reviewed by Wilke and Marelli [120], Wolbachia is an 

example of a well-studied endosymbiont that can inhibit the transmission of human pathogens 

by mosquitoes [120]. In laboratory reared An. stephensi, Wolbachia provided the mosquito 

with increased protection against P. falciparum infection [123]. However, while this 

bacterium has been observed in the reproductive tissues of West African populations of An. 

gambiae and An. coluzzi, where it is vertically transmissible, Wolbachia infections in An. 

stephensi and An. gambiae were only accomplished when the gut microbiota was sterilised 

with antibiotics [46,123,124]. Additionally, bacterial competition between Asaia and 

Wolbachia is suggested to inhibit the vertical transmission and colonisation of Wolbachia in 

Anopheles mosquitoes [125]. Therefore, it is necessary to have clear catalogues of the 

microbiota and symbiotic bacteria in Anopheles species. 

A comprehensive catalogue of the microbiota and symbiotic bacteria present in local vector 

populations is necessary to explore potential paratransgenesis candidates. However, such a 

record is currently absent for South African vector species. Although mosquito microbiome 

studies are advancing, the studies tend to be limited in the species studied, typically focussing 

on An. stephensi, An. albimanus and An. gambiae [52,126,127]. Studies of the microbiome of 

An. arabiensis and other members of the An. gambiae complex is notably lacking. This 

project intended to provide additional information on potential candidates for paratransgenesis 

by characterising the dynamic gut microbiota of dominant vector species from the An. 

gambiae complex and to determine the effect the larval environment has on the microbiota. 

This would provide better insight and more knowledge surrounding the mosquito gut 

microbiota as a strategy to develop novel vector control interventions.  

1.2 Aims 

This study aims to characterise the dynamic gut microbiota of select members of the 

Anopheles gambiae complex and the gut mycobiota of An. arabiensis. Furthermore, this study 

aims to provide an understanding of the role of the environment in shaping the microbial 

community of the mosquito gut and to characterise the subsequent effects on the mosquito’s 

life history. 
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1.3 Objectives 

1. To characterise the dynamic gut microbiota of laboratory reared An. merus, An. 

quadriannulatus and An. arabiensis at different life stages, including fourth instar 

larvae, three-day old adults, fifteen-day old non-blood fed adults, and fifteen-day old 

blood fed adults, by identifying bacteria in the midgut with Next-Generation 

Sequencing (NGS) of the bacterial 16S ribosomal RNA (rRNA) gene. 

2. To characterise and compare the dynamic gut microbiota of three-day old laboratory 

reared, a first filial (F1) population, and a wild population (larvae collected from the 

field) of An. arabiensis by identifying bacteria in the midgut with NGS of the bacterial 

16S rRNA gene. 

3. To investigate the effect of larval exposure to heavy metals on the gut microbiota of 

three-day old laboratory reared and the F1 population of An. arabiensis by identifying 

bacteria in the midgut with NGS of the bacterial 16S rRNA gene. 

4. To characterise the dynamic gut mycobiota (yeasts and moulds) of laboratory reared 

and the F1 population of An. arabiensis at different life stages, including fourth instar 

larvae, three-day old adults, fifteen-day old non-blood fed adults, and fifteen-day old 

blood fed adults, by identifying yeasts and moulds in the midgut with NGS of the 

fungal internal transcribed spacer 1 (ITS1) region of the rRNA cistron. 

5. To investigate the effects of varying saltwater concentrations on larval development, 

adult longevity, fertility, fecundity, insecticide tolerance and gut microbiota of 

laboratory reared An. merus. 
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CHAPTER 2 

General Materials and Methods 

2.1 Mosquito Collection and Preparation  

2.1.1 Laboratory reared Anopheles species/strains and their phenotypes 

In this study, four strains representing three mosquito species were used. An insecticide 

susceptible strain of An. arabiensis, known as SENN and originating from Sennar, Sudan, has 

been used and maintained in a colony since 1980 [128]. Secondly, an insecticide resistant 

strain of An. arabiensis, referred to as SENN DDT, was also utilised. This strain has been 

continuously exposed to the insecticide dichlorodiphenyltrichloroethane (DDT) since 1995 

and is resistant to other insecticides including permethrin, deltamethrin, λ-cyhalothrin and 

malathion [104,107,129]. This strain carries the knockdown resistance (kdr) L1014S mutation 

[130] and exhibits elevated cytochrome P450, general esterase, and glutathione S-transferase 

(GST) activity, contributing to resistance against various insecticides [104,107]. Additionally, 

the study included an insecticide-susceptible strain of An. quadriannulatus, known as 

SANGWE, originating from Zimbabwe and has been maintained in a colony since 1998 

[131]. Lastly, an insecticide-tolerant strain of An. merus, referred to as MAFUS, was used. 

This strain was colonised from Limpopo, South Africa, in 2012 and has been continuously 

reared in 50% seawater (17.5g of sodium chloride per litre of water) [132,133].  

2.1.2 Insectary conditions for laboratory reared Anopheles mosquitoes 

All laboratory reared Anopheles mosquitoes were housed in the Botha de Meillon insectary of 

the National Institute of Communicable Disease (NICD), Johannesburg, South Africa. All 

larvae were reared in reverse osmosis water at 25˚C (±2˚C) and 80% relative humidity (±5%) 

with a 12-hour light/dark cycle and a 30-minute dusk/dawn cycle[134]. Larvae were fed a 

mixture of powdered BeanoTM dog biscuits and Brewer’s yeast (3:1). Adult mosquitoes were 

placed in cages with ad libitum access to a 10% (w/v) sucrose solution. 

2.1.3 Sample details of Anopheles specimens and blood feeding protocol 

Various life stages of Anopheles were sampled, including fourth instar larvae, three-day old 

non-blood fed adults, fifteen-day old non-blood fed adults and fifteen-day old blood fed 
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adults. Only female Anopheles adults were used in this study because they are the only ones 

capable of transmitting the Plasmodium parasite, as they require a blood meal to lay eggs 

[62]. Therefore, female mosquitoes are of epidemiological significance in this study. Blood 

feeding took place at three, seven and eleven days old. Blood was supplied by a single human 

volunteer (SVO). The ethical clearance waiver approving blood meals was provided by the 

University of the Witwatersrand (Appendix 1: Ethics Waiver). 

2.1.4 Midgut dissection and DNA extraction 

All equipment, surfaces, and specimens were sterilised with 70% (v/v) ethanol and 3% (v/v) 

hydrogen peroxide (H2O2). The midguts from fourth instar larvae and female adult 

mosquitoes were dissected using a dissection microscope (Olympus, SZ2-ILST) with a 

magnification of 40×. The midguts were then suspended in 200 µL of 0.1M phosphate 

buffered saline (PBS) (pH 7.2). Depending on specimen availability as many replicates as 

possible were made. Each replicate consisted of three to five midguts, depending on the 

extraction kit used. Total genomic DNA (gDNA) from the mosquito's midgut was extracted 

using the DNeasy PowerSoil® Kit (QIAGEN: 12888-50) or the Qiagen DNeasy Blood & 

Tissue kit (Cat no. 69506). ZymoBIOMICSTM Microbial Community Standard (Cat no. 

D3300) was used as a positive control, and PBS served as a no template control. 

2.2 Next-Generation Sequencing of the gut microbiota 

Bacteria from the mosquito gut were identified using Next-Generation Sequencing (NGS) of 

the bacterial 16S ribosomal RNA (rRNA). This technique is a gold standard in bacterial 

identification as it can identify bacteria that cannot be identified using culturomics [135,136]. 

The 16S rRNA genes are essential and highly conserved across bacterial species. This gene 

occurs at least once in the genome of prokaryotes, making this a good candidate for 

taxonomic classification [136]. The 16S rRNA gene contains nine hypervariable regions that 

are 1600 base pairs (bp) long [135]. The full length of the 16S rRNA gene cannot be 

sequenced on the Illumina platform, as it only allows for single-end and paired-end reads 

(2x300 bp reads). Therefore, an insert size of approximately 550 bp or smaller is 

recommended [135].  Therefore, the V3-V4 hypervariable region, approximately 443 bp long, 

was selected to sequence on the Illumina platform [135]. Unique sequences in the V3-V4 

region can be used to identify different bacterial species [135,136].  
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2.2.1 Preparation of the 16S rDNA library 

The 16S Metagenomic Sequencing Library Preparation (Preparing 16S Ribosomal RNA Gene 

Amplicons for the Illumina MiSeq® System) [137] and the NICD Sequencing Core Facility 

Laboratory Manual (NIC 1094v6) [138] workflows were followed to obtain the 16S rDNA 

library.  

The V3-V4 hypervariable region of the bacterial 16S rRNA gene was amplified by 

Polymerase Chain Reaction (PCR) from the extracted DNA samples. Each PCR reaction set-

up contained the forward primer (1 μM), the reverse primer (1 μM), Roche KAPA HiFi 

HotStart ReadyMix (2X)(Cat no. KK2601) and extracted gDNA (5 ng/μL). To ensure no 

contamination of the kit, a no template control reaction was set up, and PBS was used as a 

negative control. The ZymoBIOMICSTM Microbial Community DNA Standard (Cat no. 

D6306) was used as a positive PCR control. The PCR reaction was set up using the following 

reagents: Primers specific to the V3-V4 region of the 16S rRNA gene (4 nmol Ultramer® 

DNA Oligo 55 bases; supplied by Integrated DNA Technologies, Coralville, IA, USA) [139] 

were used: 1 μM Amplicon PCR Forward Primer (5’ GTC TCG TGG GCT CGG AGA TGT 

GTA TAA GAG ACA GGA CTA CHV GGG TAT CTA ATC C 3’)(Cat no. 74775360) and 1 

μM Amplicon PCR Reverse Primer (5’ TCG TCG GCA GCG TCA GAT GTG TAT AAG 

AGA CAG CCT ACG GGN GGC WGC AG 3’)(Cat no. 74775361)[139]. Roche 2x KAPA 

HiFi HotStart ReadyMix contained KAPA HiFi HotStart DNA polymerase (0.5 U per 25 μL 

reaction) in a propriety reaction buffer, which contained magnesium chloride (MgCl2)(2.5 

mM at 1X), and deoxynucleotide triphosphates (dNTP’s)(0.3 mM of each dNTP at 1X). To 

this, 2.5 μL of 5 ng/μL of extracted gDNA was added.  

The bacterial 16S rRNA gene was then amplified using the T100™ thermal cycler (Bio-rad) 

under the following cycling conditions: One cycle of 95 ⁰C for three minutes, followed by 25 

cycles of 95 ⁰C for 30 seconds, 55 ⁰C for 30 seconds and 72 ⁰C for 30 seconds and finally one 

cycle of 72 ⁰C for five minutes. The size of the PCR amplicon was then visualised by agarose 

gel electrophoresis. A 2.5% (w/v) Tris-acetate-EDTA (TAE) agarose gel was electrophoresed 

at 120V for 90 minutes. The amplicon size was visualised using the molecular imager® 

ChemiDocTM XRS+ with Image LabTM software. Amplicons were only selected for further 

downstream analysis if a band of approximately 550 bp was observed.  
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2.2.2 PCR amplicon clean-up and PCR indexing 

Beckman Coulter Agencourt® AMPure® XP beads (Cat no. A63882) were used to purify the 

amplicons. Per the manufacturer’s instructions, AMPure XP beads were used at a ratio of 

0.75:1 for the first PCR clean-up. This was done to purify the 16S rRNA V3-V4 amplicons 

and remove excess solution, free primers, nucleotides, salts, enzymes, primer dimers, and 

protein contaminants [138].  

The amplicons within each replicate were labelled with a unique index. This ensured that each 

amplicon was identified after the samples were pooled. Amplicons were labelled with the 

Illumina Nextera® DNA Flex Index Primer Set (Cat no. 20018705)(Appendix 3: Nextera® 

Index Adapter Sequences). Each PCR reaction set-up contained PCR grade water, KAPA 

HiFi HotStart Ready Mix (2X), Illumina Nextera® DNA Flex Index Primer Set and the 

purified PCR amplicon [137]. The PCR indexing was performed using the following cycling 

conditions: One cycle of 95⁰C for three minutes, followed by twelve cycles of 95⁰C for thirty 

seconds, 55⁰C for thirty seconds and 72⁰C for 30 seconds and finally, one cycle of 72⁰C for 

five minutes. Free index primers were removed with a second PCR clean-up. As previously 

described, the Agencourt® AMPure® XP PCR purification method was used to remove 

excess index primers[138].  

After purification, library validation of the concentration and size of the indexed amplicons 

were assessed. The DNA concentrations of the samples were measured with a Qubit® 

Fluorometer 2.0 (Invitrogen) and the Invitrogen Qubit dsDNA HS Assay Kit (Cat no. 

Q32854) as per manufacturer’s instructions described in the NICD Sequencing Core Facility 

Laboratory Manual [138]. The size of the index amplicons, which were approximately 630 bp 

after indexing, were visualised using Agilent Technologies D5000 Assay reagents (Cat no. 

5067-5588) and the Bioanalyser 4200 TapeStation (Agilent Technologies) as described in the 

NICD Sequencing Core Facility Laboratory Manual [138].  

2.2.3 Sample multiplexing (DNA library normalisation, pooling, denaturation, and 

dilution) 

The purified DNA library samples were normalised to a concentration of 2 nM using dilution 

buffer (10 mM Tris-Cl, pH 8.5, containing 0.1% Tween 20 (v/v)). This buffer reduced the 

adherence of DNA to plastic surfaces. The calculated amount of dilution buffer added to each 
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sample for normalisation depended on the concentration reading collected from the Qubit 

library validation step. All normalised DNA samples were then pooled based on sequencing 

requirements. The instructions for pooled samples were constructed and given by the head of 

the NICD Core Sequencing Facility. A pooled DNA library was created from the individual 

normalised DNA samples by adding each sample to a single microcentrifuge tube.  

Following normalisation, the DNA quality control was prepared. This included the gBlocks® 

Gene Fragment library and 10nM PhiX Control v3 library. These were added to the final 

sample pool, which was ready for loading into the Reagent Cartridge. Before the final 

dilution, DNA quality controls were prepared. This included gBlocks® Gene Fragment library 

(4 ng/μL) diluted to a 2 nM solution and 20 pM PhiX. The pooled DNA library was then 

denatured with a 0.2 N NaOH working solution (1:1). The solution was left to incubate for 

five minutes at room temperature to allow the double-stranded pooled DNA to denature into 

single-stranded DNA. The HT1 Hybridisation buffer was added, resulting in a 20 pM 

denatured DNA library.  

The denatured DNA library was then further diluted with a hybridisation buffer, resulting in a 

6 pM denatured library. The final library reaction included a 5% PhiX control spike-in 

(Illumina) before the library was run on the MiSeq® sequencing platform, as it served as an 

internal control for low-diversity libraries obtained during 16S metagenomic studies. Illumina 

recommends using MiSeq® v3 reagent kits for improved run metrics. The total diluted 

denatured DNA library was loaded into the Illumina MiSeq® Reagent Kit v3 (Catalogue no. 

15043895) per the manufacturer’s instructions. Samples were sequenced at the NICD Core 

Sequencing Facility using the Illumina MiSeq® Instrument (Illumina) with 2 x 300 bp read 

chemistry.  

2.2.4 Bioinformatic analysis 

The paired-end MiSeq® Illumina reads (2 x 300 bp) were pre-processed using the DADA2 

package (v1.12.1) [140], including quality inspection, trimming, dereplication, merging 

paired-end reads and removal of chimeric sequences. The quality profiles of the forward 

reads, followed by the reverse reads, were assessed. The sequences were then filtered and 

trimmed, where the forward reads were truncated by ten nucleotides from position 240 and 

reverse reads were truncated at position 160. The error rates were then assessed, followed by 

sample inference of the filtered and trimmed sequence data. Complete denoised sequences 
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were then obtained by merging the paired reads. The amplicon sequence variant (ASV) table 

was then constructed, and chimaeras were removed. Taxonomy was assigned to the obtained 

ASVs. The ASV abundance estimates were determined using training sequence sets based on 

the SILVA reference database (version 138.1; https://zenodo.org/record/1172783#.XvCmtkUz 

Y2w). A phyloseq object was then prepared for further downstream analysis of the data. 

Bacterial diversity analysis was done using raw reads, which were quality controlled and 

filtered (Q>20 and length >50 bp) using fastqc (v0.11.8) and trimGalore (v0.6.4 dev; 

https://github.com/FelixKrueger/TrimGalore), respectively [141,142]. In addition, trimGalore 

was used to remove the adapter.  

All the downstream analyses were performed in RStudio (v3.6.1) [143], including 

classification, abundance estimations, statistical analysis, and visualisation. Ordinations for 

beta diversity, abundance bar plots, alpha diversity and richness estimates, and heatmaps were 

generated using the phyloseq package (v1.28.0) [144], ggplot2 (v3.2.1) [145] and AmpVis2 

package (v2.6.4) [146]. To determine the α-diversity (within-sample diversity) [147], the 

Chao1 and Abundance-based Coverage Estimator (ACE) [148–152], Shannon-Weiner, and 

Simpson’s dominance indices [153–156] were assessed. Kruskal-Wallis rank-sum tests were 

then used to compare the α-diversity between groups [157]. To determine the β-diversity 

(between-sample diversity) [147], data clustering in a nonmetric multidimensional scaling 

(NMDS) [158] plot was assessed using permutational analysis of variance (PERMANOVA) 

[159] (permutation test with pseudo F ratios) as implemented in the adonis function in the 

vegan package (https://github.com/vegandevs/vegan). Venn diagrams were generated using 

VennDiagram (v1.6.20) and UpsetR (v1.4.0) [160]. Differential abundance analysis between 

sample groups was performed using DESeq2 (v1.24.0) [161]. 

 

 

 

 

https://zenodo.org/record/1172783#.XvCmtkUz Y2w
https://zenodo.org/record/1172783#.XvCmtkUz Y2w
https://github.com/FelixKrueger/TrimGalore
https://github.com/vegandevs/vegan
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CHAPTER 3 

Characterisation of the dynamic gut microbiota of members of the Anopheles gambiae 

complex 

The data for this chapter was published at https://doi.org/10.1038/s41598-022-05437-y. This 

manuscript can be found in Appendix 2: Manuscripts. 

3.1 Introduction  

The Anopheles gambiae complex consists of several members. Initially, this included six 

members: An. gambiae sensu stricto (s.s.) Giles, An. arabiensis Patton, An. bwambae White, 

An. melas Theobald, An. quadriannulatus Theobald, and An. merus Dönitz [23,162–165]. 

Anopheles gambiae s.s. was classified into two molecular forms: Savannah (S) and Mopti (M) 

[166]. In 2013, the M form of An. gambiae was formally given the name An. coluzzii, while 

the S form kept the name An. gambiae Giles [167]. Two additional species, An. comorensis 

and An. quadriannulatus species B were later added to the An. gambiae complex [168,169]. 

However, An. quadriannulatus species B has been formally assigned with the new name An. 

amharicus [167]. In the An. gambiae complex An. gambiae, An. coluzzii and An. arabiensis 

are dominant vector species (DVS) and are considered major malaria vectors [18,23,24]. 

Anopheles melas, An. merus, and An. bwambae are also dominant vector species. However, 

they are less efficient in transmitting malaria than the other dominant vector species and are 

considered minor vectors [18,23]. Anopheles quadriannulatus and An. amharicus are 

considered non-vector species [18,23,24,167,169].   

Anopheles quadriannulatus is a non-vector species [170]. They are predominantly zoophilic 

(prefer feeding on animals) and exophilic (outdoor resting) [170]. However, adult populations 

have been observed resting indoors [171] and have shown the potential to feed on humans 

[172]. This species has not yet been implicated in malaria transmission but has been 

demonstrated only to be susceptible to Plasmodium falciparum when force-fed infected blood 

in a laboratory setting [173]. Additionally, An. quadriannulatus in KwaZulu Natal, South 

Africa, has shown some resistance to the insecticide dichlorodiphenyltrichloroethane (DDT); 

this is suggested to be from selected pressure during the larval stage [174].   

 

https://doi.org/10.1038/s41598-022-05437-y
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Anopheles merus has not yet been implicated in malaria transmission in South Africa [18,24]. 

As reviewed by Bartilol [175], this species has been implicated in the localised transmission 

of malaria along the Eastern and Southern coasts of Africa and is, therefore, considered a 

minor vector species [175]. It has been recorded that this species feeds on humans and cattle 

and rests indoors and outdoors [176]. This species is of concern as there have been reports of 

increased geographical range and population densities throughout the Eastern and Southern 

African coasts [177–180]. Due to this, there is an increase in their potential to play a more 

significant role in malaria transmission [177–180]. Furthermore, An. merus in Mpumalanga, 

South Africa, has exhibited a 97% mortality rate to the insecticide DDT, indicating the 

presence of resistance within the population [181]. 

Anopheles arabiensis is considered a major malaria vector and a DVS responsible for 

widespread malaria transmission in sub-Saharan Africa [18]. These mosquitoes feed on 

humans but have a higher affinity for feeding on animals [182,183]. This species is highly 

opportunistic in its feeding and resting behaviours. They exhibit a high degree of behavioural 

plasticity, with reports indicating adaptations in behaviour to suit the host's location 

[18,182,184,185]. This highly adaptable species is also a major driver of the increasing levels 

of urban malaria in sub-Saharan Africa [18,184]. The efficacy of conventional vector controls 

for controlling the DVS population and reducing malaria transmission is highly dependent on 

the feeding and resting behaviour of the mosquito. Furthermore, insecticide resistance in An. 

arabiensis is rapidly increasing throughout Africa, thereby decreasing the effectiveness of 

insecticide-based control interventions used to control the population [31,186–189]. 

Conventional vector control methods such as indoor residual spraying (IRS) and long-lasting 

insecticidal nets (LLINs) are implemented indoors. Hence, only insecticide susceptible vector 

species that feed and rest indoors are efficiently targeted [29]. Due to the insecticide 

resistance and behavioural flexibility of An. arabiensis populations, which feed and rest both 

indoors and outdoors, these populations are difficult to control [29]. As such, novel vector 

control strategies targeting these outdoor biting and resting populations are needed. 

Furthermore, with insecticide resistance being as prevalent as it is, these strategies must 

account for increasing levels of insecticide resistance and ideally be a non-insecticidal 

intervention. 

The immune system is a crucial determinant of vector competence, making it an attractive 

target for alternative strategies [34]. Altering the immune system would block transmission, 

increasing the population's refractoriness to the parasite. This can be examined by comparing 
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vectors' immune systems to those of non-vectors to gain insights into these dynamics. This is 

possible with members of the An. gambiae complex which includes major malaria vectors, 

minor malaria vectors, and non-vectors. For example, the prophenoloxidase system is crucial 

in the defence of P. falciparum, as it is initiated at a lower stimulating threshold for non-

vector An. quadriannulatus than the major malaria vector An. gambiae [190]. This 

demonstrates the immune response of the non-vector, An. quadriannulatus is more efficient 

than that of the major malaria vector species. As such, specific aspects of the immunological 

response could be exploited for transmission. 

The mosquito immune system can be affected by insecticide resistance as there is a potential 

interplay between insecticide resistance and the mosquito immune system [191,192]. 

However, it is unclear whether insecticide resistance increases or decreases vector 

competence. As reviewed by Juache-Villagrana et al. [193] and Suh et al. [194], it has been 

suggested that insecticide exposure possibly contributes to a potential increase in vector 

competence [193,194]. Although there is contradicting evidence, more studies show that 

insecticide resistant Anopheles are more susceptible to Plasmodium [195–197]. This is highly 

variable by the type of effect measure (parasite prevalence vs parasite intensity), and the 

effect differs depending on the insecticide resistance mechanism [194].  

The gut microbiota of Anophelines has a vital role in the immune response to the Plasmodium 

parasite, thereby influencing their vector competence, as reviewed by Gabrieli et al. [54]. As 

such, this study included members of the An. gambiae complex with varying vector 

competencies. The gut microbiota of insecticide susceptible and resistant populations in the 

wild have been shown to differ [64,102]. This has been demonstrated in both An. albimanus 

and An. gambiae [102,103,198]. Notably, fenitrothion resistant populations of An. albimanus 

had a reduced bacterial diversity, with selection for pesticide-degrading bacterial species 

[102]. Similarly, insecticide resistant An. gambiae had an increased abundance of permethrin-

degrading taxa [198]. Furthermore, exposure to insecticides can alter internal and external 

microbial communities [103]. As such, this study included insecticide susceptible and 

resistant strains of An. arabiensis. These strains have already been demonstrated to be 

differentially responsive to bacterial supplementation as ingestion of bacteria altered the 

resistant phenotype [199]. Given the gut microbiota's role in modulating immunity and its 

interplay with insecticide resistance, the impact of insecticide resistance is a crucial aspect to 

consider when examining the gut microbiota for paratransgenesis purposes. 
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For this study, the gut microbiota of three members of the An. gambiae complex prevalent in 

South Africa was assessed. This included laboratory reared An. arabiensis, An. merus and An. 

quadriannulatus. These species were chosen based on their vector competence as a direct 

comparison of the gut microbiota of a major, a minor, and a non-malaria vector species has 

not yet been reported. Additionally, the gut microbiota of an insecticide susceptible and 

resistant laboratory reared strains of An. arabiensis was compared to evaluate the effect of the 

insecticide resistance phenotype on the gut microbiota.  

3.2 Materials and Methods  

The characterisation of the gut microbiota between selected members of the An. gambiae 

complex was conducted as described in CHAPTER 2 General Materials and Methods. The 

members included an insecticide susceptible strain of  An. arabiensis (SENN), an insecticide 

resistant strain of An. arabiensis (SENN DDT), an insecticide tolerant strain of An. merus 

(MAFUS), and an insecticide susceptible An. quadriannulatus (SANGWE) details on each 

strain are provided in 2.1.1 Laboratory reared Anopheles species/strains and their 

phenotypes. These mosquitoes were collected and maintained as described in 2.1.2 Insectary 

conditions for laboratory reared Anopheles mosquitoes. The gut microbiota was 

characterised at different life stages, including fourth instar larvae, three-day old adults, 

fifteen-day old non-blood fed adults, and fifteen-day old blood-fed adults. Blood feeding was 

conducted as described in 2.1.3 Sample details of Anopheles specimens and blood feeding 

protocol. Three replicates consisting of five guts for each life stage and strain were prepared. 

The guts from the respective samples were dissected, and the total genomic DNA from the 

mosquito's midgut was extracted using the DNeasy PowerSoil® Kit (QIAGEN: 12888-50) as 

described in 2.1.4 Midgut dissection and DNA extraction. The gut microbiota of the 

samples were then identified as described in 2.2 Next-Generation Sequencing of the gut 

microbiota. 
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3.3 Results   

Comparisons of the gut microbiota between selected members of the An. gambiae 

complex at different life stages  

3.3.1 α-diversity of the gut microbiota  

The α-diversity (within-sample diversity) [147] was assessed for each laboratory reared strain 

from the An. gambiae complex for all life stages. Boxplots were used to visualise and 

compare differences in the α-diversity between the insecticide susceptible strain of  An. 

arabiensis (SENN), insecticide resistant strain of An. arabiensis (SENN DDT), An. merus 

(MAFUS), and An. quadriannulatus (SANGWE). Significant differences between the indices 

were assessed using a Kruskal-Wallis rank-sum test [157]. The Chao1 and Abundance-based 

Coverage Estimator (ACE) diversity indices were used as estimators of species richness by 

considering the number of bacterial species in the gut [148–152]. Shannon-Weiner and 

Simpson’s dominance indices were used as estimators of species richness and evenness by 

considering the number of different bacterial species and the relative abundance of each 

species [153–156]. 

The Chao1 index was significantly higher in the insecticide susceptible strain SENN 

compared to the insecticide resistant strain SENN DDT (p = 0.01),  SANGWE (p = 0.01) and 

MAFUS (p < 0.01) (Figure 3.1 A). There were no significant differences in the Chao1 indices 

between SENN DDT and MAFUS (p = 0.67), SENN DDT and SANGWE (p = 0.93) or 

between MAFUS and SANGWE (p = 0.07) (Figure 3.1 A).  

Similarly, the ACE index was significantly higher in SENN than in SENN DDT (p = 0.02) 

and SANGWE (p = 0.02) (Figure 3.1 B). However, no significant differences were observed 

in the ACE indices between SENN and SANGWE (p = 0.05). Additionally, there were no 

significant differences in the ACE indices between SENN DDT and MAFUS (p = 0.80), 

SENN DDT and SANGWE (p = 0.14), or between MAFUS and SANGWE (p = 0.13) 

(Figure 3.1 B).  
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The Shannon-Weiner index was significantly higher in both SANGWE (p = 0.03) and 

MAFUS (p = 0.02) compared to SENN (Figure 3.1 C). There were no significant differences 

between SENN and SENN DDT (p = 0.44), SENN DDT and MAFUS (p = 0.76), SENN DDT 

and SANGWE (p = 0.71), or between SANGWE and MAFUS (p = 0.44) (Figure 3.1 C).  

The Simpson’s dominance index was significantly higher in MAFUS compared to SENN (p < 

0.01) (Figure 3.1 D). There were no significant differences between SENN and SENN DDT 

(p = 0.51), SENN and SANGWE (p = 0.06), SENN DDT and MAFUS (p = 0.38), SENN 

DDT and SANGWE (p = 0.80), or between SANGWE and MAFUS (p = 0.51) (Figure 3.1 

D). 
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Figure 3.1 Comparison of the α-diversity of gut microbiota between selected zoophilic members of the Anopheles gambiae complex for all life 

stages.  

(A) Chao1 diversity indices. (B) ACE diversity indices. (C) Shannon-Weiner diversity indices. (D) Simpson’s dominance indices. Comparisons 

of the diversity indices between the laboratory reared strains were assessed using a Kruskal-Wallis rank-sum test. The dots represent the number 

of samples used for each strain. Significant differences in the diversity indices between samples are indicated by bold print.   
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The α-diversity was assessed for each life stage. Boxplots were used to visualise and compare 

differences in the α-diversity between the fourth instar larvae, three-day old adults, fifteen-day 

old non-blood fed adults, and fifteen-day old blood fed adults. Significant differences between 

the indices were assessed using a Kruskal-Wallis rank-sum test. 

The Chao1 index of fourth instar larvae was significantly higher than that of the fifteen-day 

old non-blood (p < 0.01) and blood fed adults (p = 0.02) (Figure 3.2 A). No significant 

differences in the Chao1 indices were observed between the fourth instar larvae and three-day 

old adults (p = 0.06), three-day old adults and fifteen-day old non-blood fed (p = 0.71) and 

blood fed adults (p = 0.84), and fifteen-day old non-blood fed and blood fed adults (p = 0.71) 

(Figure 3.2 A).   

The ACE index of fourth instar larvae was significantly higher than that of the three-day old 

adults (p = 0.02), fifteen-day old non-blood (p < 0.01), and blood fed adults (p < 0.01) 

(Figure 3.2 A). There were no significant differences in the ACE indices between three-day 

old adults and fifteen-day old non-blood fed (p = 0.71) and blood fed adults (p = 0.89), and 

fifteen-day old non-blood fed and blood fed adults (p = 0.63) (Figure 3.2 A). 

The Shannon-Weiner index of fourth instar larvae was significantly higher than that of the 

three-day old adults (p < 0.01), fifteen-day old non-blood (p < 0.01), and blood fed adults (p < 

0.01) (Figure 3.2 A). There were no significant differences in the Shannon-Weiner indices 

between three-day old adults and fifteen-day old non-blood fed (p = 0.71) and blood fed 

adults (p = 0.67), and fifteen-day old non-blood fed and blood fed adults (p = 0.41) (Figure 

3.2 A).   

The Simpson’s dominance index of fourth instar larvae was significantly higher than that of 

the three-day old adults (p < 0.01), fifteen-day old non-blood (p < 0.01), and blood fed adults 

(p < 0.01) (Figure 3.2 A). There were no significant differences in the Simpson’s dominance 

indices between three-day old adults and fifteen-day old non-blood fed (p = 0.59) and blood 

fed adults (p = 0.10), and fifteen-day old non-blood fed and blood fed adults (p = 0.93) 

(Figure 3.2 A).   
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Figure 3.2 Comparison of the α-diversity of gut microbiota between zoophilic members of the Anopheles gambiae complex at different life 

stages.  

(A) Chao1 diversity indices. (B) ACE diversity indices. (C) Shannon-Weiner diversity indices. (D) Simpson’s dominance indices. Comparisons 

of the diversity indices between the life stages were assessed using a Kruskal-Wallis rank-sum test. The dots represent the number of samples 

used for each life stage. Significant differences in the diversity indices between samples are indicated by bold print. 
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3.3.2 β-diversity of the gut microbiota  

The β-diversity (between-sample diversity) [147] of gut bacteria between the different strains, 

SENN, SENN DDT, MAFUS, and SANGWE, was visualised using non-metric dimensional 

scaling (NMDS) ordination for each life stage. The differences in the bacterial communities of 

the gut were assessed using the Bray-Curtis dissimilarity distances. Permutational 

multivariate analysis (PEMANOVA) was used to determine if there were any significant 

differences in the bacterial diversity between the selected members of the An. gambiae 

complex.  

The diversity of gut microbiota of MAFUS and SANGWE, the minor and non-malaria vector 

species respectively, overlapped and clustered closely. Similarly, the insecticide resistant and 

susceptible strains of the major malaria vector An. arabiensis overlapped and clustered 

closely. Bray-Curtis dissimilarity measure showed that the bacterial diversity of the minor and 

non-malaria vectors (MAFUS and SANGWE) was significantly different from the insecticide 

susceptible and resistant major malaria vectors (SENN and SENN DDT) (PERMANOVA; p = 

0.01, F = 6.59, stress value = 0.13) (Figure 3.3 Differences in the diversity of gut microbiota 

between selected members of the Anopheles gambiae complex and their respective life 

stages.). 
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Figure 3.3 Differences in the diversity of gut microbiota between selected members of the 

Anopheles gambiae complex and their respective life stages. 

A visual representation of the β-diversity analysis of the gut bacteria between laboratory 

reared strains of selected members of the An. gambiae complex. The different colours 

represent the different laboratory reared members of the An. gambiae complex, insecticide 

susceptible strain of An. arabiensis (SENN) as blue, insecticide resistant strain of An. 

arabiensis (SENN DDT) as purple, An. merus (MAFUS) as red, and An. quadriannulatus 

(SANGWE) as green. The various shapes indicate the different life stages: crosses represent 

larvae, squares represent three-day-old adults, triangles represent fifteen-day old non-blood 

fed adults, and circles represent fifteen-day old blood fed adults. A PERMANOVA (p = 0.01) 

assessed significant differences between strains.  
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3.3.3 Overlapping bacterial communities 

The shared and unique bacteria between the selected members of the An. gambiae complex 

was represented numerically on UpSet plots. The number of shared and unique bacterial 

families are shown in Figure 3.4 A, genera in Figure 3.4 B, and species in Figure 3.4 C. 

Bacterial communities that were identified until family, genus, and species level are listed 

below. Note that not all bacterial communities were identified to the respective taxonomic 

levels, as this is a limitation of 16S rRNA gene sequencing [200–202]. Therefore, the 

identified bacterial communities may not correspond to the numbers below. 

The gut microbiota of all members of the An. gambiae complex had seventeen bacterial 

families in common: Enterobacteriaceae, Weeksellaceae, Sphingobacteriaceae, 

Sphingomonadaceae, Rhizobiaceae, Microbacteriaceae, Aeromonadaceae, Acetobacteraceae, 

Burkholderiaceae, Chitinophagaceae, Moraxellaceae, Kaistiaceae, Xanthobacteraceae, 

Beijerinckiaceae, and Mycobacteriaceae. The insecticide susceptible and resistant An. 

arabiensis strains shared six bacterial families: Chromobacteriaceae, Nocardiaceae, 

Micrococcaceae, Bdellovibrionaceae, and Caulobacteraceae. The minor and non-vector 

species MAFUS and SANGWE had Staphylococcaceae in common (Figure 3.4 A). 

Examination of the bacterial genera between the four strains of mosquitoes showed that there 

were thirty-three genera in common: Rahnella, Enterobacter, Elizabethkingia, Klebsiella, 

Sphingobacterium, Cedecea, Pantoea, Microbacterium, Aeromonas, Asaia, Comamonas, 

Leucobacter, Serratia, Allorhizobium-Neorhizobium-Pararhizobium-Rhizobium, Kluyvera, 

Acinetobacter, Hafnia-Obesumbacterium, Kaistia Pedobacter, Citrus maxima, 

Gluconobacter, Raoultella, Salmonella, Shimwellia, Delftia, Yersinia, Bosea, Morganella, 

Ancylobacter, Mycobacterium, two uncultured bacterium and ambiguous taxa (Figure 3.4 B).   

The insecticide susceptible and resistant An. arabiensis (SENN and SENN DDT) had fourteen 

shared bacterial genera, including Aquitalea, Rhodococcus, Flectobacillus, Zoogloea, 

Phreatobacter, Rhodoferax, Arthrobacter, Bdellovibrio, Caulobacter, Cloacibacterium, 

Xanthobacter, Mucilaginibacter, and Asinibacterium. Four genera were shared between 

MAFUS and SANGWE: Sphingopyxis, Mesorhizobium, Escherichia-Shigella, and 

Staphylococcus (Figure 3.4 B). 
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Each of the four mosquito strains had unique bacterial genera identified in their gut. SENN 

had Terrimicrobium, SENN DDT had Asticcacaulis, Azospirillum, Bradyrhizobium, and 

Roseomonas. MAFUS had Achromobacter, Taibaiella, Leifsonia, and Acetobacter. SANGWE 

had Calothrix PCC-6303 and Paenibacillus (Figure 3.4 C). 

Thirty-four bacterial species were shared between all four mosquito strains; this included 

Rahnella aquatilis, Klebsiella pneumoniae, Microbacterium laevaniformans, uncultured 

Comamonas sp., Enterobacter sp., Rahnella sp. SYC84, Hafnia alvei, Rahnella sp. SYC7, 

uncultured Klebsiella sp., bacterium 37(2011), uncultured Klebsiella sp., Salmonella enterica, 

uncultured Rahnella sp., Nubsella sp. EsD18, bacterium BM0238, Citrus maxima, 

Gluconobacter cerinus, uncultured Raoultella sp., Rahnella sp. UYFA288, uncultured gamma 

proteobacterium, Yersinia pestis 2944, Enterobacter lignolyticus, uncultured bacterium, 

Rhizobium sp., Mycobacterium aubagnense, Serratia sp. mNW20, and Aeromonas hydrophila 

subsp. hydrophila (Figure 3.4 C)  

There were eleven shared bacterial species between SENN and SENN DDT: Rhodococcus 

fascians, Albidiferax sp. HME6627, Flectobacillus sp. BAB-3569, Rhodococcus sp. H-CA8f, 

Sphingobacterium-like sp. PC1.9, Asaia krungthepensis, and Rhodococcus sp. SA4. 

Seventeen bacterial species were shared between MAFUS and SANGWE: Pseudomonas sp., 

uncultured Rhizobiales bacterium, Serratia marcescens WW4, Pseudomonas sp. SB15-Ch27-

6, Pseudomonas veronii, Enterobacter asburiae, Pseudomonas fluorescens, uncultured 

Pseudomonas sp., Pseudomonas sp. KOPRI80188, Pseudomonas marginalis, Enterobacter 

sp. BR3362, Enterobacter asburiae, Escherichia coli, Pseudomonas sp. HHS29, uncultured 

organism, Enterobacter cloacae subsp. cloacae ATCC 13047,  and bacterium L194WBS.90 

(Figure 3.4 C). 

The strains SENN DDT, MAFUS and SANGWE had unique bacterial species identified in 

their gut. Ten unique gut bacteria species were identified in MAFUS: Achromobacter sp., 

Leifsonia shinshuensis, bacterium N155G.102, Stenotrophomonas rhizophila, Leucobacter 

chironomi, Leclercia adecarboxylata, Enterobacter cloacae, Enterobacter sp. P4562, and 

Klebsiella aerogenes. Three unique bacterial species were found in the gut of SENN DDT: 

Asaia sp., Perchlorate-reducing bacteria enrichment culture clone yan09, and Azospirillum sp. 

B506. Four unique bacterial species found in SANGWE: Calothrix sp. NQAIF310, 

Paenibacillus cavernae, methanotrophic bacterium MG1, and bacterium 10RO2 (Figure 3.4 

C). 
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Figure 3.4 Comparison of overlapping gut bacteria between selected members of the Anopheles gambiae complex for all life stages. 

(A) Comparison of shared bacterial families between SENN, SENN DDT, MAFUS, and SANGWE. (B) Comparison of shared bacterial genera 

between SENN, SENN DDT, MAFUS, and SANGWE. (C) Comparison of shared bacterial species between SENN, SENN DDT, MAFUS, and 

SANGWE. The blue dots with a joined line represent the overlaps of bacteria between the selected members of the An. gambiae complex, with 

single dots indicating the unique bacteria per strain. Each numbered column represents the number of bacterial families (A), genera (B), or 

species (C) that overlap.  
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3.3.4 Differential abundance of bacterial genera  

Differential abundance of the gut microbiota was assessed between members of the An. 

gambiae complex for all life stages. Differentially abundant genera were considered 

significant for each pairwise comparison using the adjusted p-values < 0.01 of the log2 Fold 

Change values.  

Bacterial genera Aeromonas, Aquitalea, Flectobacillus, Arthrobacter, Rhodococcus, 

Elizabethkingia, Allorhizobium-neorhizobium-pararhizobium-rhizobium, and Rahnella were 

significantly abundant in SENN and SENN DDT when compared to SANGWE (Figure 3.5 

A-B). Additionally, Pseudomonas, Klebsiella, Serratia, Kluyvera, Enterobacter, 

Microbacterium, Sphingobacterium, Sphingopyxis, and Mesorhizobium were significantly 

abundant in SANGWE when compared to SENN (Figure 3.5 A). Pseudomonas, Kluyvera, 

Klebsiella, Sphingobacterium, Sphingopyxis, Microbacterium, and Mesorhizobium were 

significantly abundant in SANGWE when compared to SENN DDT (Figure 3.5 B).  

Bacterial genera Serratia, Aquitalea, Polynucleobacter, Leucobacter, Mycobacterium, 

Undibacterium, Aeromonas, Flectobacillus, Arthrobacter, Rhodococcus, and Allorhizobium-

neorhizobium-pararhizobium-rhizobium were significantly abundant in SENN and SENN 

DDT when compared to MAFUS (Figure 3.5 C-D). Pseudomonas, Pantoea, Kluyvera, 

Enterobacter, Sphingobacterium, Achromobacter, Microbacterium, Mesorhizobium, and 

Sphingopyxis were significantly abundant in MAFUS compared to both SENN and SENN 

DDT (Figure 3.5 C-D). Achromobacter, Sphingobacterium, Elizabethkingia, and Pantoea 

were significantly abundant in MAFUS. Rahnella, Klebsiella, Serratia, Undibacterium, 

Polynucleobacter, Leucobacter, and Mycobacterium were significantly abundant in 

SANGWE (Figure 3.5 E). 
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Figure 3.5 Pairwise comparisons of differentially abundant gut microbiota between selected members of the Anopheles gambiae complex for all 

life stages. 

(A) Differential abundance of bacterial genera between SENN vs SANGWE. (B) Differential abundance of bacterial genera between SENN DDT 

vs SANGWE. (C) Differential abundance of bacterial genera between SENN vs MAFUS. (D) Differential abundance of bacterial genera between 

SENN DDT vs MAFUS. (E) Differential abundance of genera in MAFUS vs SANGWE. The mosquito species name on either side of the dotted 

line indicates where the bacterial genera are more abundant. Differentially abundant genera had a significance threshold of p-value < 0.01. 
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Differential abundance of the gut microbiota was assessed between the life stages. 

Differentially abundant genera were considered significant for each pairwise comparison 

using the adjusted p-values < 0.01 of the log2 Fold Change values.  

Larvae had significantly abundant genera such as Sphingopyxis, Sphingobacterium, 

Mesorhizobium, Arthrobacter, Microbacterium, Achromobacter, Mycobacterium, Aquitalea, 

Bosea, Pedobacter, Comamonas, Kaistia, Leucobacter, Ancylobacter, and Allorhizobium-

Neorhizobium-Pararhizobium-Rhizobium compared to three-day old adults. Rahnella, 

Elizabethkingia and Gluconobacter were significantly abundant in the three-day old adults 

than in larvae (Figure 3.6 A).  

Flectobacillus, Variovorax, Sphingopyxis, Sphingobacterium, Mesorhizobium, Arthrobacter, 

Microbacterium, Achromobacter, Mycobacterium, Aquitalea, Bosea, Pedobacter, 

Rhodococcus, Comamonas, Kaistia, Leucobacter, and Aeromonas were significantly abundant 

in larvae compared to fifteen-day old non-blood fed adults. Rahnella, Cedecea, 

Elizabethkingia, Serratia, Asaia and Hafina-Obesumbacterium were significantly abundant in 

fifteen-day old non-blood fed adults compared to larvae (Figure 3.6 B).  

Variovorax, Flectobacillus, Aeromonas, Rhodococcus, Serratia, Allorhizobium-

Neorhizobium-Pararhizobium-Rhizobium, Microbacterium, and Sphingobacterium were 

significantly abundant in three-day old adults compared to fifteen-day old non-blood fed 

adults. Rahnella, Raoultella, Serratia, Asaia, and Hafina-Obesumbacterium were 

significantly abundant in fifteen-day old non-blood fed compared to three-day old adults 

(Figure 3.6 C).  

Aquitalea was significantly abundant in fifteen-day old non-blood fed adults compared to 

fifteen-day old blood fed adults. Flectobacillus, Achromobacter, and Microbacterium were 

significantly abundant in fifteen-day old blood fed adults compared to fifteen-day old non-

blood fed adults (Figure 3.6 D). 
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Figure 3.6 Pairwise comparisons of differentially abundant gut microbiota between the life 

stages of the selected members of the Anopheles gambiae complex. 

(A) Differential abundance of bacterial genera between larvae vs three-day old adults. (B) 

Differential abundance of bacterial genera between larvae vs fifteen-day old non-blood fed 

adults. (C) Differential abundance of bacterial genera between three-day old adults vs fifteen-

day old non-blood fed adults. (D) Differential abundance of bacterial genera between fifteen-

day old non-blood fed adults vs fifteen-day old blood fed adults. The life stage of the 

mosquito is on either side of the dotted line, indicating where the relevant bacterial genera are 

more abundant. Differentially abundant genera had a significance threshold of p-value < 0.01. 
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Differential abundance of the gut microbiota was assessed between the fifteen-day old blood 

fed adults and fifteen-day old non-blood fed adults for each strain. Differentially abundant 

genera were considered significant for each pairwise comparison using the adjusted p-values 

< 0.01 of the log2 Fold Change values. 

In SENN, genera such as Morganella and Enterobacter were significantly abundant in non-

blood fed adults than in blood fed adults (Figure 3.7 A). In SENN DDT non-blood fed adults, 

Klebsiella and Enterobacter were significantly abundant in non-blood fed adults compared to 

blood fed adults. Aeromonas and Serratia were significantly abundant in SENN DDT blood 

fed adults compared to non-blood fed adults (Figure 3.7 B). Pseudomonas was significantly 

abundant in MAFUS non-blood fed adults compared to blood fed adults (Figure 3.7 C). 

Morganella was significantly abundant in SANGWE blood fed adults compared to non-blood 

fed adults (Figure 3.7 D).  
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Figure 3.7 Pairwise comparisons of differentially abundant gut microbiota between fifteen-

day old blood fed and non-blood fed adults for each strain. 

(A) Differential abundance of genera in SENN non-blood fed versus blood fed adults. (B) 

Differential abundance of genera in SENN DDT non-blood fed versus blood fed adults. (C) 

Differential abundance of genera in MAFUS non-blood fed versus blood fed adults. (D) 

Differential abundance of genera in SANGWE non-blood fed versus blood fed adults. The 

blood feeding status of the fifteen-day-old adult mosquito is on either side of the dotted line, 

which shows where the relevant bacterial genera are more abundant.  Differentially abundant 

genera had a significance threshold of p-value < 0.01.  
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3.4 Discussion  

Primary vector control methods are insecticide-based and rely on IRS and LLINs [24]. 

However, the burgeoning problem of insecticide resistance and opportunistic feeding and 

resting behaviour of An. arabiensis populations are hindering the success of these 

conventional insecticide-based control methods [29,186–189]. Therefore, alternative forms of 

vector control are necessary. This study is a baseline study to form a scaffold for microbial-

mediated control of vector populations. The gut microbiota of members of the An. gambiae 

complex was examined to determine whether the abundance and diversity differ among the 

major, minor, and non-vectors with similar feeding and biting behaviour. Additionally, we 

examined the gut microbiota abundance and diversity between the insecticide susceptible 

(SENN) and the insecticide resistant (SENN DDT) strains of An. arabiensis.  

Many studies have focused on the gut microbiota of the nominal member of the complex, An. 

gambiae [41–43,46]. There are not many studies on An. arabiensis to compare the data to and 

there are even fewer for An. quadriannulatus and An. merus [203]. As such, the microbiome 

data available to compare the data generated in this study is limited. A previous study 

examined the microbiota of several tissues in nine mosquito species, including An. gambiae, 

An. arabiensis, An. merus and An. quadriannulatus [203]. The current study is similar to 

another study which examined the dynamic gut microbiota of different life stages of  An. 

arabiensis from the field [108]. However, to our knowledge, this study is the first to do a 

comparative analysis of the gut microbiota of major, minor, and non-malaria vector species 

from the An. gambiae complex for different life stages.  

The larvae had the greatest species richness and diversity among all the life stages. This is 

consistent with previous findings on the dynamic gut microbiota of An. gambiae [108]. This 

phenomenon is likely attributed to the transition of microbiota from the aquatic to aerial life 

stages [87,204]. As the larvae develop into pupae and, subsequently, adults, there is a notable 

shift in the abundance of bacteria from aerobic genera to facultatively anaerobic genera. This 

shift is necessary as the gut environment must become anaerobic to facilitate pupation 

[87,204]. Analysis comparing different life stages revealed more distinctly abundant bacterial 

genera in larvae than in older adults. Bacterial genera such as Asaia, Elizabethkingia, 

Serratia, and Rahnella were more prevalent in the adults, whereas Aquitalea, 

Sphingobacterium, and Sphingopyxis were notably abundant in larvae. This is likely due to 
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the shift from aerobic to facultatively anaerobic genera in the gut, which leads to reduced 

diversity in adults [205].   

There were differences in differentially abundant genera between the non-blood fed and blood 

fed adults of the members of the An. gambiae complex studied. Aquitalea was significantly 

abundant in non-blood fed adults, while Flectobacillus, Microbacterium and Achromobacter 

were significantly abundant in blood fed adults. Interestingly, the genera found in abundance 

in blood fed adults do not possess haemolytic functions. However, haemolytic genera such as 

Morganella [206], Klebsiella [207,208], Enterobacter [208] and Serratia [209] were 

significantly abundant in both blood fed and non-blood fed adults. This study examined the 

longer-term effects of multiple blood meals on the gut microbiota. Therefore, it is 

unsurprising that haemolytic genera would not be abundant as the blood meal had already 

been digested.  

The α-diversity of gut microbiota among members of the An. gambiae complex in this study 

was not significantly influenced by their blood feeding status. This contrasts with previous 

findings where bacterial richness An. gambiae decreased with age and blood feeding status 

[108]. Interestingly, this trend was not observed in other mosquito species, such as Ae. 

aegypti, as blood fed Ae. aegypti had a higher bacterial diversity compared to non-blood fed 

mosquitoes [58]. The absence of differences between blood fed and non-blood fed adults of 

the An. gambiae complex could be explained by the fact that this study examined the longer-

term effects of multiple blood meals on the gut microbiota, where the gut microbiota was 

examined three days after the last blood meal. Other studies have primarily focused on a 

blood meal's immediate or direct impact on the gut microbiota [108]. This difference in 

approach was because multiple blood meals are a frequently used feeding strategy [210]. This 

is known to increase Plasmodium infectivity in Anopheles [211].  

The richness of the gut microbiota of the insecticide susceptible An. arabiensis strain (SENN) 

was higher than the insecticide resistant strain (SENN DDT). The increased number of gut 

bacteria in SENN compared to SENN DDT suggests a potential role for gut bacteria in the 

resistant phenotype or an additional physiological response. The microbiota of fenitrothion 

resistant An. albimanus was lower than that of the susceptible strain [102]. Therefore, the 

significant decrease in the bacterial richness of SENN DDT could be a result of exposure to 

DDT, which acts as a stressor on the gut microbiota [199]. Furthermore, the SENN DDT 
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strain is continuously selected for DDT resistance, however, it is important to note that the 

specimens were not exposed to DDT prior to these experiments. 

When compared, there were no significant increases in the abundance of specific bacterial 

genera between SENN and SENN DDT. Although insecticide-degrading bacteria are found in 

both laboratory-reared insecticide susceptible and resistant strains (SENN and SENN DDT, 

respectively), their resistance profiles differ. SENN DDT is highly resistant to DDT and 

permethrin, whereas SENN remains susceptible [104,106,212,213]. It is worth noting that 

dietary supplementation with a single strain of bacteria can significantly alter the expression 

of resistance in these strains [199]. As such, although it is not a primary driver of the 

resistance phenotype in SENN DDT, gut bacteria may have the potential to modulate the 

expression of the phenotype. The presence of pesticide-degrading bacteria found in wild 

fenitrothion An. albimanus, such as Enterobacter sp., Klebsiella sp., Serratia sp., Kluyvera 

sp., and Salmonella enterica, were present in SENN and SENN DDT [102]. Although other 

studies have implicated the gut microbiota in Anopheles as a potential contributor to the 

insecticide resistant phenotype [102,103,198], this was not observed for the Anopheles species 

used in this study. However, this is only by association with previous studies. 

An obvious question that arises when assessing these results is that the differences in the 

results observed may not be due to inherent species differences but rather due to differences 

related to geographic origins. While this may be possible, it could be expected that such large 

differences would be reflected in changes in α-diversity. However, the α-diversity is 

conserved between these Anopheles species originating from different geographical areas 

(Sudan, South Africa, Zimbabwe). Although large differences in the α-diversity were not 

observed, this may be a function of reduced bacterial diversity typically seen after years of 

colonisation [87]. Despite the lack of differences in α-diversity, there are apparent differences 

in β-diversity. The conservation of α-diversity highlights that the changes in β-diversity are, 

therefore, likely to be an accurate representation of interspecies diversity. Furthermore, the 

effect of geographical differences in origin would be reduced with time in colony as these 

differences would arise due to host location affecting factors such as diet and larval 

environment [53]. Even with the reduced diversity associated with colonisation, the results 

found in this study are likely to reflect true species differences rather than artefacts of the 

species’ origins. 
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A study conducted on wild populations of An. gambiae and An. coluzzii observed no 

differences in the β-diversity between these major malaria vectors with similar behaviours 

[42]. This is unsurprising as these closely related species have recently diverged into new 

species names [167]. By contrast, An. arabiensis, An. merus, and An. quadriannulatus differ 

in their vector competence despite similar behaviour [18]. From this study, marked differences 

are observed in the β-diversity between the major malaria vector An. arabiensis strains, the 

minor vector An. merus, and non-vector species An. quadriannulatus. This may be due to the 

evolutionary distance between the species [23,27,162]. However, the lack of variation in the 

β-diversity between An. quadriannulatus and An. merus should be considered as motivation 

for the validity of these findings [162]. Therefore, the differences in vector competence may 

have further molecular underpinnings, such as variable immune responses [32]. The 

differences in gut microbiota between the major, minor, and non-vectors may, therefore, 

contribute to vector competence, although this needs to be confirmed by Plasmodium-

infection studies. 

Bacterial genera such as Asaia, Pantoea, Pseudomonas, Enterobacter, and Serratia have anti-

Plasmodium activities [203]. Specifically, the bacterial species P. putida, Pantoea sp. and S. 

marcescens can be introduced via sugar meals and block Plasmodium development in vivo 

[203]. Bacteria such as Comamonas sp., Acinetobacter sp., P. putida and P. rhodesiae, 

Pantoea sp., S. marcescens and E. anophelis can block Plasmodium activity in vitro [72]. The 

Enterobacter isolate Esp_Z inhibits Plasmodium development from gametocyte to ookinete 

through in vivo and in vitro production of ROS [80]. This is of consequence as these bacterial 

genera were observed as native symbionts in members of the An. gambiae complex examined 

in this study. 

Pseudomonas was significantly abundant in the non-vector An. quadriannulatus compared to 

both An. arabiensis strains. Additionally, Serratia and Enterobacter were significantly 

abundant in An. quadriannulatus compared to the insecticide susceptible An. arabiensis 

strain. Pseudomonas, Pantoea, and Enterobacter had a greater abundance in An. merus 

compared to the An. arabiensis strains. The separation in the β-diversity of the gut microbiota 

between the major vector, An. arabiensis, and the minor and non-vectors An. merus and An. 

quadriannulatus is possibly driven by the increased abundance of Plasmodium-protective 

genera in the minor and non-vector species. This further suggests that the gut microbiota may 

contribute to the differences seen in the vector competence between these species.  
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Serratia had a higher differential abundance in An. quadriannulatus and An. arabiensis strains 

compared to An. merus. However, the association of Serratia with anti-Plasmodium defence 

is strain-dependent. For example, S. marcescens Y1 can inhibit Plasmodium development by 

modulating immune-related genes [93]. In addition to anti-Plasmodium defence, S. 

marcescens can degrade several insecticides [102]. Therefore, the higher abundance of S. 

marcescens observed in the An. arabiensis strains compared to the other species used in this 

study may be related more to insecticide resistance rather than anti-Plasmodium defence.  

The gut microbiota of An. merus and An. quadriannulatus is poorly examined. This study has 

contributed to the existing body of information on these species and provides a good baseline 

for microbiota studies. However, there are limitations to this study, this experiment needs to 

be replicated in field specimens. As reviewed by Romoli and Gendrin [77], field specimens 

provide a more relevant gut microbiota that can be used as paratransgenesis candidates to 

target mosquitoes in the wild effectively [77]. However, field specimens in South Africa are 

difficult to obtain as South Africa is among the frontrunners to eliminate malaria [214,215]. 

Although our studies provide potential bacterial genera implicated in protection against 

Plasmodium, this must be confirmed. Both from the aspect of directly implicating the relevant 

species in transmission-blocking and establishing its field relevance. Additionally, the 

experiments should examine the changes in gut microbiota before and after Plasmodium 

infection.  

3.5 Conclusion 

In conclusion, this study characterised the dynamic gut microbiota of the members of the An. 

gambiae complex found in South Africa. Although α-diversity did not differ greatly, there was 

a significant difference in β-diversity between the major vector An. arabiensis and the minor 

vector An. merus and non-vector An. quadriannulatus laboratory reared strains. This diversity, 

in conjunction with the decreased relative abundance of genera associated with anti-

Plasmodium effects in An. arabiensis suggests that this difference may be implicated in vector 

competence. Therefore, this study suggests a role for differential microbial diversity in the life 

history of zoophilic members of the An. gambiae complex. 



44 

 

CHAPTER 4 

Characterisation of the gut microbiota of Anopheles arabiensis and the effect of heavy 

metal pollutants 

4.1 Introduction 

As discussed previously, the gut microbiota of mosquitoes plays a critical role in the life 

history of mosquitoes, as reviewed by Romoli and Gendrin [77]. Like other factors, the gut 

microbiota differs between laboratory reared strains and their wild counterparts [43,216,217]. 

For example, field-caught Anopheles gambiae were found to have a greater diversity in their 

gut microbiota than laboratory reared An. gambiae [43,216]. In Aedes aegypti, samples 

collected from different locations had similar gut microbiota when reared in the same 

insectary [217]. Such contrast studies between the gut microbiota of laboratory reared strains 

and their wild counterparts are valuable as assessing each population has limitations when 

considered in isolation.  

In low vector density countries like South Africa, laboratory reared mosquitoes are more 

easily sampled than their wild counterparts, as they are readily available. These mosquitoes 

have a lower bacterial diversity than their wild counterparts [218]. This has been suggested to 

be due to the larval environment. The adaptations to insectary environments drive specific 

selection for bacteria, which results in reduced microbiota [87,218]. As such, analysis of their 

gut microbiota may not represent the full spectrum of potential bacteria that may be 

encountered in wild populations. Additionally, the gut microbiota composition of laboratory 

reared mosquitoes varies between insectaries due to local variations and differences in 

husbandry, as reviewed by Romoli and Gendrin [77]. For example, different larval diets may 

influence the gut microbiota [219]. Despite these variations, the characterisation of bacterial 

diversity and its effect on mosquito physiology in laboratory reared strains is a useful starting 

point. This is particularly true for understanding these dynamics in the context of the wild. 

Wild mosquitoes, which are of more interest operationally, may be challenging to attain. This 

may be due to seasonal population fluctuations and operational circumstances [220]. 

However, they remain optimal study specimens due to their natural gut microbiota. Adults 

caught in the field have unknown life history traits. For example, the blood-feeding status and 

age of the adult mosquito would be unknown [221]. Larval collection and first filial (F1) 
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progeny of adults collected from the field would not be as useful for understanding field larval 

dynamics as they would be reared in laboratory water with an artificial diet. However, these 

adults are more practical targets for analysis. Both the age and blood-feeding status of these 

mosquitoes are known and can be controlled.  

The larval environment of mosquitoes has been suggested to play a role in the acquisition of 

gut microbiota in the adult life stages [41]. As reviewed by Strand [40], larvae could acquire 

their gut microbiota through drinking and feeding on what is available in the surrounding 

water [40]. A portion of the gut microbiota from larvae may be transstadially transmitted to 

the adult during metamorphosis [41,50,51]. Additionally, adults drinking water from the larval 

water during emergence can alter their gut microbiota [41,50,51]. The larval environments of 

wild mosquitoes are suggested to impact the composition of their gut microbiota although 

data to support this has been contradictory [42,43,108]. Investigations have indicated that the 

larval environment has no significant association with the gut microbiota as laboratory reared 

An. gambiae adults have a gut microbiota composition similar to that of field-collected An. 

gambiae from Kenya [108]. However, other studies have determined that the larval 

environment influences the composition and diversity of the gut microbiota in field-collected 

An. gambiae and An. coluzzii [42,43]. Therefore, variations in the gut microbiota between 

laboratory reared and wild populations could potentially be attributed to the differences in the 

larval environment. As such, factors that influence the larval environment are of interest.  

Pollution is prevalent in mosquito breeding sites and, to our knowledge, has not yet been 

considered in microbiota studies. Heavy metal pollutants are primarily introduced into the 

environment in both rural and urban areas by human activities [222]. In rural areas, heavy 

metals can contaminate water sources through inorganic fertilisers, which increase the amount 

of heavy metal trace elements [223,224]. In South Africa, mining also contributes to heavy 

metal pollution, the run-off tends to pollute water sources [225,226]. This has implications for 

the life history of mosquitoes that have adapted to breeding in these polluted waters. 

Members of the An. gambiae complex typically breed in clean, sunlit temporary bodies of 

water [18]. However, there have been reports of members of the An. gambiae complex 

expanding their breeding sites to polluted water throughout Africa [114,227]. This adaptation 

has caused significant physiological shifts in these species [111–114,228]. More specifically, 

An. arabiensis has demonstrated adaptability to metal pollutants [111,227]. Therefore, the 

presence of metal pollutants in mosquito breeding sites could impact the acquisition and 
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diversity of the gut microbiota in An. arabiensis, given the interplay between the larval 

environment and gut microbiota. 

The Mamfene district in Northern Kwa-Zulu Natal currently experiences ongoing residual 

malaria transmission [31]. This is a rural area that is engaged in agricultural activities [229], 

including the use of fertilisers, which may contribute to the contamination of water with 

heavy metals. Anopheles arabiensis, the primary malaria vector in this region, has shown low-

level insecticide resistance [31]. This population of An. arabiensis is associated with such 

agricultural areas, with their larvae developing in bodies of water that occur from agricultural 

run-off [113,230]. Therefore, this population is more likely to be exposed to metal pollutants 

associated with agriculture. As such, it would be valuable to investigate the impact of metal 

pollutants in the larval environment of An. arabiensis. In this study, cadmium and copper 

were selected as representative heavy metal pollutants as they are commonly present in 

organic and inorganic fertilisers [231]. 

Metal pollutant exposure in laboratory reared and wild populations of An. arabiensis larvae 

have resulted in increased tolerance of insecticide resistance in adults [111,212]. In addition, 

the insecticide resistant phenotype in adults has been associated with increased larval 

pollutant tolerance [212]. Detoxification enzymes such as β-esterases and the cytochrome 

P450 proteins may be associated with increased insecticide tolerance [212]. Furthermore, a 

single generation of laboratory reared An. arabiensis larvae exposed to metal pollutants 

resulted in transgenerational effects in adults [232]. These adults had reduced longevity and 

increased insecticide tolerance, which persisted even after the second generation emerged 

from unpolluted water [232]. Considering the interplay between the insecticide resistant 

phenotype and microbiota and the interaction with metal pollutants, larval exposure to heavy 

metals would likely differ between insecticide susceptible and resistant An. arabiensis adults. 

Such differences could have significant implications for understanding the response of 

insecticide susceptible and resistant populations to environmental stressors.  

This study compared the gut microbiota of laboratory reared insecticide susceptible and 

resistant strains of An. arabiensis adults (SENN and SENN DDT), An. arabiensis offspring of 

females collected from the field (hereafter referred to as the F1 population), and An. 

arabiensis adults collected as larvae from the field (hereafter referred to as the wild 

population) of An. arabiensis adults from Mamfene. In addition, the effect of larval heavy 
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metal exposure on the adult gut microbiota of laboratory reared (SENN and SENN DDT) and 

the F1 population of An. arabiensis adults were determined. 

4.2 Materials and Methods 

The characterisation of the gut microbiota between three-day old An. arabiensis was 

conducted as described in CHAPTER 2 General Materials and Methods. 

4.2.1 Sample collection and preparation of the laboratory reared strains, F1 population, 

and wild population of An. arabiensis adults for gut microbiota analysis 

Collection and preparations of the laboratory reared strains (SENN and SENN DDT), F1 

population, and a wild population of three-day old An. arabiensis adults were conducted as 

follows: 

Laboratory reared insecticide susceptible An. arabiensis (SENN) and insecticide resistant An. 

arabiensis (SENN DDT) strains, as described in 2.1.1 Laboratory reared Anopheles 

species/strains and their phenotypes, were collected as three-day old adults. Wild An. 

arabiensis larvae and adults were collected from Section 9 (S 27°27′34.3″; E 032° 10′43.7″) 

in the Mamfene district in Kwa-Zulu Natal, South Africa. The direct larval collections from 

this region were used as the wild population specimens. The offspring of identified isofemale 

An. arabiensis were used as the F1 population specimens. All adults were allowed ad libitum 

access to a 10% (w/v) sucrose solution. All An. arabiensis specimens were maintained as 

described in 2.1.2 Insectary conditions for laboratory reared Anopheles mosquitoes. 

Species identification of wild population adults was conducted using conventional 

Polymerase Chain Reaction (PCR) to amplify species-specific regions within the intergenic 

spacer (IGS) of the small subunit of the ribosomal RNA (rRNA) gene as described by Scott et 

al. [233]. 

Identification and analysis of the gut microbiota for the laboratory reared strains, F1 

population, and wild population of An. arabiensis were conducted as follows: The gut 

microbiota for all specimens under investigation were characterised once the adults were three 

days old. Three replicates consisting of five midguts were prepared for SENN and SENN 

DDT. Twelve replicates of the wild population adults were prepared, and seventeen replicates 

were made for the F1 population. Each replicate contained one midgut due to the limited 

availability of samples. Total genomic DNA from the mosquito's midgut was extracted using 
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the DNeasy PowerSoil® Kit (QIAGEN: 12888-50) as described in 2.1.4 Midgut dissection 

and DNA extraction. The gut microbiota from the specimens were then identified as 

described in 2.2 Next-Generation Sequencing of the gut microbiota.  

4.2.2 Sample collection and preparation of the laboratory reared strains and F1 

population of An. arabiensis adults for gut microbiota analysis post-larval exposure to 

heavy metals  

Collection and preparation of laboratory reared strains (SENN and SENN DDT) and F1 

population of An. arabiensis adults to examine the effect of larval metal exposure on the gut 

microbiota of three-day old adults was conducted as follows:  

Laboratory reared An. arabiensis insecticide susceptible strain (SENN) and insecticide 

resistant strains (SENN DDT) as described in 2.1.1 Laboratory reared Anopheles 

species/strains and their phenotypes were collected as first instar larvae. Anopheles 

arabiensis females were collected from Section 9 (S 27°27′34.3″; E 032° 10′43.7″) in the 

Mamfene district in Kwa-Zulu Natal, South Africa. From the identified isofemale An. 

arabiensis first instar larvae were collected (F1 population). All An. arabiensis larvae were 

maintained as described in 2.1.2 Insectary conditions for laboratory reared Anopheles 

mosquitoes.  

The metal-polluted treated specimens under investigation were collected as first instar larvae. 

The larvae of each population were reared in one litre of reverse osmosis water supplemented 

with the maximum acceptable toxic concentration (MATC) [234] of either cadmium chloride 

(0.36 μg/L) or copper nitrate (1.86 μg/L) [234]. First instar larvae reared in untreated reverse 

osmosis water served as a control. All adults that emerged from these treatments were allowed 

ad libitum access to a 10% (w/v) sucrose solution.  

The effect of larval exposure to heavy metals on the gut microbiota for laboratory reared and 

F1 population of An. arabiensis adults were conducted as follows: The gut microbiota for all 

specimens under investigation was characterised once the adults were three days old. Three 

replicates of SENN and three replicates of SENN DDT samples were prepared for each 

treatment. For the F1 population, five replicates of untreated samples, five replicates of 

cadmium-treated samples and ten replicates of copper-treated samples were prepared. Each 

replicate contained three midguts. Total genomic DNA from the mosquito's midgut was 
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extracted using the Qiagen DNeasy Blood & Tissue kit (Cat no. 69506) as described in 2.1.4 

Midgut dissection and DNA extraction. The gut microbiota from the specimens were then 

identified as described in 2.2 Next-Generation Sequencing of the gut microbiota.  

4.3 Results 

Comparison of the gut microbiota between the laboratory reared (SENN and SENN 

DDT), the F1 population and the wild population of An. arabiensis adults 

4.3.1 α-diversity of the gut microbiota  

The α-diversity (within-sample diversity) [147] was assessed for each laboratory reared, F1 

and wild populations of three-day old An. arabiensis adults. Boxplots were used to visualise 

and compare differences in the α-diversity of the laboratory reared insecticide susceptible 

strain (SENN), the laboratory reared insecticide resistant strain (SENN DDT), the F1 

population, and the wild population of An. arabiensis three-day old adults. Significant 

differences between the indices were assessed using a Kruskal-Wallis rank-sum test [157]. 

The Chao1 and Abundance-based Coverage Estimator (ACE) diversity indices were used as 

estimators of species richness by considering the number of bacterial species in the gut [148–

152]. Shannon-Weiner and Simpson’s dominance indices were used as estimators of species 

richness and evenness by considering the number of different bacterial species and the relative 

abundance of each species [153–156]. 

There were no significant differences in the Chao1 (p = 0.82), ACE (p = 1.00), Shannon-

Weiner (p = 0.07) and Simpson’s dominance (p = 0.07) diversity indices between the 

insecticide susceptible and insecticide resistant laboratory reared An. arabiensis adults 

(Figure 4.1). No significant differences were observed in the Chao1 diversity indices (p = 

0.11) and ACE diversity indices (p = 0.15) between the F1 population and the wild population 

of An. arabiensis (Figure 4.1 A and B). In contrast, the Shannon-Weiner diversity indices (p = 

0.01) and the Simpson’s dominance diversity indices (p = 0.03) were significantly higher for 

the F1 population than the wild population (Figure 4.1 C and D). 

Significant differences in the α-diversity indices Chao1 and ACE, indicating species richness, 

were observed between the laboratory reared, the F1 population and the wild population of An. 

arabiensis adults. The Chao1 index was significantly higher for the F1 population of An. 

arabiensis compared to laboratory reared An. arabiensis strains SENN (p < 0.01) and SENN 
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DDT (p < 0.01) (Figure 4.1 A). Similarly, the Chao1 index was significantly higher for the 

wild population of An. arabiensis compared to laboratory reared An. arabiensis strains SENN 

(p = 0.01) and SENN DDT (p = 0.02) (Figure 4.1 A). The ACE index was significantly 

higher for the F1 population of An. arabiensis compared to the laboratory reared SENN DDT 

strain (p = 0.03) (Figure 4.1 B). Conversely, no significant differences were observed in the 

ACE diversity indices between the F1 population and the laboratory reared strain SENN (p = 

0.13) nor between the wild population and the laboratory reared strains SENN (p = 0.29) and 

SENN DDT (p = 0.07) (Figure 4.1 B). 

Significant differences in the α-diversity indices indicating species richness and evenness 

were observed between the laboratory reared insecticide susceptible strain (SENN) and the F1 

population and wild population of An. arabiensis adults. The Shannon-Weiner diversity index 

for the wild population was significantly higher compared to SENN (p < 0.01). By contrast, 

no significant differences in the Shannon-Weiner diversity indices between the wild 

population and SENN DDT (p = 0.09) were observed (Figure 4.1 C). The Shannon-Weiner 

diversity indices were significantly higher in the F1 population compared to SENN (p < 0.01) 

and SENN DDT (p < 0.01) (Figure 4.1 C). The Simpson’s dominance diversity indices were 

not significantly different between the wild population and SENN DDT (p = 0.20) nor 

between the F1 population and SENN DDT (p = 0.09) (Figure 4.1 D). In contrast, the 

Simpson’s dominance diversity indices were significantly higher for the wild population 

compared to SENN (p < 0.01) and the F1  population and SENN (p < 0.01) (Figure 4.1 D). 
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Figure 4.1 Comparison of the α-diversity of gut microbiota between Anopheles arabiensis 

adults.  

(A) Chao1 diversity indices of the gut microbiota of laboratory reared, F1, and wild 

populations. (B) ACE diversity indices of the gut microbiota of laboratory reared, F1, and wild 

populations. (C) Shannon-Weiner diversity indices of the gut microbiota of laboratory reared, 

F1, and wild populations. (D) Simpson’s dominance diversity indices of the gut microbiota of 

laboratory reared, F1, and wild populations. Comparisons of the diversity indices between the 

laboratory reared (SENN and SENN DDT) laboratory reared, the F1 population, and the wild 

population of three-day old An. arabiensis adults were assessed using a Kruskal-Wallis rank-

sum test. The dots represent the number of biological replicates used for each group. 

Significant differences in the diversity indices between samples are indicated by bold print.  
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4.3.2 β-diversity of the gut microbiota  

The β-diversity analysis was used to determine interspecies differences [147] in the gut 

bacteria diversity between the laboratory reared strains (SENN and SENN DDT), the F1 

population, and the wild population of three-day old An. arabiensis adults. This was 

visualised using two-dimensional Non-Metric Dimensional Scaling (NMDS) ordination. The 

differences in the bacterial communities of the gut were assessed using the Bray-Curtis 

dissimilarity distances. Permutational multivariate analysis (PERMANOVA) was used to 

determine if there were any significant interspecies differences in the gut microbiota diversity.  

There were similar clustering patterns in the diversity (number and abundance of bacterial 

communities) between the wild population and F1 population adults. Notably, the bacterial 

diversity of laboratory reared adults was dissimilar from the F1 population and wild 

population adults as they clustered separately. The gut microbiota of the wild population and 

the F1 population of An. arabiensis adults had a greater diversity than their laboratory reared 

counterparts. The diversity of the gut microbiota between the insecticide susceptible and 

insecticide resistant laboratory reared adults (SENN and SENN DDT) was significantly 

different to that of the F1 population and wild population (PERMANOVA; p = 0.01, F = 4.28, 

stress value = 0.15) (Figure 4.2). 
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Figure 4.2 Differences in the gut microbiota diversity between Anopheles arabiensis adults. 

A visual representation of the β-diversity analysis of the gut bacteria between the laboratory 

reared strains (SENN and SENN DDT), the F1 population, and the wild population of three-

day old An. arabiensis adults. Different colours represent the different An. arabiensis adults, 

the insecticide susceptible laboratory reared An. arabiensis (SENN) as red, the insecticide 

resistant laboratory reared An. arabiensis (SENN DDT) as green, the F1 population of An. 

arabiensis as blue and the wild population of An. arabiensis as purple. Significant differences 

in the bacterial diversity between the laboratory reared, the F1 population, and the wild 

population of An. arabiensis were assessed using a PERMANOVA (p = 0.01). 
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4.3.3 Overlapping bacterial communities  

Shared and unique bacteria were represented numerically on UpSet plots for the laboratory 

reared strains (SENN and SENN DDT), the F1 population, and the wild population of three-

day old An. arabiensis adults. The number of shared and unique bacterial families is shown in 

Figure 4.3 A, genera in Figure 4.3 B, and species in Figure 4.3 C. Bacterial communities 

that were identified until family, genus, and species level are listed below. Note that not all 

bacterial communities were identified to the respective taxonomic levels, as this is a limitation 

of 16S rRNA gene sequencing [200–202]. Therefore, the identified bacterial communities 

may not correspond to the numbers below. 

Two bacterial families, including Yersiniaceae and Enterobacteriaceae, were shared between 

the laboratory reared and the wild population of An. arabiensis. Three bacterial families, 

including Weeksellaceae, Rhizobiaceae, and Nocardiaceae, were shared between the 

laboratory reared An. arabiensis strains. Two bacterial families, including Acetobacteraceae 

and Pseudomonadaceae, were shared between the F1 population and the wild population of 

An. arabiensis. Enterobacteriaceae overlapped between SENN DDT and F1 and wild 

populations. Two bacterial families, Hafniaceae and Aeromonadaceae, were unique to SENN. 

Sphingobacteriaceae was unique to SENN DDT, and Burkholderiaceae was unique to the 

wild population (Figure 4.3 A). 

Three bacterial genera and species, including Rahnella and Yersinia, were shared between all 

specimens. Three bacterial genera and five bacterial species, including Yersinia aldovae, 

Elizabethkingia anophelis, Elizabethkingia bruuniana, and Rhodococcus qingshengii and 

representatives of the group Allorhizobium-Neorhizobium-Pararhizobium-Rhizobium were 

found in the laboratory reared strains of An. arabiensis. In the F1 and wild population, three 

bacterial genera and seven bacterial genera, including Asaia krungthepensis, Clavibacter 

michiganensis, Cedecea neteri, Pseudomonas proteolytica, Aeromonas veronii, Klebsiella and 

Pseudomonas were shared. Three bacterial genera and species, including Klebsiella oxytoca 

and Enterobacter, were shared between SENN DDT, the F1 population, and the wild 

population. Two bacterial genera and species, including Hafnia paralvei and Aeromonas, were 

unique to SENN. One bacterial genus and six bacterial species, including Sphingobacterium 

multivorum, Cupriavidus metallidurans, Enterobacter hormaechei, Rhodococcus erythropolis, 

Yersinia pekkanenii, and Elizabethkingia, were unique to SENN DDT. One bacterial genus 

and three bacterial species, including Robbsia andropogonis, Enterobacter bugandensis, and 
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Pseudomonas gessardii, were unique to the wild population. One unique genus and four 

bacterial genera, including Pseudomonas palleroniana, Enterobacter roggenkampii, Asaia, 

and Kluyvera, were unique to the F1 population (Figure 4.3 B and C). 

 

 

 

 

 

 

 

 

 

 

Figure 4.3 Comparison of overlapping gut bacteria between Anopheles arabiensis adults. 

Comparison of common (A) bacterial families, (B) bacterial genera, and (C) bacterial species 

between the laboratory reared strains (SENN and SENN DDT), the F1 population, and the 

wild population of three-day old An. arabiensis adults. The blue dots with a joined line 

represent the shared bacteria between laboratory reared strains (SENN and SENN DDT), the 

F1 population, and the wild population of An. arabiensis three-day old adults, with single dots 

indicating the unique bacteria per strain. Each numbered column represents the number of 

bacterial families (A), genera (B), or species (C) that overlap. 
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4.3.4 Differential abundance of bacterial genera  

Differential abundance of the gut microbiota with pairwise comparisons was assessed 

between the laboratory reared strains (SENN and SENN DDT), the F1 population, and the 

wild population of three-day old An. arabiensis adults. Differentially abundant genera were 

considered significantly different when the assigned log2 Fold Change values were compared 

and had a p-value < 0.01. 

The most represented bacterial genera present belonged to the phyla Proteobacteria, 

Bacteroidota, and Acinetobacteriota. Six bacterial genera, including Aeromonas, 

Rhodococcus, Yersinia, Allorhizobium-Neorhizobium-Pararhizobium-Rhizobium, Rahnella, 

and Elizabethkingia, were significantly abundant in SENN compared to the wild population 

(Figure 4.4 A) and F1 population (Figure 4.4 B). Four bacterial genera, including Cedecea, 

Klebsiella, Rahnella and Pseudomonas, were significantly abundant in the wild population 

(Figure 4.4 A) and F1 population (Figure 4.4 B) compared to SENN.  

Five bacterial genera, including Yersinia, Aeromonas, Allorhizobium-Neorhizobium-

Pararhizobium-Rhizobium, and Elizabethkingia, were significantly abundant in SENN DDT 

compared to the wild population (Figure 4.4 C) and F1 population (Figure 4.4 D). Four 

bacterial genera, including Rahnella, Pseudomonas, Klebsiella, and Cedecea, were 

significantly abundant in the wild population (Figure 4.4 C) and F1 population (Figure 4.4 D) 

compared to SENN DDT. Additionally, three bacterial genera, including Rhodococcus, 

Rahnella, and Klebsiella, were significantly abundant in SENN DDT compared to the wild 

population (Figure 4.4 C). Two bacterial genera, including Enterobacter and Klebsiella, were 

also significantly abundant in the F1 population compared to SENN DDT (Figure 4.4 D). 

Three bacterial genera, including Cedecea, Klebsiella, and Rahnella, were significantly 

abundant in the F1 population compared to the wild population (Figure 4.4 E). Pseudomonas 

was significantly abundant in both the wild population and F1 population (Figure 4.4 E). 
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Figure 4.4 Pairwise comparisons of differentially abundant bacterial genera between 

Anopheles arabiensis adults. 

Differential abundance of the gut bacteria of three-day old An. arabiensis adults between (A) 

SENN vs the wild population. (B) SENN vs the F1 population. (C) SENN DDT vs the wild 

population. (D) SENN DDT vs F1 population. (E) The F1 population vs the wild population. 

Differentially abundant genera had a significance threshold of p-value < 0.01. The strain name 

on either side of the dotted line shows where the relevant bacterial genera are abundant. 
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The effects of larval metal exposure on the gut microbiota between laboratory reared 

(SENN and SENN DDT) and the F1 population An. arabiensis adults 

4.3.5 α-diversity of the gut microbiota  

Comparative analysis of α-diversity was used to assess the effect of larval exposure to heavy 

metals on gut microbiota diversity within each of the laboratory reared and the F1 population 

of three-day old An. arabiensis adults. Boxplots were used to visualise and compare 

differences in the α-diversity between the laboratory reared insecticide susceptible strain 

(SENN), the laboratory reared insecticide resistant strain (SENN DDT), and the F1 population 

of An. arabiensis three-day old adults exposed to copper or cadmium as larvae and their 

untreated counterparts. A Kruskal-Wallis rank-sum test was used to determine if these 

differences were significant. The Chao1 diversity index was used as an estimator of species 

richness by considering the number of bacterial species in the gut [148].  

No significant differences were observed between the Chao1 indices between untreated adults 

and those exposed to cadmium or copper (Figure 4.5 A-C). The Chao1 diversity indices 

between untreated SENN adults and those exposed to cadmium (p = 0.40) and copper (p = 

0.51) as larvae were not significantly different (Figure 4.5 A). There was no significant 

difference in the Chao1 indices between untreated SENN DDT adults and those exposed to 

cadmium (p = 0.40) or copper (p = 0.20) as larvae (Figure 4.5 B). The Chao1 indices were 

not significantly different between untreated F1 population adults and those exposed to 

cadmium (p = 0.40) or copper (p = 0.51) as larvae (Figure 4.5 C). 
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Figure 4.5 Comparison of the α- diversity (species richness) of the gut microbiota between untreated Anopheles arabiensis adults and those 

exposed to heavy metals as larvae. 

Chao1 diversity indices of the gut microbiota for untreated three-day old An. arabiensis adults and those exposed to cadmium or copper as 

larvae. (A) For laboratory reared insecticide susceptible An. arabiensis (SENN). (B) For laboratory reared insecticide resistant An. arabiensis 

(SENN DDT). (C) For the F1 population of wild An. arabiensis. Comparisons of the diversity indices between untreated An. arabiensis adults 

and those exposed to cadmium or copper as larvae were assessed using a Kruskal-Wallis rank-sum test. The dots represent the number of 

biological replicates used for each group. Significant differences in the diversity indices between samples are indicated by bold print. 
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The Shannon-Weiner diversity index was used as an estimator of species richness and 

evenness which considers both the number of different bacterial species and the relative 

abundance of each species [153,155,156]. 

No significant differences were observed in the Shannon-Weiner indices between untreated 

adults and those exposed to cadmium or copper as larvae (Figure 4.6). There were no 

significant differences in the Shannon-Weiner indices between untreated SENN adults and 

those exposed to cadmium (p = 0.70) or copper (p = 0.07) as larvae (Figure 4.6 A). Similarly, 

there were no significant differences in the Shannon-Weiner indices between untreated SENN 

DDT adults and those exposed to cadmium (p = 1.00) or copper (p = 0.20) as larvae (Figure 

4.6 B). The Shannon-Weiner indices were not significantly different between untreated F1 

population adults and those exposed to cadmium (p = 0.31) or copper (p = 1.00) as larvae 

(Figure 4.6 C). 
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Figure 4.6 Comparison of the α- diversity (species richness and evenness) of the gut microbiota between untreated Anopheles arabiensis adults 

and those exposed to heavy metals as larvae.  

Shannon-Weiner diversity indices of the gut microbiota for untreated three-day old An. arabiensis adults and those exposed to cadmium or 

copper as larvae. (A) For laboratory reared insecticide susceptible An. arabiensis (SENN). (B) For laboratory reared insecticide resistant An. 

arabiensis (SENN DDT). (C) For the F1 population of An. arabiensis. Comparisons of the diversity indices between untreated three-day old An. 

arabiensis adults and those exposed to cadmium or copper as larvae were assessed using a Kruskal-Wallis rank-sum test. The dots represent the 

number of biological replicates used for each group. Significant differences in the diversity indices between samples are indicated by bold print.   
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4.3.6 β-diversity of the gut microbiota  

β-diversity analysis was used to determine interspecies differences [147] in the gut microbiota 

diversity between the laboratory reared (SENN and SENN DDT) and the F1 population of 

untreated three-day old An. arabiensis adults and those exposed to heavy metals, cadmium, or 

copper as larvae. This was visualised using two-dimensional Non-Metric Dimensional Scaling 

(NMDS) ordination. The differences in the diversity of gut bacteria were assessed using the 

Bray-Curtis dissimilarity distances. Permutational multivariate analysis (PERMANOVA) was 

used to determine if there were any significant interspecies differences in the gut microbiota 

diversity.  

The bacterial communities between the insecticide susceptible and resistant laboratory reared 

adults (SENN and SENN DDT) across all treatments did not overlap but clustered together. 

By contrast, the bacterial communities identified in the F1 population had a greater diversity 

and overlapped across all treatments. Notably, there were significant differences in the gut 

microbiota diversity between the different An. arabiensis groups and their treatments 

(PERMANOVA; p = 0.01, F = 6.77, stress value = 0.09) (Figure 4.7).  

 

 

 

 

 

 

 

 

 



63 

 

 

Figure 4.7 Differences in the gut microbiota diversity between untreated Anopheles 

arabiensis adults and those exposed to heavy metal treatments as larvae. 

A visual representation of the β-diversity analysis of the gut bacteria between untreated the 

laboratory reared strains (SENN and SENN DDT) and the F1 population of An. arabiensis 

three-day old adults and those exposed to cadmium or copper treatments as larvae. The 

different colours represent the various treatments used to rear An. arabiensis, red represents 

untreated adults, green represents adults exposed to cadmium as larvae and blue represents 

adults exposed to copper as larvae. The shapes represent the different strains of An. arabiensis 

adults, circles represent insecticide susceptible laboratory reared An. arabiensis (SENN), 

triangles represent insecticide resistant laboratory reared An. arabiensis (SENN DDT) and 

squares represent the F1 population of An. arabiensis. Significant differences in the bacterial 

diversity between the laboratory reared and the F1 population of An. arabiensis across metal 

treatments were assessed using a PERMANOVA (p = 0.01). 



64 

 

4.3.7 Overlapping bacterial communities  

Shared and unique bacterial genera were represented numerically on UpSet plots between the 

untreated laboratory reared strains (SENN and SENN DDT) and the F1 population of three-

day old An. arabiensis adults and those exposed to cadmium and copper as larvae. The 

number of shared and unique bacterial genera between untreated adults and those exposed to 

heavy metals as larvae is shown in Figure 4.8. Bacterial communities that were identified to 

the genus level are listed below. Note that not all bacterial communities were identified to the 

respective taxonomic levels, as this is a limitation of 16S rRNA gene sequencing [200–202]. 

Therefore, the identified bacterial communities may not correspond to the numbers below. 

Seventeen bacterial genera, including Acidovorax, Acinetobacter, Allorhizobium-

Neorhizobium-Pararhizobium-Rhizobium, Armatimonas, Bosea, Kaistia, Microbacterium, 

Novosphingobium, Pedobacter, Phenylobacterium, Phreatobacter, Rurimicrobium, 

Variovorax, and Yersinia, were shared between untreated and heavy metal treated SENN 

adults. Seven bacterial genera, including Azospirillum, Chryseobacterium, 

Rhodopseudomonas, and Sphingobacterium, were shared between SENN adults exposed to 

copper or cadmium as larvae. Eight bacterial genera, including Aeromonas, Alsobacter, 

Asticcacaulis, Iamia, Pseudarcicella, Reyranella, and Xylophilus, were shared between 

untreated SENN adults and those exposed to copper as larvae. Fourteen bacterial genera, 

including Bdellovibrio, Fibrella, Methylophilus, Pseudomonas, Siphonobacter, and 

Sphingomonas, were unique to SENN adults exposed to cadmium as larvae. Fifteen bacterial 

genera, including Abditibacterium, Ancylobacter, Caulobacter, Delftia, Elizabethkingia, 

Heliimonas, Paucibacter, Pelomonas, Pseudochrobactrum, Rahnella, Shinella, and 

Spirosoma, were unique to SENN adults exposed to cadmium as larvae (Figure 4.8 A). 

Twenty-nine bacterial genera, including Aeromonas, Allorhizobium-Neorhizobium-

Pararhizobium-Rhizobium, Alsobacter, Armatimonas, Asinibacterium, Asticcacaulis, Bosea, 

Bradyrhizobium, Chryseobacterium, Curvibacter, Elizabethkingia, Kaistia, Luteolibacter, 

Microbacterium, Mucilaginibacter, Novosphingobium, Nubsella, Pedobacter, Reyranella, 

Rhodoferax, Rurimicrobium, Siphonobacter, Sphingobacterium, Undibacterium, Variovorax, 

and Yersinia, were shared between untreated and heavy metal treated SENN DDT adults. 

Three bacterial genera, including Paracoccus and Terrimicrobium, were shared between 

SENN DDT adults exposed to copper and cadmium as larvae. Six bacterial genera, including 

Camelimonas, Hephaestia, Lacunisphaera, Methylophilus, and Pelomonas, were shared 
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between untreated SENN DDT adults and those exposed to cadmium as larvae. Nine bacterial 

genera, including Acidovorax, Chitinimonas, Delftia, Heliimonas, Mycobacterium, 

Phreatobacter, Pseudomonas, and Variovorax, were shared between untreated SENN DDT 

adults and those exposed to copper as larvae. Ten bacterial genera, including Abditibacterium, 

Caulobacter, Ferruginibacter, Fibrella, Paucibacter, Phenylobacterium, Rubritepida, and 

Shinella, were unique to SENN DDT adults exposed to cadmium as larvae. Seven bacterial 

genera, including Brevundimonas, Clostridium sensu stricto 13, Ochrobactrum, Roseomonas, 

and Stenotrophomonas, were unique to SENN DDT adults exposed to copper as larvae 

(Figure 4.8 B). 

Twenty bacterial genera, including Bacillus, Cloacibacterium, Corynebacterium, 

Enterobacter, Enterococcus, Escherichia-Shigella, Gluconobacter, Klebsiella, Kluyvera, 

Limosilactobacillus, Listeria, Pseudomonas, Rahnella, Staphylococcus, Streptococcus, and 

Veillonella, were shared between untreated and heavy metal treated wild (F1 population) 

adults. One unidentified genus was shared between the F1 population adults exposed to copper 

and cadmium as larvae. Six bacterial genera, including Cutibacterium, Elizabethkingia, 

Porphyromonas, Peptoniphilus, Salmonella, and Serratia, were shared between the untreated 

F1 population adults and those exposed to cadmium as larvae. Three bacterial genera, 

including Anaerococcus, Anoxybacillus, and Fenollaria, were shared between the untreated F1 

population adults and those exposed to copper as larvae. Six bacterial genera, including 

Lactococcus, Morganella, Rhodopseudomonas, and Truepera, were unique to the F1 

population of adults exposed to cadmium as larvae. Fifteen bacterial genera, including 

Acetobacter, Acinetobacter, Asaia, Blattabacterium, Dyella, Ezakiella, Flavobacterium, 

Frateuria, Gluconacetobacter, Herbaspirillum, Sphingobacterium, and Tepidimonas, were 

unique to the F1 population adults exposed to copper as larvae (Figure 4.8 C).
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Figure 4.8 Comparison of overlapping gut bacteria between untreated Anopheles arabiensis 

adults and those exposed to heavy metal treatments as larvae. 

(A) Overlapping bacterial genera between the untreated, cadmium-treated, and copper-treated 

laboratory reared An. arabiensis (SENN) adults. (B) Overlapping bacterial genera between the 

untreated, cadmium-treated, and copper-treated laboratory reared An. arabiensis (SENN 

DDT) adults. (C) Overlapping bacterial genera between the untreated, cadmium-treated, and 

copper-treated F1 population of An. arabiensis adults. The blue dots with a joined line 

represent the overlaps of bacteria between untreated, cadmium-treated, and copper-treated 

three-day old An. arabiensis adults, with single dots indicating the unique bacteria per strain. 

Each numbered column represents the number of bacterial genera that overlap. 
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4.3.8 Differential abundance of bacterial genera  

Differential abundance of the gut microbiota with pairwise comparisons was assessed 

between the untreated insecticide susceptible laboratory reared (SENN) adults and those 

exposed to heavy metals (cadmium or copper) as larvae. Differentially abundant genera were 

considered significantly different when the assigned log2 Fold Change values were compared 

and had a p-value < 0.01. 

Fifteen bacterial genera, including Alsobacter, Terrimicrobium, Bradyrhizobium, Reyranella, 

Iamia, Aeromonas, Acinetobacter, Phreatobacter, Allorhizobium-Neorhizobium-

Pararhizobium-Rhizobium, Variovorax, Armatimonas, Bosea, Kaistia, Pedobacter, and 

Microbacterium, were significantly abundant in untreated SENN adults compared to SENN 

adults exposed to cadmium as larvae (Figure 4.9 A). 

Nineteen bacterial genera, including Chryseobacterium, Acinetobacter, Phreatobacter, 

Allorhizobium-Neorhizobium-Pararhizobium-Rhizobium, Siphonobacter, Novosphingobium, 

Rurimicrobium, Azospirillum, Enterobacter, Blastocatella, Phenylobacterium, Variovorax, 

Fibrella, Armatimonas, Bosea, Kaistia, Pedobacter, Sphingobacterium, and Microbacterium, 

were significantly abundant in SENN adults exposed to cadmium as larvae compared to 

untreated SENN adults (Figure 4.9 A).  

Seventeen bacterial genera, including Yersinia, Terrimicrobium, Bradyrhizobium, Pedobacter, 

Acidovorax, Armatimonas, Alsobacter, Microbacterium, Variovorax, Iamia, Acinetobacter, 

Novosphingobium, Bosea, Phreatobacter, Allorhizobium-Neorhizobium-Pararhizobium-

Rhizobium, Kaistia, and Aeromonas, were significantly abundant in untreated SENN adults 

compared to SENN adults exposed to copper as larvae (Figure 4.9 B). 

Thirty bacterial genera, including Pedobacter, Caulobacter, Paucibacter, Acidovorax, 

Armatimonas, Alsobacter, Sphingobacterium, Rhodopseudomonas, Phenylobacterium, 

Microbacterium, Pelomonas, Elizabethkingia, Pseudarcicella, Heliimonas, 

Chryseobacterium, Ancylobacter, Spirosoma, Variovorax, Iamia, Azospirillum, Asticcacaulis, 

Acinetobacter, Novosphingobium, Bosea, Shinella, Phreatobacter, Allorhizobium-

Neorhizobium-Pararhizobium-Rhizobium, Kaistia, Aeromonas, and Reyranella, were 

significantly abundant in SENN adults exposed to copper as larvae compared to untreated 

SENN adults (Figure 4.9 B). 
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Figure 4.9 Pairwise comparisons of differentially abundant bacterial genera between 

untreated insecticide susceptible laboratory reared Anopheles arabiensis (SENN) adults and 

those exposed to heavy metal treatments as larvae. 

Differential abundance of the gut microbiota of insecticide susceptible laboratory reared An. 

arabiensis (SENN) three-day old adults between (A) untreated SENN adults vs SENN adults 

exposed to cadmium as larvae, and (B) untreated SENN adults vs SENN adults exposed to 

copper as larvae. Differentially abundant genera had a significance threshold of p-value < 

0.01. The treatment is on either side of the dotted line, showing where the relevant bacterial 

genera are more abundant. 
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Differential abundance of the gut microbiota with pairwise comparisons was assessed 

between the untreated insecticide resistant laboratory reared (SENN DDT) adults and those 

exposed to heavy metals (cadmium or copper) as larvae. Differentially abundant genera were 

considered significantly different when the assigned log2 Fold Change values were compared 

and had a p-value < 0.01. 

Twenty-nine bacterial genera, including Pseudacidovorax, Reyranella, Delftia, Pelomonas, 

Sphingobacterium, Variovorax, Undibacterium, Phreatobacter, Heliimonas, Pseudomonas, 

Comamonas, Elizabethkingia, Pedobacter, Aeromonas, Rhodoferax, Asticcacaulis, 

Allorhizobium−Neorhizobium−Pararhizobium−Rhizobium, Bradyrhizobium, Rurimicrobium, 

Siphonobacter, Novosphingobium, Bosea, Kaistia, Asinibacterium, Luteolibacter, 

Mucilaginibacter, Microbacterium, Armatimonas, and Chryseobacterium, were significantly 

abundant in untreated SENN DDT adults compared to SENN DDT adults exposed to 

cadmium as larvae (Figure 4.10 A). 

Twenty-seven bacterial genera, including Shinella, Rhodoferax, Asticcacaulis, 

Abditibacterium, Allorhizobium−Neorhizobium−Pararhizobium−Rhizobium, Methylophilus, 

Paracoccus, Alsobacter, Nubsella, Bradyrhizobium, Camelimonas, Lacunisphaera, 

Rurimicrobium, Caulobacter, Hephaestia, Phenylobacterium, Siphonobacter, 

Novosphingobium, Bosea, Kaistia, Asinibacterium, Luteolibacter, Mucilaginibacter, 

Microbacterium, Armatimonas, Terrimicrobium, and Chryseobacterium, were significantly 

abundant in SENN DDT adults exposed to cadmium as larvae compared to untreated SENN 

DDT adults (Figure 4.10 A). 

Thirty bacterial genera, including Pseudacidovorax, Pedobacter, Pelomonas, Pseudomonas, 

Hephaestia, Elizabethkingia, Comamonas, Aeromonas, Reyranella, Asticcacaulis, 

Luteolibacter, Nubsella, Novosphingobium, Variovorax, Delftia, Chryseobacterium, 

Siphonobacter, Heliimonas, Allorhizobium−Neorhizobium−Pararhizobium−Rhizobium, 

Undibacterium, Armatimonas, Rhodoferax, Bradyrhizobium, Phreatobacter, Rurimicrobium, 

Asinibacterium, Bosea, Kaistia, Microbacterium, and Sphingobacterium, were significantly 

abundant in untreated SENN DDT adults compared to SENN DDT adults exposed to copper 

as larvae (Figure 4.10 B). 
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Thirty-two bacterial, genera including Reyranella, Paracoccus, Brevundimonas, 

Ochrobactrum, Acidovorax, Asticcacaulis, Luteolibacter, Nubsella, Novosphingobium, 

Variovorax, Delftia, Chryseobacterium, Alsobacter, Stenotrophomonas, Mycobacterium, 

Siphonobacter, Yersinia, Heliimonas, Undibacterium, Armatimonas, Rhodoferax, 

Allorhizobium−Neorhizobium−Pararhizobium−Rhizobium, Bradyrhizobium, Phreatobacter, 

Rurimicrobium, Curvibacter, Terrimicrobium, Asinibacterium, Bosea, Kaistia, 

Microbacterium, Sphingobacterium, were significantly abundant in SENN DDT adults 

exposed to copper as larvae compared to untreated SENN DDT adults (Figure 4.10 B).  

 

 

 

 

 

 

 

Figure 4.10 Pairwise comparisons of differentially abundant bacterial genera between 

untreated insecticide resistant laboratory reared Anopheles arabiensis (SENN DDT) adults 

and those exposed to heavy metal treatments as larvae. 

Differential abundance of the gut microbiota of insecticide resistant laboratory reared An. 

arabiensis (SENN DDT) three-day old adults between (A) untreated SENN DDT adults vs 

SENN DDT adults exposed to cadmium as larvae, and (B) untreated SENN DDT adults vs 

SENN DDT adults exposed to copper as larvae.  Differentially abundant genera had a 

significance threshold of p-value < 0.01. The treatment is on either side of the dotted line, 

showing where the relevant bacterial genera are more abundant. 
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Differential abundance of the gut microbiota with pairwise comparisons was assessed 

between the untreated F1 population adults and those exposed to heavy metals (cadmium or 

copper) as larvae. Differentially abundant genera were considered significantly different when 

the assigned log2 Fold Change values were compared and had a p-value < 0.01. 

Thirty-two bacterial genera, including Thermicanus, Delftia, Salmonella, Pseudomonas, 

Anoxybacillus, Allorhizobium-Neorhizobium-Pararhizobium-Rhizobium, Peptoniphilus, 

Petrimonas, Elizabethkingia, Fenollaria, Proteiniphilum, Acidibacter, Massilia, 

Mycobacterium, Glutamicibacter, Geobacillus, Novosphingobium, Moheibacter, Bacillus, 

Escherichia-Shigella, Staphylococcus, Cloacibacterium, Anaerococcus, Porphyromonas, 

Veillonella, Streptococcus, Cutibacterium, Corynebacterium, Enterobacter, Enterococcus, 

Listeria, and Klebsiella, were significantly abundant in the untreated F1 population adults 

compared to the F1 population adults exposed to cadmium as larvae (Figure 4.11 A). 

Fourteen bacterial genera, including Porphyromonas, Veillonella, Streptococcus, Lactococcus, 

Cutibacterium, Corynebacterium, Gluconobacter, Rahnella, Enterobacter, Enterococcus, 

Limosilactobacillus, Listeria, Morganella, and Klebsiella, were significantly abundant in the 

F1 population adults exposed to cadmium as larvae compared to the untreated F1 population 

adults (Figure 4.11 A). 

Thirty-four bacterial genera, including Listeria, Thermicanus, Delftia, Salmonella, 

Pseudomonas, Streptococcus, Cutibacterium, Anoxybacillus, Allorhizobium-Neorhizobium-

Pararhizobium-Rhizobium, Limosilactobacillus, Fenollaria, Petrimonas, Elizabethkingia, 

Peptoniphilus, Massilia, Proteiniphilum, Acidibacter, Mycobacterium, Bacillus, 

Glutamicibacter, Geobacillus, Cloacibacterium, Enterococcus, Moheibacter, Porphyromonas, 

Veillonella, Novosphingobium, Corynebacterium, Escherichia-Shigella, Anaerococcus, 

Staphylococcus, Enterobacter, and Klebsiella, were significantly abundant in the untreated F1 

population adults compared to the F1 population adults exposed to copper as larvae (Figure 

4.11 B). 

Eight bacterial genera, including Frateuria, Enterobacter, Asaia, Kluyvera, Klebsiella, 

Acetobacter, Gluconobacter, and Rahnella, were significantly abundant in the F1 population 

adults exposed to copper as larvae compared to the untreated F1 population adults (Figure 

4.11 B). 
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Figure 4.11 Pairwise comparisons of differentially abundant bacterial genera between the 

untreated F1 population of wild Anopheles arabiensis adults and those exposed to heavy metal 

treatments as larvae. 

Differential abundance of the gut microbiota of three-day old F1 population An. arabiensis 

adults between (A) untreated F1 population adults vs F1 population adults exposed to 

cadmium as larvae, and (B) untreated F1 population adults vs F1 population adults exposed to 

copper as larvae. Differentially abundant genera had a significance threshold of p-value < 

0.01. The treatment is on either side of the dotted line, showing where the relevant bacterial 

genera are more abundant. 
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4.4 Discussion 

Although this chapter covers a substantial body of data, the results can broadly be divided into 

two categories. The first is a comparison of the two laboratory strains from Sudan and a wild 

and F1 population. The second is a characterisation of the effect of larval exposure to copper 

and cadmium on the two laboratory strains and an F1 population. For both these sections, the 

results look at the microbial diversity and abundance of specific genera. To the best of our 

knowledge, this is the first investigation conducted to determine the changes in the gut 

microbiota of An. arabiensis adults caused by metal pollutants in the larval breeding water.  

This study compared the bacterial dynamics of An. arabiensis from South Africa to that of 

two laboratory strains from Sudan. Ideally, it would have been best to do the comparison with 

a laboratory strain from South Africa. This would have given information on the effect of 

keeping mosquitoes in colony. However, a specific aim was to understand the effect of the 

pre-existence of a resistant phenotype, and for this reason, the SENN strain and its’ resistant 

sister strain, SENN DDT, were used. The role of microbiota in the construction of a resistant 

phenotype is of interest. For example, fenitrothion resistant wild An. albimanus had a lower 

bacterial diversity compared to insecticide susceptible individuals [102]. This was not seen in 

the current study, which may seem like a contradiction, but there are a few considerations. In 

a study on An. albimanus, the mosquitoes were classified as moderately resistant (surviving 

5X the diagnostic dose), but there is no description of the resistance mechanism. The resistant 

phenotype in SENN DDT is complex. It is highly resistant to DDT, but the resistance to 

pyrethroids is at low intensity. The resistance phenotype also consists of both target site 

resistance and metabolic detoxification [104,235]. Therefore, it is unlikely that insecticide-

degrading bacteria play a role in the construction of the insecticide resistant phenotype in 

SENN DDT. This could be confirmed by comparison to a fully susceptible strain of the same 

species, as SENN is not a standard susceptible strain, and it is relatively easy to select for 

resistance in this strain [107]. Crucially, to confirm this, the specific bacterial strains must be 

demonstrated to degrade pesticides. However, it is interesting to note that of the six unique 

species in SENN DDT, four species can degrade herbicides. As Sphingobacterium multivorum 

[236], Cupriavidus metallidurans [237], Enterobacter hormaechei [238], and Rhodococcus 

erythropolis [239] can all degrade herbicides and, in some cases, pesticides, the role of 

specific gut microbiota in the construction of the resistance phenotype in SENN DDT could 

still be investigated further.  
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Consistent with previous studies [43,216], the bacterial diversity in laboratory reared strains 

was significantly lower compared to F1 and wild populations of An. arabiensis. This reduction 

in diversity could be due to the loss of native bacteria over multiple generations of laboratory-

rearing [43,240]. A study done on the conservation of diversity and composition of different 

populations of An. gambiae collected from the field demonstrated that the α-diversity of the 

mosquitoes reduced significantly after ten generations under laboratory reared conditions 

[87]. This is likely due to the reduced diversity of larval rearing water. In the Botha de 

Meillon insectary, reverse osmosis water is used to rear larvae. Other laboratories may use tap 

water, but regardless of this, insectary water will always be less bacterially diverse than water 

in the field [87]. The homogenous larval diet would also contribute less to the microbial 

diversity than the material that would constitute food in the field. This would contribute to a 

reduced diversity of gut bacteria [241]. 

The results of the β-diversity analysis echo that of the α-diversity analysis. There is a lack of 

overlap between the laboratory strains and the F1 and wild populations. The laboratory strains 

did not overlap, but the diversity of the insecticide susceptible strain was more diverse. 

Notably, although the wild and F1 populations are not directly related, as they were collected 

at different periods, the F1 population falls within the wild population. This is expected for 

individuals from the same geographical location. This would also be expected from the 

significantly increased diversity of the F1 population compared to that of the wild population. 

This suggests that in the colonisation procedure, the microbial diversity will become more 

even before a reduction in the richness that comes with the selection of strains that will 

become prevalent in laboratory strains.  

The gut microbiota of laboratory reared and wild Anopheles mosquitoes are dominated by 

Gram-negative Proteobacteria [43,117,242–244]. Several studies have characterised a 

suggested core microbiota in field-collected Anopheles adults [43,243,245,246]. In wild An. 

stephensi adults, collected as larvae, the core gut microbiota comprised of Serratia, Cedecea, 

Elizabethkingia, Klebsiella, and Asaia [245]. In An. gambiae adults obtained from larval 

collections, the genera Asaia, Burkholderia, Serratia, Ralstonia, Acinetobacter, 

Pseudomonas, Sphingomonas, Staphylococcus, Streptococcus, and Escherichia-Shigella were 

suggested to be part of the core microbiota [43]. Other Anopheles species outside of the An. 

gambiae complex, such as larval-collected and wild adult Anopheles atroparvus, have a core 

microbiota that is suggested to include Pantoea, Thorsellia, Serratia, Asaia, and 

Pseudomonas [246]. In this study, the core gut microbiota from field-collected adults from 
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Mamfene in Kwa-Zulu Natal, South Africa, is suggested to include the bacterial genera 

Rahnella, Yersinia, Asaia, Clavibacter, Cedecea, Pseudomonas, Aeromonas, Klebsiella, and 

Enterobacter. This is further emphasised as Cedecea, Klebsiella, Rahnella, and Pseudomonas 

were abundant in the F1 population and wild population compared to the laboratory strains 

SENN and SENN DDT. The suggested core microbiota is consistent with previous studies as 

these bacterial genera were found to dominate the gut of field-collected An. stephensi and An. 

gambiae [43,245]. 

Several Plasmodium-protective bacterial genera were identified in this study, including 

Enterobacter, Pseudomonas, and Asaia. For example, Enterobacter Esp_Z fed to An. gambiae 

demonstrated P. falciparum inhibition [71,80]. Other Enterobacter species, such as E. 

cloacae, can activate immune responses to P. berghei in laboratory-reared An. stephensi 

[247,248]. Pseudomonas putida, isolated from the gut of wild An. arabiensis mosquitoes from 

Zambia, was introduced into laboratory reared An. gambiae via a sugar meal and inhibited the 

development of P. falciparum [72]. In another study, exposure to P. stutzeri reduced the 

prevalence and intensity of P. falciparum infection in An. gambiae [249]. Pseudomonas can 

be transstadially transmitted as it was able to colonise the Malpighian tubules in An. stephensi 

[51]. This highlights the potential role of this bacterium as a paratransgenesis candidate. 

Pseudomonas is therefore an important candidate for paratransgenesis interventions. In this 

study, P. proteolytica and other Pseudomonas species, which could not be identified to 

species level, were observed in the F1 population and wild population of An. arabiensis. 

Pseudomonas gessardii was unique to the F1 population, and Pseudomonas palleroniana was 

unique to the wild population. Additionally, Pseudomonas was abundant in the F1 and F0 

populations compared to the laboratory reared SENN and SENN DDT strains. Enterobacter 

and Pseudomonas are important as they are naturally occurring symbionts in An. arabiensis 

found in Mamfene, KZN. Whole genome sequencing would be required to identify the 

Enterobacter and Pseudomonas to the species and strain levels.   

In this study, Asaia krungthepensis and Asaia sp., which were not identified to species level, 

were only found in the gut of the F1 and wild populations of An. arabiensis. Asaia isolates 

were introduced into An. stephensi and had induced basal-level immunity that resulted in a 

significant reduction in P. berghei oocyst development [250]. Another study yielded similar 

results in An. stephensi, where modified Asaia strains could suppress the number of oocysts 

formed after consuming a blood meal infected with P. berghei more effectively than wild-type 

Asaia bogorensis [251]. Asaia colonises the female gut and salivary glands and the male 
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reproductive glands [47]. This bacterium can be transmitted maternally or paternally to their 

offspring [45,47]. Additionally, Asaia spp. are suggested to play a beneficial role in the 

development of laboratory reared An. Stephensi larvae and there are no fitness costs 

associated with the introduction of this bacterium [49]. This highlights the role of Asaia as a 

naturally occurring symbiont for paratransgenesis. In addition to the current study, Asaia has 

also been identified in field-collected Anopheles adults from Cameroon and their F1 progeny 

[252]. Since Asaia has been identified in several Anopheles species, including An. coluzzii, 

An. arabiensis, An. funestus and An. gambiae, it has been suggested as a potential symbiont 

for controlling malaria in sub-Saharan Africa [252]. The presence of Asaia in the gut of the F1 

population and wild population of An. arabiensis further emphasises the possibility of this 

symbiont for controlling malaria in sub-Saharan Africa. Additionally, Wolbachia may not be a 

suitable microbial-based vector control intervention for wild An. arabiensis from KZN as 

bacterial competition between Asaia and Wolbachia would inhibit the vertical transmission 

and colonisation of Wolbachia in Anopheles mosquitoes [125]. 

The information is useful for considering a paratransgenesis for the KZN province. This is 

particularly appealing, as this province is the closest in the country to eliminating malaria 

[31]. The final hurdle is the problem with residual malaria, largely driven by the outdoor 

biting activity of An. arabiensis [253]. Therefore, paratransgenesis is an attractive option to 

augment the elimination agenda in this province. If native symbionts are to be used, it would 

be critical to understand the effects of the larval environment on the bacterial dynamics. With 

increasing examples of An. arabiensis breeding in polluted areas [111,254]. Heavy metals, 

which are common pollutants, were chosen as representative pollutants.  

It is expected that heavy metal exposure on larvae will affect the diversity of the gut 

microbiota. In other insects, such as pygmy grasshoppers (Eucriotettix oculatus), populations 

living in mining areas polluted with metal pollutants displayed significantly decreased 

bacterial species richness and evenness of the gut microbiota [255]. A study on the gut 

microbiota of black soldier fly larvae (Hermetia illucens) revealed a notable reduction in the 

microbial diversity in their guts when exposed to metal pollutants (copper and cadmium) 

[256]. Surprisingly, this study showed no significant differences in the bacterial diversity of 

the gut microbiota between untreated adults and adults exposed to heavy metals copper and 

cadmium as larvae. This was true for laboratory reared (SENN and SENN DDT) strains and 

the F1 population of An. arabiensis. Therefore, exposure to heavy metals, such as copper and 

cadmium, does not affect the bacterial diversity. 
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Despite the lack of differences in α-diversity, β-diversity analysis indicated significant 

differences in the gut microbiota diversity between untreated and those exposed to heavy 

metals as larvae. Like with the untreated samples, the diversity of the F1 population was much 

greater than that of the laboratory strains. There was also more overlap in the diversity of the 

two treatments and the untreated individuals for the F1 than for the laboratory strains. There 

was no overlap between the different treatments in any of the two laboratory strains. This 

indicates that larval exposure to heavy metals had a more profound effect on the F1 

population.  

The laboratory reared SENN strain had a combined total of 64 bacterial genera present among 

untreated adults and those exposed to heavy metals, and the laboratory reared SENN DDT 

strain had a combined total of 74 bacterial genera present among all treatments. The F1 

population had a combined total of 104 bacterial genera present among all treatments. The 

number of unique genera differed in the three strains for each treatment. For the SENN strain, 

the untreated adults had only two unique genera. For SENN DDT and the F1 population, the 

greatest number of unique genera were found in metal treatments (cadmium and copper 

treatment, respectively). When examining which genera were differentially abundant, there 

were large-scale variations. In general, SENN had less unique differentially abundant genera 

in the untreated samples (6:11 for cadmium, 3:17 for copper). The difference in SENN DDT 

was not marked (14:11 for cadmium, 8:10 for copper). However, many more uniquely 

differentially abundant genera were in the untreated adults of the F1 population compared to 

those exposed to the metal treatments (19:3 for cadmium, 31:6 for copper). This has potential 

implications for identifying native symbionts. Metal treatment reduces the number of 

differentially abundant genera in the F1 population. This means that culturing bacteria from 

the F1 population reared in polluted water may be more difficult, which is likely true for 

larvae collected in the wild. As such, even though wild larvae would have the greatest 

diversity in gut microbiota, the optimal samples for obtaining culturable specimens may be in 

F1 populations reared in laboratory water. 

Larval exposure to heavy metals caused significant changes in the gut microbiota composition 

in SENN, SENN DDT, and F1 population adults. Several bacterial genera were present in 

adults exposed to the heavy metals as larvae. Larval exposure to cadmium and copper 

increased the bacterial genera present in the gut microbiota of all adults under investigation 

compared to their untreated counterparts. However, adults exposed to copper as larvae had 

more bacterial genera than those exposed to cadmium. As reviewed by Samanovic et al. [257] 
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and Argüello et al. [258], copper is an essential micronutrient required by microorganisms, 

such as bacteria, for growth and development [257,258]. Therefore, the increase in bacterial 

genera in adults exposed to copper is likely attributed to copper acting as a micronutrient for 

bacteria. Copper is an essential micronutrient that acts as a cofactor to various proteins 

involved in cellular processes [259]. As reviewed by Samanovic et al. [257], copper, however, 

can act as an antimicrobial agent, and high concentrations of copper are toxic to organisms 

[257]. Thus, the concentration of copper used in this study likely aids in the growth of 

bacterial communities in the gut of adults exposed to copper as larvae. Additionally, copper 

can act as a micronutrient for bacteria in the surrounding larval environment of mosquito 

larvae, which has been suggested to play a role in the diversity of the gut microbiota [42,43]. 

Therefore, additional studies on the concentrations and the abundance of specific heavy 

metals in the larval breeding sites are required to gain insight into the role of heavy metals on 

the microbiota of mosquitoes obtained in the wild.  

Studies on the gut microbiota of other insects, such as pygmy grasshoppers and chironomid 

larvae, show an increased abundance of specific bacterial genera when exposed to metal 

pollutants [255,260]. In pygmy grasshoppers, Aeromonas, Wolbachia, Chryseobacterium, 

Cupriavidus, and Pseudomonas were abundant [255]. The bacterial genera Yersinia, 

Acinetobacter, Shinella, Dysgonomonas, Delftia, Enterococcus, and Chryseobacterium had 

increased abundances in chironomid larvae [260]. Bacterial genera such as Aeromonas, 

Chryseobacterium, Pseudomonas, Yersinia, Acinetobacter, Shinella, Delftia, and 

Enterococcus observed in these insects were also identified in the gut of SENN, SENN DDT, 

and F1 populations used in this study. This suggests a potential relationship between these 

bacterial genera and insect gut microbiota and the presence of heavy metals.  

Bacterial genera such as Bacillus, Klebsiella, Enterobacter, Microbacterium, Pseudomonas, 

Sphingomonas, Acinetobacter, Corynebacterium, Streptococcus, Rahnella, Staphylococcus, 

and Rhodopseudomonas are tolerant to heavy metals and are involved in heavy metal 

degradation [261–264]. Other bacterial genera shared between insects exposed to heavy 

metals, including Aeromonas, Chryseobacterium, Enterococcus, Yersinia, and Delftia, are 

tolerant to heavy metals [65,265–268]. These genera were identified and were differentially 

abundant in the gut of SENN, SENN DDT, and F1 populations used in this study (Appendix 

4: Bacteria Involved in Heavy Metal Metabolism).  
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Both laboratory reared strains (SENN and SENN DDT) had predominantly heavy metal-

tolerant bacterial genera. Notably, these genera were differentially abundant in untreated 

adults and those exposed to copper as larvae. SENN adults also had more genera that were 

able to degrade heavy metals. This is unsurprising as previous studies have demonstrated 

insecticide resistance affects how mosquitoes respond to starvation, oxidative stress, blood 

meals, and thermal stress [104–107]. As such, in the absence of a pre-existing resistant 

phenotype, the gut microbiota of SENN possibly aids in the degradation of heavy metals such 

as cadmium. This, however, would need to be empirically confirmed. The gut microbiota of 

SENN DDT adults is not as affected as SENN adults when exposed to cadmium in the larval 

environment. This further suggests that gut microbiota plays less of a role in protection 

against metal stress in this strain.  

Notably, bacterial genera tolerant to heavy metals and involved in heavy metal degradation 

are predominantly present in the F1 populations in both untreated adults and those exposed to 

either copper or cadmium as larvae. Furthermore, these bacterial genera are significantly 

abundant in untreated adults and those exposed to either copper or cadmium as larvae. This 

could be expected from the offspring of adults from Mamfene. This is a rural area where 

agricultural activities [229] require fertilisers, which may contribute to the contamination of 

the larval breeding site with heavy metals. Exposure to insecticides resulted in An. albimanus 

acquiring insecticide-degrading bacteria, which was suggested to be a result of selective 

pressure driven by insecticide exposure [103]. Furthermore, the effects of metal pollutant 

exposure on life history traits are transgenerational [232]. Exposure of the previous 

generations may have resulted in a selective pressure for heavy metal degrading bacteria 

which has been transmitted to the following generation.  

Limitations in mosquito microbiome studies with wild mosquitoes are due to sample 

availability, which varies with region and seasonal changes [101]. This study obtained wild 

larvae and adults from a malaria-endemic area in KZN. In South Africa, acquiring wild 

specimens is particularly challenging as South Africa is a frontline candidate for eliminating 

malaria in the Southern African Development Community (SADC) region [214,215]. Due to 

this, there was a limited availability of wild specimens that could be used.  

This relates to another limitation: the number of midguts used would vary based on sample 

availability. To our knowledge, there is no standardised procedure for sample processing for 

mosquito microbiota studies. As reviewed by Dada et al. [101], a standardised method for 



80 

 

mosquito microbiota studies is required [101]. From the current study, different processes in 

sample processing resulted in differences between experiments. This was likely due to 

differences in the type of DNA extraction kit used, the number of midguts used per biological 

replicate, and the number of biological replicates used. This was all due to the availability of 

samples and reagents throughout the study. Therefore, these parts of sample processing should 

be considered in future mosquito microbiota studies. 

4.5 Conclusion 

In conclusion, the gut microbiota diversity between the laboratory reared strains differed from 

the F1 population and the wild population of An. arabiensis. The loss of bacterial diversity in 

the laboratory reared strains is suggested to be due to the differences in the larval environment 

caused by insectary conditions. This is suggested to start with an increase in the microbiota 

diversity before a significant decrease in the bacterial richness. Insecticide-degrading bacteria 

are present in the gut of the laboratory-reared insecticide resistant strain (SENN DDT) and the 

F1 and wild populations, which are known to have low-level insecticide resistance. Therefore, 

it is likely, that specific gut bacteria may be associated with the insecticide resistant phenotype 

in these populations. Furthermore, there is evidence of a core gut microbiota in adults from 

the Mamfene district in Kwa-Zulu Natal, South Africa, which includes the bacterial genera 

Rahnella, Yersinia, Asaia, Clavibacter, Cedecea, Pseudomonas, Aeromonas, Klebsiella, and 

Enterobacter. The bacterial genera Enterobacter, Pseudomonas, and Asaia are present in the 

F1 and wild populations and are associated with inhibiting Plasmodium activities. However, 

this does not necessarily equate to increased protection against Plasmodium. It implies that 

microbial-based interventions with bacterial strains from these genera can potentially be used 

for vector control as these are native symbionts. Additionally, Asaia was present in the F1 

population and wild population. Therefore, microbial-based interventions with Wolbachia 

could potentially be difficult. 

Insects exposed to heavy metals in their larval environment have bacterial genera in common. 

As such, there is a possibility of an interplay between specific bacterial genera in the insect 

gut microbiota and exposure to heavy metals in the larval environment. Furthermore, heavy 

metal exposure increased the number of gut bacteria present in all strains of An. arabiensis 

adults. The untreated and heavy metal-treated F1 population specimens had an increased 

presence of heavy metal-degrading bacteria. This was possibly a result of heavy metal 

exposure on the previous generation which resulted in a selective pressure for heavy metal 



81 

 

degrading bacteria that was transmitted to the offspring. Larval exposure to copper increased 

the number of bacterial genera present in SENN, SENN DDT, and F1 generation adults. This 

is likely because heavy metals, such as copper, are micronutrients for bacteria. Therefore, the 

presence of specific heavy metals in the larval environment needs to be considered. 

Furthermore, insecticide susceptible SENN adults had more heavy metal degrading bacteria 

than insecticide resistant SENN DDT adults when exposed to cadmium. This means that the 

gut microbiota of SENN may be involved in the response to the stress induced by heavy 

metals, and other mechanisms that confer insecticide resistance in SENN DDT may aid in 

responding to the stress caused by heavy metals. These findings have implications in 

microbiota studies as the larval environment caused significant shifts in the gut microbiota 

that may be of physiological importance. Therefore, the larval environment needs to be 

considered in microbial-based interventions, as changes in the larval environments cause a 

shift in the native symbionts.  
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CHAPTER 5 

Characterisation of the dynamic gut mycobiota of Anopheles arabiensis 

5.1 Introduction 

The gut microbiota consists of many microorganisms, including bacteria, fungi, viruses, 

archaea, and protozoa, as reviewed by Berg et al. [38] and Gurung et al. [269]. The mosquito 

gut mycobiota is the fungal component of the microbiome. Fungi are a group of eukaryotic 

microorganisms [270]. They can occur as solitary cells that reproduce by budding, known as 

yeasts, or they can also occur as long filaments (hyphae) that grow by apical extension, 

known as moulds [270]. As reviewed by Malassigné et al. [271] and Djihinto et al. [272], 

fungi can have a commensal or symbiotic relationship with the mosquito host, which plays a 

role in nutrition, development, physiology, fitness, and immunity [271,272]. As such, the 

mycobiota is of interest in mosquito microbiota studies.  

Fungi are ubiquitous, and larvae are suggested to acquire fungi in their gut from consuming 

the surrounding water in larval breeding sites [273]. Adults acquire fungi from the larval 

environment during emergence, sugar sources, and blood meals [274,275]. Like with the 

bacterial component of the microbiota, the mycobiota diversity in Culex mosquitoes 

decreased from the larval stage to adulthood. This was suggested due to the partial 

sterilisation of the midgut from the pupal to the adult life stage [276,277]. Additionally, a 

decrease in fungal diversity was observed in Aedes mosquitoes after consuming a blood meal 

[278]. This suggests that the mosquito life stage and food source are important considerations 

in gut mycobiota studies.  

Fungi have been implicated in the physiological responses of the mosquito [61,276,279–281]. 

For example, in female Ae. albopictus, the yeast genera Malassezia and Cyberlindnera and 

filamentous fungi genera Pezoloma and Ganoderma were active during fructose digestion 

[61]. Therefore, fungi play an active role in mosquito digestion. Furthermore, fungi have been 

suggested to impact the mosquito host's life history traits such as development, longevity, and 

reproduction. Yeasts serve as a food source for larvae and aid in the development of larvae 

into adults [276,279,280]. A study observed that yeasts Candida albicans, C. glabrata, C. 

pseudolambica, Cryptococcus gattii, Metschnikowia bicuspidata, Saccharomyces cerevisiae 

and Wickerhamomyces anomalus were essential for larval development, survival, and 
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pupation of Culex pipiens [276]. Additionally, Brewer’s yeast, S. cerevisiae, induced hypoxic 

conditions in the gut of Ae. aegypti and An. gambiae, which is vital for the growth and 

moulting of larvae [281]. As such, specific fungi play a role in mosquito fitness, a crucial 

aspect of vector biology.  

The current knowledge of the interactions between fungi and the mosquito host has mainly 

focused on fungal entomopathogens. Entomopathogens are pathogenic microbes such as 

fungi, viruses, protozoa, and bacteria that infect and colonise an insect host. As reviewed by 

Sharma and Sharma [282], entomopathogens have been used as microbial control agents 

against insect pests [282]. In mosquitoes, entomopathogenic fungi result in an overall 

decrease in mosquito fitness, as reviewed by Tawidian [283]. For example, Beauveria 

bassiana is a well-studied entomopathogen capable of infecting Anopheles vectors. It has 

been implicated in decreased longevity of both laboratory reared and field-caught An. 

arabiensis as well as field-caught An. gambiae and An. funestus [284,285]. Hence, most 

studies have focused on entomopathogens due to their potential as microbial-based vector 

control strategies for mosquitoes. 

Some studies have shown non-entomopathogenic fungal interactions in the gut mycobiota of 

mosquito vectors. The gut mycobiota of both laboratory reared and field-caught mosquitoes 

have been characterised in several studies [273,274,278,286–289]. However, most of the 

fungal communities characterised are from the guts of Culex and Aedes mosquitoes 

[273,274,278,286–289]. Studies that characterised the gut mycobiota of Anopheles vectors are 

limited. Gut mycobiota studies on Anopheles vectors include An. stephensi, An. gambiae 

[274], and An. coluzzii [290]. It has been suggested that the fungal community in larval guts 

may be generalised across mosquito species [273,287]. However, the studies conducted on 

Anopheles species have highlighted different fungal communities and a core mycobiota has 

not yet been established for Anophelines. Yeasts, including Meyerozyma guilliermondii and 

Rhodotorula glutinis, were identified in the guts of laboratory reared An. gambiae and An. 

stephensi adults [274]. Common fungal genera found in field-caught An. coluzzii adults 

included Aspergillus, Malassezia, Cladosporium, and Phoma [290]. Consequently, additional 

baseline studies characterising the gut mycobiota of other Anopheles vectors are required.    

As studies on mosquito-associated fungi are broadening, the gut mycobiome has become a 

potential new candidate for novel vector control strategies. One such approach involves using 

non-entomopathogenic fungi as potential microbes for paratransgenesis, as reviewed by 
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Romoli and Gendrin, [77]. For example, the mould Leptosphaerulina sp., isolated from the 

midgut of An. gambiae was re-introduced into An. gambiae through inoculating the larvae 

with crushed mycelium and spores [291]. This mould was transstadially transmitted across 

developmental stages and to their progeny, resulting in lower fitness levels for this host. 

Furthermore, fungi are advantageous as they can infect the mosquito host through the cuticle, 

unlike bacteria that need to be ingested [292]. As such, fungi are beneficial paratransgenesis 

candidates, especially since they are easily transmissible to the host and can be transmitted to 

the offspring.  

In addition, fungi in  Anopheles vectors can induce anti-Plasmodium responses [293–295]. 

For example, the yeast Wickerhamomyces anomalus isolated from the gut of An. stephensi 

was found to inhibit P. berghei ookinetes in vitro [295]. Furthermore, the microsporidian 

Vavraia culicis reduced P. berghei effectiveness in An. gambiae through eliciting the host’s 

antimicrobial peptide system [293]. However, the anti-Plasmodium responses of these fungi 

were only effective against the Plasmodium parasite that infects rodents. Therefore, studies 

demonstrating the effectiveness of this microsporidian on P. falciparum or P. vivax are 

needed. However, not all fungi are promising candidates for paratransgenesis as they are not 

associated with Plasmodium suppression in Anopheles vectors. For example, Penicillium 

chrysogenum in the An. gambiae midgut increases the mosquito's susceptibility to 

Plasmodium infection by suppressing the mosquito’s immune system [294]. Therefore, it is 

important to catalogue the fungi found in malaria vectors to gain insight into the dynamics of 

fungal communities in the gut.   

A more diverse catalogue of the gut mycobiota in other Anopheles vectors is required to use 

fungi as candidates for paratransgenesis. Therefore, expanding on the current knowledge will 

contribute to an essential understanding of the dynamic fungal component of the microbiota 

needed for microbial-based vector control interventions. As such, this study, to our 

knowledge, is the first to contribute to the understanding of the gut mycobiota composition 

and diversity in An. arabiensis, a dominant vector species in southern Africa.      
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5.2 Materials and Methods 

The gut mycobiota of insecticide susceptible An. arabiensis (SENN), insecticide resistant An. 

arabiensis (SENN DDT), and F1 population An. arabiensis was conducted as described in 

General Materials and Methods.  

Laboratory reared insecticide susceptible An. arabiensis (SENN) and insecticide resistant An. 

arabiensis (SENN DDT) strains, as described in 2.1.1 Laboratory reared Anopheles 

species/strains and their phenotypes, were collected at different life stages. Wild An. 

arabiensis adults were collected from Section 9 (S 27°27′34.3″; E 032° 10′43.7″) in the 

Mamfene district in Kwa-Zulu Natal, South Africa. The offspring of identified isofemale An. 

arabiensis were used as the F1 population specimens and were collected at different life 

stages. All emerged adults were allowed ad libitum access to a 10% sucrose solution. All An. 

arabiensis specimens were maintained as described in 2.1.2 Insectary conditions for 

laboratory reared Anopheles mosquitoes. The gut mycobiota were identified for different 

life stages, including fourth instar larvae, three-day old adults, fifteen-day old non-blood fed 

adults, and fifteen-day old blood fed adults. Blood feeding was conducted as described in 

2.1.3 Sample details of Anopheles specimens and blood feeding protocol.  

Five replicates for each life stage were prepared for laboratory reared specimens (SENN and 

SENN DDT). Each replicate contained five midguts. For the F1 population specimens, five 

replicates of larvae, thirteen replicates of three-day old adults, four fifteen-day old non-blood 

fed adults, and seven replicates of fifteen-day old blood fed adults were prepared. Each 

replicate contained one midgut per replicate. Total genomic DNA from the mosquito's midgut 

was extracted using the DNeasy PowerSoil® Kit (QIAGEN: 12888-50) as described in 2.1.4 

Midgut dissection and DNA extraction.  

The gut mycobiota of the samples were then identified as described in 2.2 Next-Generation 

Sequencing of the gut microbiota. However, different primers were used to amplify the 

fungal internal transcribed spacer (ITS) region of the ribosomal RNA (rRNA) cistron 

(Appendix 5: Fungal Primers). These primers targeted the noncoding region between the 

18S and 5.8S rRNA genes, known as the fungal ITS1 region. This region can identify fungi 

using the MiSeq® Illumina (2 ×300 bp reads) [296,297].  
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5.3 Results 

Comparison of the gut mycobiota between laboratory reared (SENN and SENN DDT) 

and F1 population of An. arabiensis at different life stages 

5.3.1 α-diversity of the gut mycobiota  

The α-diversity was assessed for each laboratory reared and the F1 population of An. 

arabiensis at different life stages. Boxplots were used to visualise and compare differences in 

the α-diversity of the laboratory reared insecticide susceptible strain (SENN), the laboratory 

reared insecticide resistant strain (SENN DDT), and the F1 population of An. arabiensis. 

Significant differences between the indices were assessed using a Kruskal-Wallis rank-sum 

test [157]. The Chao1 diversity index was used as an estimator of species richness, which 

considers the number of different fungal species present in the gut [148]. 

The Chao1 index was significantly higher in the F1 population fourth instar larvae compared 

to SENN DDT larvae (p = 0.01) (Figure 5.1 A). Three-day old SENN adults had a 

significantly lower Chao1 index compared to the F1 population adults (p < 0.01) (Figure 4.5 

B). By contrast, no significant differences were observed in the Chao1 indices between the 

laboratory reared strains of fourth instar larvae (p =0.17) (Figure 4.5 A), three-day old adults 

(p = 0.17) (Figure 4.5 B), fifteen-day old non-blood fed adults (p = 0.25) (Figure 4.5 C), and 

fifteen-day old blood fed adults (p = 0.67) (Figure 4.5 D). No significant differences were 

observed in the Chao1 indices between SENN and F1 population fifteen-day old non-blood 

fed adults (p = 1.00) nor between SENN DDT and the F1 population fifteen-day old non-

blood fed adults (p = 0.62) (Figure 4.5 C). Similarly, no differences were observed in the 

Chao1 indices between SENN and the F1 population fifteen-day old blood fed adults (p = 

0.06) as well as between SENN DDT and the F1 population fifteen-day old blood fed adults (p 

= 0.10) (Figure 4.5 D).  
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Figure 5.1 Comparison of the α-diversity (species richness) of the gut mycobiota between 

laboratory reared and F1 populations of Anopheles arabiensis at different life stages.  

Chao1 diversity indices of the gut mycobiota for laboratory reared (SENN and SENN DDT) 

and the F1 populations of An. arabiensis for different life stages. (A) For fourth instar larvae. 

(B) For three-day-old adults. (C) For fifteen-day old non-blood-fed adults. (D) For fifteen-day 

old blood-fed adults. Comparisons of the diversity indices between laboratory reared (SENN 

and SENN DDT) and F1 populations of An. arabiensis across life stages were assessed using a 

Kruskal-Wallis rank-sum test. The dots represent the number of biological replicates used for 

each group. Significant differences in the diversity indices between samples are indicated by 

bold print. 
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The Shannon-Weiner index was used as an estimator of species richness and evenness, which 

considers the number of fungal species and the relative abundance of each species 

[153,155,156].  

In fourth instar larvae, the Shannon-Weiner diversity indices were significantly higher in 

SENN and the F1 population when compared to SENN DDT (p < 0.01). However, there were 

no significant differences in the diversity between SENN and the F1 population (p = 0.55) 

(Figure 5.2 A). 

In three-day old adults, the F1 population had a significantly higher diversity than both SENN 

(p < 0.01) and SENN DDT (p < 0.01) (Figure 5.2 B). No significant differences were 

observed between three-day old laboratory reared strains (p = 1.00) (Figure 5.2 B).  

The Shannon-Weiner diversity index in SENN was significantly higher than the F1 population 

of fifteen-day-old non-blood fed adults (p = 0.02) (Figure 5.2 C). No significant differences 

were observed in the Shannon-Weiner diversity indices between the SENN DDT and the F1 

population of fifteen-day old non-blood fed adults (p = 0.06) (Figure 5.2 C). No significant 

differences were observed in the Shannon-Weiner diversity indices between the fifteen-day 

old non-blood fed laboratory reared strains (p = 0.42) (Figure 5.2 C). 

The Shannon-Weiner diversity indices of fifteen-day-old blood fed adults were significantly 

higher in SENN compared to SENN DDT (p < 0.01) and the F1 population (p < 0.01) (Figure 

5.2 D). The Shannon-Weiner diversity index of fifteen-day-old blood fed adults was 

significantly higher in SENN DDT compared to the F1 population  (p < 0.01) (Figure 5.2 D).  

 



89 

 

Figure 5.2 Comparison of the species richness and evenness of the gut mycobiota between 

laboratory reared and F1 populations of Anopheles arabiensis at different life stages.  

Shannon-Weiner diversity indices of the gut mycobiota for laboratory reared (SENN and 

SENN DDT) and the F1 population of An. arabiensis at different life stages (A) For fourth 

instar larvae. (B) For three-day-old adults. (C) For fifteen-day old non-blood-fed adults. (D) 

For fifteen-day old blood-fed adults. Comparisons of the diversity indices between laboratory 

reared (SENN and SENN DDT) and the F1 population of An. arabiensis across life stages 

were assessed using a Kruskal-Wallis rank-sum test. The dots represent the number of 

biological replicates used for each group. Significant differences in the diversity indices 

between samples are indicated by bold print. 
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5.3.2 β-diversity of the gut mycobiota  

The β-diversity between the gut mycobiota of laboratory reared (SENN and SENN DDT) and 

the F1 population of An. arabiensis for each life stage was visualised using Non-Metric 

Dimensional Scaling (NMDS) ordination. The differences in the fungal communities were 

assessed using the Bray-Curtis dissimilarity distances. Permutational multivariate analysis 

(PERMANOVA) was used to determine if there were any significant differences in the 

diversity between SENN, SENN DDT, and the F1 population. Bray-Curtis dissimilarity 

distances showed significant differences in the diversity between the F1 population and the 

laboratory reared strains for each life stage. Larvae (PERMANOVA; p = 0.01, F = 3.10, stress 

value = 0.11), three-day-old adults (PERMANOVA; p = 0.01, F = 3.10, stress value = 0.11), 

fifteen-day-old non-blood-fed adults (PERMANOVA; p = 0.01, F = 1.11, stress value = 0.10), 

and fifteen-day-old blood-fed adults (PERMANOVA; p = 0.01, F = 3.67, stress value = 0.11). 

The fungal diversity in fourth instar larvae differed between all the strains, as no overlapping 

was observed (Figure 5.3 A). There were similar clustering patterns and overlapping in the 

diversity of fungal communities across adult life stages. The fungal communities in adult 

SENN and SENN DDT strains (laboratory reared) clustered closely and overlapped. The 

fungal communities in the F1 population adults clustered separately from the laboratory reared 

adults (Figure 5.3 B-D).  

Notably, the fungal diversity of three-day old F1 population adults was greater than that of 

three-day old laboratory reared adults (Figure 5.3 B). Additionally, the fungal diversity in 

fifteen-day old non-blood fed SENN adults was greater than SENN DDT and the F1 

population (Figure 5.3 C). The fungal diversity in fifteen-day old blood fed SENN DDT 

adults was greater than SENN and the F1 population (Figure 5.3 D). 
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Figure 5.3 Differences in the fungal diversity of the gut mycobiota between laboratory reared 

strains and F1 populations of Anopheles arabiensis across different life stages.  

A visual representation of the β-diversity analysis of the gut mycobiota between laboratory 

reared strains (SENN and SENN DDT) and the F1 population of An. arabiensis for different 

life stages, including (A) Fourth instar larvae. (B) Three-day-old adults. (C) Fifteen-day old 

non-blood fed adults. (D) Fifteen-day old blood-fed adults. Different colours represent the 

different An. arabiensis strains, insecticide susceptible laboratory reared An. arabiensis 

(SENN) as green, insecticide resistant laboratory reared An. arabiensis (SENN DDT) as blue, 

and F1 population of An. arabiensis as red. Significant differences in the fungal diversity 

between the strains were assessed using a PERMANOVA (p = 0.01). 
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5.3.3 Overlapping fungal communities  

The overlapping fungal genera between laboratory reared (SENN and SENN DDT) and the F1 

population of An. arabiensis for the different life stages were analysed and numerically 

represented on UpSet plots. Fungi identified up to the genus level are listed below. Not all 

fungal communities were identified to the respective taxonomic levels, which is a limitation 

of ITS sequencing [298]. Therefore, the identified fungal communities may not correspond to 

the numbers below. 

Eight fungal genera were shared between SENN, SENN DDT, and the F1 population fourth 

instar larvae, including Saccharomyces, Penicillium, Epicoccum, Cladosporium, and Candida. 

Moesziomycesone was shared between SENN and SENN DDT larvae. Four genera were 

shared between the F1 population and SENN larvae, including Papiliotrema, Chaetomium, 

and Auricularia. Seven unique genera were identified in the F1 population, including 

Colacogloea, Mucor, Rhodotorula, Sporobolomyces, and Wallemia. The insecticide 

susceptible strain SENN had seven unique genera, including Alternaria, Aspergillus, 

Curvibasidium, Exophiala, Malassezia, Neoascochyta, and Paraconiothyrium. The insecticide 

resistant strain SENN DDT had two unique genera, including Cystobasidium and Meira 

(Figure 5.4 A). 

Five genera were shared between SENN, SENN DDT, and the F1 population in three-day old 

adults, including Candida and Cladosporium. There were no shared genera between three-day 

old laboratory reared adults. Auricularia was common between three-day old SENN and the 

F1 population adults. Three genera were shared between three-day old SENN DDT and the F1 

population adults, including Wallemia and Chaetomium. Twelve fungal genera were unique to 

three-day old F1 population adults, including Candida, Chytridiomycota, Cryptococcus, 

Dimennazyma, Fonsecazyma, Kurtzmaniella, Meira, Neoascochyta, Papiliotrema, 

Phaeococcomyces, Saccharomyces, Vishniacozyma and Zygoascus. Five genera were unique 

to three-day old SENN adults, including Alternaria, Aureobasidium, Penicillium, 

Rhodotorula, and Didymella. Peniophora was unique to three-day old SENN DDT adults 

(Figure 5.4 B). 
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Candida was common in fifteen-day old non-blood fed SENN, SENN DDT, and F1 

population adults. Five fungal genera were shared between fifteen-day old non-blood fed 

SENN and SENN DDT adults, including Kurtzmaniella, Epicoccum, Aureobasidium, 

Papulaspora, and Rhodotorula. Fifteen-day old non-blood fed SENN DDT and the F1 

population adults shared three genera, including Penicillium, Malassezia, and Alternaria. 

Three genera were unique to fifteen-day old non-blood fed F1 population adults: Auricularia 

and Chaetomium. Eight genera were unique to fifteen-day old non-blood fed SENN adults, 

including Cordyceps, Marasmius, Neoascochyta, Spissiomyces, Wallrothiella, 

Wickerhamiella, Beauveria, and Zygoascus. Ten genera were unique to fifteen-day old non-

blood fed SENN DDT adults, including Cladosporium, Cystofilobasidium, Fusarium, 

Meyerozyma, Naganishia, Papiliotrema, Plectosphaerella, Saccharomyces, and 

Toxicocladosporium (Figure 5.4 C). 

Fifteen-day-old blood-fed SENN, SENN DDT, and F1 population adults shared seven genera, 

including Candida, Kurtzmaniella, Cladosporium, and Malassezia. Fifteen-day-old blood-fed 

laboratory reared strains shared eight genera, including Alternaria, Cordyceps, Epicoccum, 

Papulaspora, Penicillium, Rhodotorula, Beauveria, and Saccharomyces. Papiliotrema was 

shared between fifteen-day old non-blood fed SENN DDT and the F1 population adults. 

Fourteen fungal genera were unique to fifteen-day old non-blood fed F1 population adults, 

including Chaetomium, Cladophialophora, Didymella, Fuscoporia, Genolevuria, Yurkovia, 

Mycoarthris, Oberwinklerozyma, Oliveonia, and Petrophila. Four unique genera were unique 

to fifteen-day old non-blood fed SENN adults, including Spissiomyces, Sarcinomyces, 

Pseudopithomyces, and Aureobasidium. Twelve genera were unique to fifteen-day old non-

blood fed SENN DDT adults, including Aspergillus, Blumeria, Cryptococcus, Exserohilum, 

Filobasidium, Fusarium, Naganishia, Neodendryphiella, and Toxicocladosporium (Figure 5.4 

D). 
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Figure 5.4 Comparison of overlapping fungal genera between laboratory reared and F1 

populations of Anopheles arabiensis across different life stages. 

Comparisons between shared fungal genera for the laboratory reared insecticide susceptible 

strain (SENN), the laboratory reared insecticide resistant strain (SENN DDT), and the F1 

population of An. arabiensis were assessed for the following life stages: (A) fourth instar 

larvae, (B) three-day old adults, (C) fifteen-day old non-blood-fed adults, and (D) fifteen-day 

old blood-fed adults. 
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5.3.4 Differential abundance of fungal genera  

Differential abundance of the gut mycobiota of fourth instar larvae with pairwise comparisons 

was assessed between the insecticide susceptible laboratory reared (SENN), insecticide 

resistant laboratory reared (SENN DDT), and the F1 population. Differentially abundant 

genera were considered significantly different when the assigned log2 Fold Change values 

were compared and had a p-value < 0.01. 

When comparing the relative abundance of fungal communities between fourth instar larvae 

in laboratory reared strains, Meira was significantly abundant in SENN DDT (Figure 5.5 A).  

When comparing the relative abundance of fungal communities in the SENN and F1 

population fourth instar larvae, Curvibasidium, Malassezia, Cladosporium, Moaesziomyces, 

and Candida were differentially abundant in SENN larvae. Colacogloea, Penicillium, 

Rhodotortula, papiliotrema, and Candida were significantly abundant in the F1 population 

larvae (Figure 5.5 B).  

When comparing the relative abundance of fungal communities between SENN DDT and F1 

population fourth instar larvae, Meira and Candida were differentially abundant in SENN 

DDT larvae. Colacogloea, Rhodotortula, Papiliotrema, and Candida were significantly 

abundant F1 population larvae (Figure 5.5 C).  
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Figure 5.5 Pairwise comparisons of differentially abundant fungal genera between SENN, SENN DDT, and the F1 population of fourth instar 

larvae. 

(A) Differentially abundant fungal genera in SENN vs SENN DDT. (B) Differentially abundant fungal genera in SENN vs the F1 population. (C) 

Differentially abundant fungal genera in SENN DDT vs the F1 population. Fungal genera were considered differentially abundant when the Log2 

Fold Change value had a significance threshold of p < 0.01. The genus name on either side of the dotted line shows where the relevant fungal 

genera are more abundant. 
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Differential abundance of the gut mycobiota of three-day old adults with pairwise 

comparisons was assessed between the insecticide susceptible laboratory reared (SENN), 

insecticide resistant laboratory reared (SENN DDT), and the F1 population. Differentially 

abundant genera were considered significantly different when the assigned log2 Fold Change 

values were compared and had a p-value < 0.01. 

There were no differentially abundant fungal genera when comparing the relative abundance 

of fungal communities between three-day old adults in laboratory reared strains. Candida was 

significantly abundant in the F1 population of three-day old adults when compared to the 

laboratory reared three-day old adults (data not shown).  

Differential abundance of the gut mycobiota of fifteen-day old non-blood fed adults with 

pairwise comparisons was assessed between the insecticide susceptible laboratory reared 

(SENN), insecticide resistant laboratory reared (SENN DDT), and the F1 population. 

Differentially abundant genera were considered significantly different when the assigned log2 

Fold Change values were compared and had a p-value < 0.01. 

A comparison of the relative abundance in fungal communities between fifteen-day old non-

blood fed SENN and SENN DDT adults showed that Candida and Fusarium were 

significantly abundant in SENN DDT (Figure 5.6 A).  

When comparing the relative abundance of fungal communities between the fifteen-day old 

non-blood fed SENN and F1 population adults, Candida, Kurtzmaniella, and Chaetomium 

were significantly abundant in SENN adults (Figure 5.6 B).  

When comparing the relative abundance of fungal communities between the fifteen-day old 

non-blood fed SENN DDT and F1 population adults. Fusarium, Kurtzmaniella, 

Aureobasidium, and Candida were significantly abundant in SENN DDT adults. Chaetomium 

was significantly abundant in F1 population adults (Figure 5.6 C).   
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Figure 5.6 Pairwise comparisons of differentially abundant fungal genera between SENN, SENN DDT, and the F1 population of fifteen-day old 

non-blood fed adults. 

(A) Differentially abundant fungal genera in SENN vs SENN DDT. (B) Differentially abundant fungal genera in SENN vs the F1 population. (C) 

Differentially abundant fungal genera in SENN DDT vs the F1 population. Fungal genera were considered differentially abundant when the Log2 

Fold Change value had a significance threshold of p < 0.01. The genus name on either side of the dotted line shows where the relevant fungal 

genera are more abundant. 
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Differential abundance of the gut mycobiota of fifteen-day old blood fed adults with pairwise 

comparisons was assessed between the insecticide susceptible laboratory reared (SENN), 

insecticide resistant laboratory reared (SENN DDT), and the F1 population. Differentially 

abundant genera were considered significantly different when the assigned log2 Fold Change 

values were compared and had a p-value < 0.01. 

When comparing, the relative abundance of fungal communities between fifteen-day old 

blood fed SENN and SENN DDT adults, Fusarium, Malasseizia, and Blumeria were 

significantly abundant in SENN DDT adults (Figure 5.7 A).  

When comparing the relative abundance of fungal communities between SENN and F1 

population fifteen-day old blood fed adults, Candida and Chaetomium were significantly 

abundant in F1 population adults (Figure 5.7 B).   

When comparing the relative abundance of fungal communities between SENN DDT and F1 

population fifteen-day old blood fed adults. Fusarium, Malasseizia, and Blumeria were 

significantly abundant in SENN DDT adults. Candida and Chaetomium were significantly 

abundant in F1 population adults (Figure 5.7 C).   
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Figure 5.7 Pairwise comparisons of differentially abundant fungal genera between SENN, SENN DDT, and F1 population of fifteen-day old 

blood fed adults. 

(A) Differentially abundant fungal genera in SENN vs SENN DDT. (B) Differentially abundant fungal genera in SENN vs the F1 population. (C) 

Differentially abundant fungal genera in SENN DDT vs the F1 population. Fungal genera were considered differentially abundant when the Log2 

Fold Change value had a significance threshold of p < 0.01. The genus name on either side of the dotted line shows where the relevant fungal 

genera are more abundant. 
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Differential abundance of the gut mycobiota of the insecticide susceptible laboratory reared 

(SENN), insecticide resistant laboratory reared (SENN DDT), and the F1 population with 

pairwise comparisons were assessed between the fifteen-day old blood-fed and non-blood-fed 

adults. Differentially abundant genera were considered significantly different when the 

assigned log2 Fold Change values were compared and had a p-value < 0.01. 

When comparing the relative abundance of fungal communities between fifteen-day old blood 

fed and non-blood fed F1 population adults, Candida and Kurtzmaniella were significantly 

abundant in the F1 population blood fed adults (Figure 5.8 A).  

When comparing the relative abundance of fungal communities between fifteen-day old blood 

fed and non-blood fed SENN adults, Candida was significantly abundant in SENN non-blood 

fed adults (Figure 5.8 B).  

When comparing the relative abundance of fungal communities between fifteen-day old blood 

fed and non-blood fed SENN DDT adults. Fusarium, Malasseizia, and Blumeria were 

significantly abundant in blood fed SENN DDT adults. Aureobasidium and Candida were 

significantly abundant in non-blood fed SENN DDT adults (Figure 5.8 C).       
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Figure 5.8 Pairwise comparisons of differentially abundant fungal genera between fifteen-day old non-blood fed and blood fed adults for the F1 

population, SENN, and SENN DDT. 

(A) Differentially abundant fungal genera in blood fed vs non-blood fed F1 population adults. (B) Differentially abundant fungal genera in blood 

fed vs non-blood fed SENN adults. (C) Differentially abundant fungal genera in blood fed vs non-blood fed SENN DDT adults. Fungal genera 

were considered differentially abundant when the Log2 Fold Change value had a significance threshold of p < 0.01. The genus name on either 

side of the dotted line shows where the relevant fungal genera are more abundant. 
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5.4 Discussion  

The gut mycobiome of Anopheles is less examined than the bacterial component of the 

microbiome. This is particularly true for the species found in Southern Africa, such as An. 

arabiensis. This experiment aimed to add to the body of knowledge on this subject. This study 

characterised the gut mycobiome of fourth instar larvae, three-day old adults, fifteen-day old 

non-blood fed adults, and fifteen-day old blood fed adults in laboratory reared insecticide 

susceptible (SENN) and insecticide resistant (SENN DDT) strains of An. arabiensis as well as 

F1 population An. arabiensis. 

As previously described in CHAPTER 3, the bacterial diversity was not significantly 

different between the laboratory reared strains SENN and SENN DDT. However, this pattern 

does not apply to the gut mycobiota. Although there is no significant difference in the richness 

between the laboratory reared strains, there are differences in the diversity of the gut 

mycobiota. This is particularly notable at the larval stage as well as after the consumption of a 

blood meal. The mycobiota of SENN was significantly more even than SENN DDT. This 

suggests that the differences in diversity of the mycobiota could be a result of the larval 

environment and because of blood feeding.  

The larval food used in the insectary consists of powdered dog biscuits and Brewer’s yeast 

Saccharomyces cerevisiae. Therefore, the difference in the diversity of the gut mycobiota in 

larvae may be in part accounted for by different amounts of larval food consumed by the 

individual mosquitoes assayed [281]. The difference in the diversity of the gut mycobiota in 

fifteen-day old blood fed adults could be the result of physiological differences between the 

laboratory reared strains. A previous study noted that SENN and SENN DDT have a 

differential response to blood feeding. The SENN DDT strain had a lower oxidative stress in 

response to blood feeding than SENN [106]. This physiological difference could have affected 

the diversity of the gut mycobiota, while it did not affect the gut bacteria. To verify this, 

additional investigation into potential strain-specific variations in gut pH, which could impact 

the effectiveness of fungal growth, would be necessary.  

In contrast to the gut bacteria, the α-diversity of the F1 population gut mycobiota does not 

exhibit a marked difference, as only the larvae have a significantly higher fungal richness than 

the laboratory reared strains. However, the diversity of the gut mycobiota is more variable 

than the richness, as the larvae display a significantly higher diversity in SENN but not SENN 
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DDT. The diversity was greatest in the three-day old F1 population, but the diversity was the 

lowest in fifteen-day old blood fed adults compared to the laboratory reared strains. This 

indicates that the gut mycobiota is more affected by the effects of multiple blood meals than 

the gut bacteria.  

The β-diversity analysis between SENN, SENN DDT and F1 population across various life 

stages differs and appears to be a function of the α-diversity. Interestingly, it could be 

expected to see the greatest difference in the β-diversity of the F1 population larvae. However, 

the three-day old F1 population adults display the greatest diversity. This is followed by a 

significant decrease thereafter. Notably, in the fifteen-day old non-blood fed adults, there is an 

overlap between the laboratory reared strains. The fifteen-day old non-blood fed F1 population 

adults does not overlap with the fifteen-day old non-blood fed laboratory reared adult strains. 

This suggests that regardless of whether the mosquitoes are laboratory reared or F1 

population, the diversity of the gut mycobiome undergoes significant changes with age. 

Consequently, the mycobiota diversity of epidemiologically relevant females may be the least 

diverse among the life stages examined.   

The gut mycobiota of the different life stages of An. arabiensis strains used in this study are 

predominantly made up of fungi from the phyla Ascomycota and Basidiomycota. This is 

consistent with previous mycobiome studies conducted with other mosquito vectors, 

including Aedes and Culex, for both larval and adult life stages [273,278,287,288]. The same 

is true for previous studies done on Anopheles vectors: An. coluzzii, An. gambiae, and An. 

stephensi [274,290]. Common fungal genera in Anopheles adults include Meyerozyma 

Rhodotorula, Aspergillus, Malassezia, Cladosporium, and Phoma [274,290]. This study 

suggests a core gut mycobiome for the larval and adult life stages between the different strains 

of An. arabiensis. Laboratory reared and the F1 population fourth instar larvae had genera 

including Saccharomyces, Penicillium, Epicoccum, Cladosporium, and Candida present. 

Candida and Cladosporium were shared between three-day old and fifteen-day old non-blood 

fed adults. However, to assess whether these fungi are physiologically relevant to An. 

arabiensis, further studies on gut mycobiota-host interactions are needed.  

In general, the F1 population had the highest number of unique genera, followed by SENN 

DDT. However, in fifteen-day old non-blood adults, SENN DDT had the highest amount of 

unique fungal genera. This is a marked change from the larvae, where SENN and the F1 

population had the highest number of unique fungal genera. Dietary differences could 



105 

 

potentially account for these differences [241]. This would need to be confirmed by controlled 

environmental and dietary experiments. A more likely explanation is related to the insecticide 

resistance phenotype. The F1 population have a low level of insecticide resistance [31], and 

their patterns are similar to that of the insecticide resistant strain. Although it may not be due 

to the presence of insecticide-degrading fungi, it may result from the pleiotropic physiological 

differences in the gut that exist due to the presence of the insecticide resistant phenotype.  

Fungi play important roles in nutrition, as some fungal symbionts have digestive roles [61]. 

For example, filamentous fungi Cladosporium and Aspergillus are suggested to have an 

essential role in fructose digestion in Aedes albopictus adults [61]. Cladosporium was 

observed in all strains of An. arabiensis used in this study. This mould is, therefore, an 

essential part of the core mycobiota. Further studies are needed to confirm if this mould is 

necessary for fructose digestion in An. arabiensis. After ingesting a blood meal, Meyerozyma 

and Cladosporium were dominant in other mosquito vector species [278,286]. In this study, 

Candida, Kurtzmaniella, Cladosporium, and Malassezia were identified in fifteen-day old 

blood fed adults. However, the fungal genera Kurtzmaniella and Malassezia were 

significantly abundant in fifteen-day old blood fed adults. This suggests that other fungal 

genera observed in An. arabiensis used in this study may also be necessary for blood 

digestion. 

This study identified the entomopathogen Beauveria bassiana in the guts of fifteen-day-old 

laboratory reared SENN and SENN DDT strains. Previous studies have noted that this 

entomopathogen can successfully invade the gut of field-caught and F1 An. arabiensis and 

interact with the mosquito, resulting in a reduced lifespan [284,285]. The impact of the 

presence of this fungus on the life history of these strains remains uncertain. Penicillium 

chrysogenum has been identified as a fungus that increases Anopheles' susceptibility to 

Plasmodium infection by interfering with the host immune system [294]. This specific fungal 

species was found across all life stages of the An. arabiensis strains under investigation. 

Therefore, it is worth investigating the presence of P. chrysogenum in other members of the 

An. gambiae complex could provide valuable insights into its potential role in the vector 

competence of An. arabiensis. 

Limitations in this study include the inability to identify fungi at the genus or species level, 

likely due to the primers used in this experiment [273,286]. However, to date, there are no 

generalised or standardised primers for fungal identification for the mosquito mycobiome. For 
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example, studies have used ITS2 primers (fITS7 and ITS4), which are primarily efficient in 

identifying fungi from the phyla Ascomycota and Basidiomycota [273,286]. These phyla 

alone are insufficient to provide better insight into the dynamics of the fungal mycobiome in 

vectors. Additionally, studies have also used 18S rRNA genes to identify fungi in Anopheles, 

however, this method requires peptide-nucleic acid oligonucleotides (called PNA blockers) to 

suppress the mosquito's 18S rRNA gene to allow for the detection of the mosquito’s 

eukaryotic microbiome [299,300]. A standardised procedure for fungal identification in the 

mosquito is required to develop a more efficient catalogue of the mycobiota [101]. This is 

important as further studies of the fungal communities are needed to develop microbial-based 

approaches for vector control.  

Furthermore, additional investigations are required to determine the role of fungi in 

mosquitoes. Currently, the knowledge surrounding the gut mycobiota in vector immunity, 

pathogen transmission and susceptibility, and mosquito fitness is limited compared to the 

bacterial component of the gut microbiota [101]. Additionally, culture-dependent studies are 

needed to obtain culturable fungi for microbial-based vector control strategies.  

5.5 Conclusion 

In conclusion, these results have provided a broad range of information on the composition 

and diversity of the fungal communities in the guts of both larval and adult An. arabiensis. A 

diverse spectrum of fungi was identified in the guts of An. arabiensis, including 

entomopathogenic and symbiotic fungi. The diversity of the gut mycobiota of the F1 

population is notably influenced by diet and age. There is less variety in the gut mycobiota 

between the F1 population and laboratory reared An. arabiensis compared to bacteria. 

Additionally, the shared fungal genera in the F1 population are more similar to those found in 

the insecticide resistant strain rather than the susceptible one. Despite this, there are sufficient 

common species to suggest the presence of a core mycobiome, which may contribute to 

various aspects of An. arabiensis biology. However, limitations in the identification of fungal 

species and gaps in understanding mosquito mycobiota physiology suggest that the 

mycobiome may not be as suitable a target for paratransgenesis as the bacteriome. This is 

mainly due to changes induced by blood meals, which could reduce the effectiveness of 

paratransgenesis involving fungal symbionts. Nonetheless, this comprehensive catalogue of 

fungi has enriched our knowledge of the fungal mycobiota, opening avenues for further 

research and exploration. 
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CHAPTER 6 

The impact of exposure to variable salt concentrations on larvae and its effects on the 

life history and gut microbiota of Anopheles merus 

The data for this chapter was published at https://doi.org/10.3390/insects13121165. This 

manuscript can be found in Appendix 2: Manuscripts. 

6.1 Introduction  

Mosquito larvae typically inhabit freshwater environments [18]. This is because most 

mosquito species cannot survive in aquatic environments where the osmotic stress exceeds the 

osmolarity of the haemolymph (300 osmol/L) [301]. This concentration is approximately 

equivalent to 30% seawater [301]. However, studies have indicated that mosquito species with 

a higher osmotolerance can survive in hypersaline conditions [302]. The most notable 

osmotolerant mosquitoes belong to the genus Aedes, including Ae. detritus, Ae. aegypti, and 

Ae. albopictus [303–306]. Other mosquito vector species, including Culex quinquefasciatus 

and Cx. pipiens have also been found to be osmotolerant [304]. Within the Anopheles genus, 

some species possess osmotolerance, including An. aquasalis, An. sundaicus, and An. 

multicolor[304,307–309]. Some members of the An. gambiae complex are osmotolerant. This 

includes An. bwambae, An. melas, and An. merus [18].  

In the An. gambiae complex, An. merus and An. melas are considered the dominant vector 

species in parts of Africa [18,310]. However, these species are not as efficient in malaria 

transmission as other members of the complex, including An. gambiae and An. arabiensis 

[18]. Anopheles merus and An. melas have achieved dominant vector status as they have been 

found in high densities and contribute to malaria transmission [177,311–317]. Anopheles 

melas are found in brackish water, saline pools, and mangroves along the western coasts of 

Africa [318,319]. These mosquitoes have been implicated in malaria transmission in western 

African countries such as Gambia, Equatorial Guinea, and Senegal [311,313,317]. Anopheles 

merus are found in shallow brackish water, saltwater marshes, or swamps in areas along the 

eastern and southern coasts of Africa [18]. They have also been found inland in saline 

pools[320]. Anopheles merus has been implicated in malaria transmission in Kenya, 

Madagascar, Tanzania, and Mozambique [177,314–316].  

 

https://doi.org/10.3390/insects13121165
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In South Africa, An. merus has been found in all three malaria-endemic provinces and is the 

most prevalent member of the An. gambiae complex in the Ehlanzeni District in Mpumalanga 

province [179,321]. Despite this, An. merus has not yet been implicated in malaria 

transmission [321]. However, it is possible that in the absence of a dominant vector species, 

An. merus can act as a dominant vector species, as reviewed by Bartilol [175]. More 

specifically, increased density populations of An. merus can potentially contribute to the 

transmission of malaria [18,316,322]. There is an increased abundance and distribution of An. 

merus in Mpumalanga, South Africa [179]. Therefore, it is a species of concern for vector 

control in South Africa.   

Anopheles merus is primarily outdoor resting, outdoor biting, and predominantly animal 

biting[18]. However, studies on An. merus feeding and resting behaviour have shown that 

they also feed on humans indoors and will rest either indoors or outdoors [176,177,315,323]. 

Additionally, in Mpumalanga, South Africa, An. merus has been suggested to have low-level 

resistance to the insecticide DDT due to selective pressure that is potentially driven by the 

contamination of larval breeding sites [181]. Therefore, similar to An. arabiensis, 

conventional vector control strategies employing insecticides, which primarily target indoor 

biting and resting vectors, may not be sufficient to control An. merus effectively [29].   

Many environmental factors contribute to the occurrence of An. merus larvae in a particular 

aquatic habitat, one of the significant determinants includes the salinity of the water in the 

breeding site [324]. It has been observed that the concentration of salt varies in different 

seasons. During the dry season, An. merus densities have been noted to increase, while 

freshwater species in the An. gambiae complex decrease [181,220]. During the rainy season, 

the salinity of the breeding water decreases; during the dry season, the salinity of the breeding 

water increases due to evaporation [325]. This means that An. merus can survive in a range of 

salt concentrations and will have seasonal variations in salt tolerance [325]. This highlights 

the importance of understanding the effects of An. merus’ adaptability to varying salinities as 

it possibly contributes to the ecology and biology of this minor vector species. 

The osmotolerance of An. merus is a poorly examined characteristic. However, studies have 

described the effect of salt dosage on An. merus development [326]. While the effect of larvae 

breeding in variable salinities has been studied, the effect on emerging adults has not yet been 

examined. Although it has been demonstrated that immune genes are predominantly 
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downregulated in larvae with increasing salt concentration [326], it is not known whether this 

has a carry-through effect on the adult.  

There is limited information regarding An. merus' capability to adapt to changes in the salinity 

of its aquatic habitat and the impact that this would have on the mosquito's life history traits 

and gut microbiota. This is important in vector biology as it has been established that the 

larval environment dictates adult fitness [327–330]. The larval environment affects life history 

traits such as adult longevity, size, fertility, and fecundity, which have been linked to vector 

competence [327–330]. For example, the presence of organic fertiliser in the larval 

environment of laboratory-reared An. merus resulted in a significant increase in their 

longevity [331]. Additionally, the larval environment plays a critical role in shaping the 

microbial community in the gut of Anopheles [41,273]. The effect of the larval environment 

on the adult gut microbiota is an important factor to consider, as the gut microbiota of 

mosquitoes is essential for development and pupation [41,332] and plays a crucial role in 

adult life history [67,333]. Furthermore, the gut microbiota plays a vital role in the capacity of 

Anopheles mosquitoes to successfully transmit the Plasmodium parasite [43,93]. The effect of 

changes in the salinity of the larval environment on the gut microbiota of An. merus has not 

yet been examined. This study has provided insight into the effect of changes in the salinity of 

the larval environment on the life history traits and gut microbiota of laboratory reared An. 

merus adults.  

6.2 Materials and Methods 

The An. merus strain, MAFUS, used in this study was routinely maintained in a solution of 

50% seawater concentration (17.5 g of sodium chloride/ 1L of water) as this is the maximum 

concentration it can tolerate. There have been reports of South African An. merus breeding in 

seawater concentrations as high as 123% [175,320], this laboratory strain could not survive at 

such elevated salt levels. Although wild An. merus populations in South Africa can tolerate 

higher salt concentrations, the 50% seawater solution was chosen as it was the highest 

concentration the strain could tolerate and because it effectively excluded other members of 

the An. gambiae complex [326]. Therefore, 50% seawater represented the highest salt 

concentration used, with all other concentrations being derived from dilutions of this value.  

Seawater concentrations were prepared as follows: 50% seawater (17.5g of NaCl/L of H2O), 

25% seawater (8.75g of NaCl/L of H2O), 12.5% seawater  (4.375g of NaCl/L of H2O), 6.25% 
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seawater (2.1875g of NaCl/L of H2O), and 0% seawater which constituted of reverse osmosis 

water without any salt. For each experiment, except larval development and adult longevity, 

200 first-instar larvae under 24 hours old were collected from the existing colony and 

transferred to a plastic container (214 x 155 x 80 mm) containing 1L of the respective 

seawater concentrations. The insectary conditions were as described in General Materials 

and Methods. Larvae were fed an equal amount of larval food until pupation, and the 

emerging adults were allowed ad libitum access to a 10% (w/v) sucrose solution. 

6.2.1 Larval development 

Development time was measured as the time to pupation. Fifty first-instar larvae were set up 

in seawater concentrations previously described. Larvae were allowed to pupate, and the 

number of pupae was recorded for each seawater concentration set-up. This experiment was 

replicated three times using cohorts originating from three separate egg batches for each 

seawater concentration under investigation. The development time was assessed using a 

Kaplan-Meier [334] estimator with a Log-rank test [335] as the measure of significance. 

6.2.2 Adult longevity 

Pupae from the larval development experiment set-ups were collected and allowed to emerge 

into adults in a cage with ad libitum access to 10% (w/v) sucrose solution; the sucrose 

solution was changed twice a week. The mortality was recorded daily, and cadavers were 

removed. The experiment was considered complete once all the individuals in the cage were 

dead. This experiment was replicated three times using cohorts originating from three separate 

egg batches for each seawater concentration under investigation. The longevity was analysed 

using a Kaplan-Meier [334] estimator with a log-rank test [335] as the measure of 

significance. 

6.2.3 Fecundity and fertility 

Fecundity is the number of eggs laid, and fertility is the percentage of eggs hatched [336]. 

Larvae originating from the previously described seawater concentrations were allowed to 

develop into adult mosquitoes. Newly emerged adults (fifty males and twenty-five females) 

were collected and placed into a cage with ad libitum access to a 10% (w/v) sucrose solution. 

The females were subjected to a human blood meal at the ages of three and seven days. 

Bloodmeals were provided by a single consenting human volunteer (SVO) per the ethics 
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waiver (Appendix 1: Ethics Waiver). At eleven days, the females were allowed to oviposit 

for 18 hours. The egg plate was removed, and the eggs were allowed to hatch for seventy-two 

hours. The number of hatched larvae and remaining unhatched eggs were counted. This 

experiment was replicated four times using cohorts originating from four separate egg batches 

for each seawater concentration under investigation. The data was analysed using a Chi-

squared test [337]. 

6.2.4 Insecticide tolerance 

Lethal time was measured using a CDC bottle bioassay [338]. Non-blood-fed three-day-old 

females were exposed to 0.001 mg/mL of deltamethrin for either two, four, eight, sixteen, or 

thirty-two minutes as described in Samuel et al.  [339]. Adults were removed from the bottles 

after the set time and were allowed ad libitum access to a 10% (w/v) sucrose solution. 

Controls included an experiment control where the mosquitoes were not exposed to 

deltamethrin (zero minutes) and a solvent control where the mosquitoes were exposed to a 

bottle coated in acetone only. The mortality was recorded 24 hours after exposure to 

deltamethrin. The lethal times were calculated by probit analysis [340]. The experiment was 

replicated five times using cohorts originating from five separate egg batches for each 

seawater concentration under investigation. Data analysis for normality was done using the 

Shapiro-Wilk test, and the means were compared using a one-way analysis of variance 

(ANOVA) with an alpha value of 5% [341]. A Tukey HSD test was used as a post-hoc test 

[342].  

6.2.5 Gut microbiota analysis with Next-Generation Sequencing 

The effect of larval exposure to varying seawater concentrations on the gut microbiota of 

laboratory-reared An. merus (MAFUS) was conducted as described in General Materials 

and Methods.  

The gut microbiota was characterised for fourth instar larvae and three-day old adults for each 

seawater concentration under investigation (0%, 6.25%, 12.5%, 25%, and 50%). Five 

replicates for each life stage were prepared. Each replicate consisted of three midguts for each 

seawater concentration. Total genomic DNA from the mosquito's midgut was extracted using 

the Qiagen DNeasy Blood & Tissue kit (Cat no. 69506) as described in 2.1.4 Midgut 
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dissection and DNA extraction. The gut microbiota of the specimens were then processed 

and identified as described in 2.2 Next-Generation Sequencing of the gut microbiota. 

6.3 Results 

The effects of variable salt concentrations in the larval environment on the life history 

traits of An. merus  

6.3.1 Effects of variable salt concentrations in the larval environment on larval 

development 

Larvae reared in 50% (17.5 NaCl g/L) and 25% (8.75 NaCl g/L) seawater took significantly 

longer to pupate compared to larvae reared in other salinities (log-rank test: p < 0.01, χ2 = 

112.15, df = 2). There were no significant differences in the time to pupation of the larvae 

between the 0%, 6.25% (2.188 NaCl g/L), and 12.5 % (4.375 NaCl g/L) seawater 

concentrations (p = 0.85, χ2 = 0.31, df = 2) (Figure 6.1 A). 

6.3.2 Effects of variable salt concentrations in the larval environment on adult longevity 

There was a significant effect on the longevity of females (p < 0.01, χ2 = 16.81, df = 4), 

which was due to the reduced longevity of the females reared from 25% seawater (Figure 6.1 

B). 

6.3.3 Effects of variable salt concentrations in the larval environment on fecundity and 

fertility 

Changes in larval salt exposure affected the fecundity and fertility of An. merus. There was a 

significant increase in the fecundity (number of eggs laid) in MAFUS reared from the 50% 

seawater (p = 0.03, χ2 = 124.8, df = 12). A Tukey post-hoc test showed that the significance 

was due to the difference between the 0% and 50% seawater treatments (Figure 6.1 C). In 

addition, there was a significant increase in the fertility (percentage of eggs hatched) of 

MAFUS reared in 12.5% seawater (p < 0.01; χ2 = 2767 df = 12). A Tukey post-hoc test 

showed that the significance was due to the difference between the 0% and 12.5% treatments 

(Figure 6.1 D).  
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6.3.4 Effects of variable salt concentrations in the larval environment on insecticide 

tolerance of adults 

Adults reared from different salinities impacted and altered their sensitivity to deltamethrin. A 

Tukey post-hoc test on LT50 values demonstrated that this was due to the differences between 

0% and 50% treatments (one-way ANOVA: p = 0.03, F(4, 21) = 3.20), without any differences 

observed between the adults reared from 6.25%, 12.5%, and 25% seawater (Figure 6.1 E). 

This was emphasised by the LT99 values, where the adults reared from 50% seawater had the 

highest lethal time and was significantly different from all other adults reared from the other 

seawater concentrations (p < 0.01, F(4, 21) = 6.74) (Figure 6.1 F). 
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Figure 6.1 The effect of variable salinities on the life history traits of Anopheles merus.  

(A) Larval development in different seawater concentrations, asterisks (*) indicate a 

significant difference in larval development time from the untreated control. (B) Adult 

longevity of females reared from different seawater concentrations. (C) Fertility of adults 

reared from the different seawater concentrations, asterisks (*) represent a significantly 

different number of eggs from the untreated control and (D) fecundity of adults reared from 

different seawater concentrations, asterisks (*) represent a significantly different hatch 

percentage from the 50% seawater control. (E) Deltamethrin lethal time (time to 50% 

mortality) of adults reared from different seawater concentrations, asterisks (*) indicates a 

significant difference from the untreated control. (F) Deltamethrin lethal time (time to 99% 

mortality) of adults reared in different seawater concentrations, asterisks (*) indicates a 
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significant difference from all other treatments. All error bars represent the standard error of 

the mean. 

The effects of variable salt concentrations in the larval environment on the gut 

microbiota of An. merus  

6.3.5 α-diversity of the gut microbiota  

The α-diversity (within-sample diversity) [147] of the gut microbiota of laboratory reared An. 

merus resulting from the seawater concentrations under investigation was assessed. Boxplots 

were used to visualise and compare the differences in α-diversity indices of the gut microbiota 

between the laboratory-read An. merus reared in the different seawater concentrations. 

Significant differences between the indices were assessed using a Kruskal-Wallis rank-sum 

test [157]. The Chao1 diversity index was used as an estimator of species richness, which 

considers the number of species present in the gut [148]. The Shannon-Weiner diversity index 

was used as an estimator of species richness and evenness, which considers both the number 

of species present in the gut and the relative abundance of each species [153,155,156].  

The α-diversity of the gut microbiota differed in An. merus larvae and adults across the 

different seawater treatments. The Chao1 diversity index of larvae reared in 0% seawater was 

significantly lower compared to those reared in 12.5% seawater (p = 0.01), 25% seawater (p = 

0.01), and 50% seawater (p = 0.01) (Figure 6.2 A). Additionally, the Chao1 diversity index 

was significantly higher in larvae reared in 12.5% seawater compared to 6.25% seawater 

(Figure 6.2 A). There were no significant differences in the Chao1 diversity indices between 

larvae reared in 6.25% seawater when compared to 0% seawater (p = 0.17), 25% seawater (p 

= 0.06), and 50% seawater (p = 0.06) (Figure 6.2 A). The same was true for larvae reared in 

12.5% seawater when compared to those reared in 25% seawater (p = 1.00) and 50% seawater 

(p = 0.21) (Figure 6.2 A). This was also true for the larvae reared in the higher concentrations 

of 25% seawater and 50% seawater (p = 0.21) (Figure 6.2 A).  

The Shannon-Weiner diversity indices of larvae reared in 0% seawater were significantly 

lower compared to those reared in 12.5% seawater (p = 0.01), 25% seawater (p = 0.01), and 

50% seawater (p = 0.01) (Figure 6.2 B). The Shannon-Weiner index was significantly lower 

for larvae reared in 6.25% seawater compared to those reared in 12.5% seawater (p = 0.01), 

25% seawater (p = 0.03), and 50% seawater (p = 0.03) (Figure 6.2 B). There were no 
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significant differences in Shannon-Weiner diversity indices between larvae reared in 0% 

seawater and 6.25% seawater (p = 0.22) (Figure 6.2 B). There were no significant differences 

in Shannon-Weiner diversity indices between larvae reared in 12.5% seawater when compared 

to those reared in 25% seawater (p = 0.42) and 50% seawater (p = 0.55) (Figure 6.2 B). There 

were no significant differences in Shannon-Weiner diversity indices between larvae reared in 

the higher concentrations of 25% seawater and 50% seawater (p = 0.31) (Figure 6.2 B).  

The adults reared in 25% water had a significantly lower Chao1 diversity index compared to 

adults reared in 0% seawater (p = 0.03) and 12.5% seawater (p = 0.03) (Figure 6.2 C). There 

were no significant differences between the Chao1 index of adults reared from 0% seawater 

and 6.25% seawater (p = 0.84), 12.5% seawater (p = 0.92),  as well as 50% seawater (p = 

0.83) (Figure 6.2 C). Additionally, no significant differences were observed between the 

Chao1 index of adults reared from 6.25% seawater and 12.5% seawater (p = 0.69), 25% 

seawater (p = 0.69),  as well as 50% seawater (p = 0.69) (Figure 6.2 C). The same was true 

for adults reared from 12.5% seawater and 50% seawater (p = 0.75), as well as between 25% 

seawater and 50% seawater (p = 0.42) (Figure 6.2 C).  

A similar pattern was observed with the Shannon-Weiner index, though the only significant 

difference observed was between adults reared in 0% seawater and 25% seawater. The 

Shannon-Weiner index was significantly lower in adults reared from 25% seawater than 0% 

seawater (p = 0.01) (Figure 6.2 D). There were no significant differences observed in 

Shannon-Weiner indices between adults reared from 0% seawater and the adults reared from 

6.25% seawater (p = 0.69), 12.5% seawater (p = 0.84) and 25% seawater (p = 1.00) (Figure 

6.2 D). Additionally, no significant differences were observed between adults reared from 

6.25% seawater and 12.5% seawater (p = 0.69), 25% seawater (p = 1.00),  as well as 50% 

seawater (p = 0.69) (Figure 6.2 D). The same was true for adults reared from 12.5% seawater 

compared to 25% seawater (p = 0.15) and 50% seawater (p = 1.00) (Figure 6.2 D). No 

significant differences between the adults reared from 25% seawater and 50% seawater (p = 

0.22) (Figure 6.2 D). 
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Figure 6.2 Comparison of the α-diversity of the gut microbiota between Anopheles merus 

across all seawater treatments. 

(A) Chao1 diversity indices for fourth instar larvae across all seawater treatments. (B) 

Shannon-Weiner diversity indices for fourth instar larvae across all seawater treatments. (C) 

Chao1 diversity indices for three-day old adults across all seawater treatments. (D) Shannon-

Weiner diversity indices for three-day old adults across all seawater treatments. Comparisons 

of the diversity indices between the seawater treatments for each life stage were assessed 

using a Kruskal-Wallis rank-sum test. The dots represent the number of biological replicates 

used for each group. Significant differences in the diversity indices between samples are 

indicated by bold print.  
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6.3.6 β-diversity of the gut microbiota  

Non-metric dimensional scaling (NMDS) ordination was used to visualise the β-diversity 

(between-sample diversity) [147] among An. merus reared in various seawater concentrations. 

The differences in gut bacterial communities were assessed using Bray-Curtis dissimilarity 

distances. Permutational multivariate analysis (PERMANOVA) determined significant 

variations in gut microbiota diversity distribution between MAFUS larvae and adults from 

different seawater concentrations. Notably, similar clustering patterns and overlaps were 

observed in the diversity of bacterial communities among adults. However, the bacterial 

diversity observed between the larvae reared in different seawater concentrations exhibited a 

more dispersed pattern, although the differences were not significantly different. Significant 

differences were observed in bacterial diversity between the life stages (PERMANOVA; p = 

0.01, F = 7.98, stress value = 0.21) (Figure 6.3).   
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Figure 6.3 Differences in the bacterial diversity between Anopheles merus across all seawater 

treatments. 

A visual representation of the β-diversity analysis of the gut bacteria between laboratory 

reared An. merus (MAFUS) larvae and three-day old adults exposed to different seawater 

concentrations. The following colours indicate seawater concentrations laboratory reared An. 

merus was exposed to red represents 6.25% seawater; green represents 12.5% seawater; blue 

represents 25% seawater; and purple represents 50% seawater. The shapes correspond to 

different life stages; circles represent larvae and triangles represent adults. Significant 

differences in the bacterial diversity between the life stage across all seawater treatments for 

fourth instar larvae and three-day old laboratory reared An. merus were assessed using a 

PERMANOVA analysis (p = 0.01).  
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6.3.7 Overlapping bacterial communities  

The number of overlapping bacterial families and genera found in laboratory-reared An. 

merus across the different seawater concentrations were analysed and numerically represented 

on UpSet plots. Bacterial communities that were identified to the genus level are listed below. 

Note that not all bacterial communities were identified to the respective taxonomic levels, as 

this is a limitation of 16S rRNA gene sequencing [200–202]. Therefore, the identified 

bacterial communities may not correspond to the numbers below. 

Thirteen bacterial families were shared between both adults and larvae: Aeromonadaceae, 

Weeksellaceae, Comamonadaceae, Enterobacteriaceae, Pseudomonadaceae, Rhizobiaceae, 

Yersiniaceae Sphingobacteriaceae, Xanthobacteraceae, and Xanthomonadaceae (Figure 6.4 

A). Seventeen bacterial genera were shared between both adults and larvae: Aeromonas, 

Allorhizobium-Neorhizobium-Pararhizobium-Rhizobium, Bradyrhizobium, Comamonas, 

Elizabethkingia, Enterobacter, Enterococcus, Klebsiella, Pseudomonas, Rahnella, Soonwooa, 

Sphingobacterium, and Stenotrophomonas (Figure 6.4 B). 

Seventeen bacterial families were shared between all larvae: Alcaligenaceae, Azospirillaceae, 

Erwiniaceae, Devosiaceae, Beijerinckiaceae, Carnobacteriaceae, Chromobacteriaceae, 

Flavobacteriaceae, Kaistiaceae, Listeriaceae, Microbacteriaceae, Saccharimonadaceae, 

Sphingomonadaceae, Staphylococcaceae, and phyla from the orders Lactobacillales, and 

Saccharimonadales (Figure 6.4 A). Thirty genera were shared between all larvae: 

Achromobacter, Ancylobacter, Aquitalea, Azospirillum, Bosea, Brucella, Chryseobacterium, 

Devosia, Flavobacterium, Isobaculum, Kaistia, Listeria, Methylobacterium-Methylorubrum, 

Microbacterium, Ochrobactrum, Pedobacter, Rahnella, Samsonia, Sphingomonas, 

Sphingopyxis, Staphylococcus, and Xanthobacter (Figure 6.4 B).  

All adults shared five families, including Acetobacteraceae, Caulobacteraceae, and phyla 

from the order Pseudomonadales (Figure 6.4 A). Eleven genera were shared between all 

adults: Asaia, Azotobacter, Brevundimonas, Gluconobacter, Mesorhizobium, Serratia, and 

Variovorax (Figure 6.4 B). 
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Figure 6.4 Comparison of overlapping gut bacteria between Anopheles merus larvae and 

adults across all seawater treatments. 

(A) Comparison of common bacterial families. (B) Comparison of common bacterial genera. 

The blue dots with a joined line represent the overlapping gut bacteria between larvae and 

adults, with single dots indicating the unique bacteria per life stage. Each numbered column 

represents the number of bacterial (A) families or (B) genera that overlap between life stages.  

6.3.8 Differential abundance of bacterial genera  

Differential abundance of the gut microbiota with pairwise comparisons was assessed 

between laboratory-reared An. merus reared from the different seawater concentrations. 

Differentially abundant genera were considered significantly different when the assigned log2 

Fold Change values were compared and had a p-value < 0.01. Anopheles merus reared from a 

50% seawater concentration was used as a baseline, as this is the standard seawater 

concentration for rearing this strain.  

The phyla most represented in larvae are Acinetobacteriota, Patescibacteria, Firmicutes, 

Bacteroidota, and Proteobacteria. Fifteen bacterial genera, including Ochrobactrum, 

Aeromonas, Kluyvera, Rahnella, Elizabethkingia, Stenotrophomonas, Yersinia, Brucella, 

Sphingobacterium, Devosia, Enterobacter, Klebsiella, Bosea, Enterococcus, and 

Allorhizobium-Neorhizobium-Pararhizobium-Rhizobium, were significantly abundant in 

larvae reared from 50% seawater when compared to 0% seawater treatment (Figure 6.5 A). 

Eight bacterial genera, including Pedobacter, Bradyrhizobium, Pseudomonas, Comamonas, 

Methylobacterium-Methylorubrum Klebsiella, Bosea, Enterococcus, and Allorhizobium-
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Neorhizobium-Pararhizobium-Rhizobium, were significantly abundant in larvae reared from 

0% seawater when compared to the 50% seawater treatment (Figure 6.5 A).  

Fourteen bacterial genera, including Ochrobactrum, Brucella, Rahnella, Kluyvera, 

Elizabethkingia, Stenotrophomonas, Sphingomonas, Devosia, Klebsiella, Enterobacter, 

Sphingobacterium, Enterococcus, Allorhizobium-Neorhizobium-Pararhizobium-Rhizobium 

and Microbacterium, were significantly abundant in larvae reared from 50% seawater when 

compared to 6.25% seawater treatment (Figure 6.5 B). Nine bacterial genera, including 

Kaistia, Pseudomonas, Yersinia, Methylobacterium-Methylorubrum, Aeromonas, 

Sphingobacterium, Enterococcus, Allorhizobium-Neorhizobium-Pararhizobium-Rhizobium 

and Microbacterium, were significantly abundant in larvae reared from 6.25% seawater when 

compared to 50% seawater treatment (Figure 6.5 B).  

Twelve bacterial genera, including Kluyvera, Rahnella, Elizabethkingia, Devosia, 

Enterobacter, Sphingobacterium, Bosea, Enterococcus, Allorhizobium-Neorhizobium-

Pararhizobium-Rhizobium, Brucella,  Klebsiella, and Microbacterium, were significantly 

abundant in larvae reared from 50% seawater when compared to 12.5% seawater treatment 

(Figure 6.5 C). Fifteen bacterial genera, including Pseudomonas, Ancylobacter, Aquitalea, 

Chryseobacterium, Methylobacterium-Methylorubrum, Comamonas, Aeromonas, Yersinia, 

Sphingobacterium, Bosea, Enterococcus, Brucella,  Klebsiella,  Allorhizobium-Neorhizobium-

Pararhizobium-Rhizobium, and Microbacterium,  significantly abundant in larvae reared from 

12.5% seawater when compared to 50% seawater treatment (Figure 6.5 C).  

Fifteen bacterial genera, including Kluyvera, Rahnella, Elizabethkingia, Yersinia, 

Enterobacter, Stenotrophomonas, Devosia, Sphingobacterium, Bosea, Enterococcus, 

Allorhizobium-Neorhizobium-Pararhizobium-Rhizobium, Brucella,  Klebsiella, and 

Microbacterium, were significantly abundant in larvae reared from 50% seawater when 

compared to 25% seawater treatment (Figure 6.5 D). Twelve bacterial genera, including 

Pedobacter, Azospirillum, Chryseobacterium, Bosea, Enterococcus, Methylobacterium-

Methylorubrum, Aeromonas, Sphingobacterium, Allorhizobium-Neorhizobium-

Pararhizobium-Rhizobium, Brucella,  Klebsiella, and Microbacterium, were significantly 

abundant in larvae reared from 25% seawater when compared to 50% seawater treatment 

(Figure 6.5 D).  
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Figure 6.5 Pairwise comparisons of differentially abundant bacterial genera between 

Anopheles merus larvae exposed to different seawater concentrations. 

(A) Differentially abundant gut bacteria of larvae reared in 50% seawater compared to 0% 

seawater. (B) Differentially abundant gut bacteria of larvae reared in 50% seawater compared 

to 6.25% seawater. (C) Differentially abundant gut bacteria of larvae reared in 50% seawater 

compared to 12.5% seawater. (D) Differentially abundant gut bacteria of larvae reared in 50% 

seawater compared to 25% seawater. Differentially abundant genera had a significance 

threshold of p-value < 0.01. Genera to the left of 0 are significantly abundant in the larvae 

reared in 50% seawater, while genera to the right of 0 are significantly abundant in the larvae 

from the comparative concentration. 
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The phyla most represented in the three-day-old adults are Firmicutes, Bacteroidota, and 

Proteobacteria. Twelve bacterial genera, including Pseudomonas, Variovorax, Mesorhizobium, 

Enterobacter, Bradyrhizobium, Asaia, Stenotrophomonas, Brevundimonas, Rahnella, 

Sphingobacterium, Gluconobacter, and Klebsiella, were significantly abundant in adults 

exposed to 50% seawater as larvae compared to those exposed to 0% seawater (Figure 6.6 

A). Four bacterial genera, including Comamonas, Enterococcus, Yersinia, and 

Elizabethkingia, were significantly abundant in adults exposed to 0% seawater as larvae 

compared to 50% seawater (Figure 6.6 A).  

Fourteen bacterial genera, including Mesorhizobium, Bradyrhizobium, Kluyvera, Variovorax, 

Stenotrophomonas, Brevundimonas, Sphingobacterium, Asaia, Gluconobacter, Enterobacter, 

Klebsiella, Elizabethkingia, Pseudomonas, and Rahnella, were significantly abundant in 

adults exposed to 50% seawater as larvae compared to those exposed to 6.25% seawater 

(Figure 6.6 B). Eight bacterial genera, including Gluconobacter, Enterobacter, Yersinia, 

Klebsiella, Elizabethkingia, Pseudomonas, Rahnella and Aeromonas, were significantly 

abundant in adults exposed to 6.25% seawater as larvae, compared to those exposed to 50% 

seawater (Figure 6.6 B).  

Eleven bacterial genera, including Pseudomonas, Mesorhizobium, Variovorax, 

Bradyrhizobium, Stenotrophomonas, Brevundimonas, Sphingobacterium, Asaia, 

Gluconobacter, Klebsiella, and Rahnella, were significantly abundant in adults exposed to 

50% seawater as larvae compared to those exposed to 12.5% seawater (Figure 6.6 C). Five 

bacterial genera, including Serratia, Enterococcus, Klebsiella, Rahnella, and Elizabethkingia, 

were significantly abundant in adults exposed to 12.5% seawater as larvae compared to those 

exposed to 50% seawater (Figure 6.6 C).  

Twelve bacterial genera, including Pseudomonas, Mesorhizobium, Variovorax, 

Bradyrhizobium, Stenotrophomonas, Brevundimonas, Klebsiella, Sphingobacterium, Asaia, 

Gluconobacter, Enterobacter, and Rahnella, were significantly abundant in adults exposed to 

50% seawater as larvae compared to those exposed to 25% seawater (Figure 6.6 D). Three 

bacterial genera, including Enterobacter, Rahnella, and Elizabethkingia, were significantly 

abundant in adults exposed to 25% seawater as larvae compared to those exposed to 50% 

seawater (Figure 6.6 D).  
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Figure 6.6 Pairwise comparisons of differentially abundant bacterial genera between 

Anopheles merus adults exposed to different seawater concentrations as larvae. 

(A) Differentially abundant gut bacteria in adults reared from 50% seawater compared to 0% 

seawater. (B) Differentially abundant gut bacteria in adults reared from 50% seawater 

compared to 6.25% seawater. (C) Differentially abundant gut bacteria in adults reared from 

50% seawater compared to 12.5% seawater. (D) Differentially abundant gut bacteria in adults 

reared from 50% seawater compared to 25% seawater. Differentially abundant genera had a 

significance threshold of p-value < 0.01. Genera to the left of 0 are significantly abundant in 

the adults reared in 50% seawater, while genera to the right of 0 are significantly abundant in 

the adults from the comparative concentration. 
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6.4 Discussion 

Currently, limited studies characterise the impact of variable salinities in larval breeding sites 

of Anopheles mosquitoes[308,326]. Studies have focused on Aedes mosquitoes as this genus 

of mosquito has more salt-tolerant species[343,344]. As reviewed by Bartilol [175], An. merus 

has been recognised as a secondary dominant vector species capable of transmitting malaria 

along the Eastern and Southern coasts of Africa [175]. However, this species remains 

understudied. Despite their known osmotolerance, the effects of developing in variable salt 

concentration are poorly understood. This study investigated the impact of salt tolerance on 

the life history and gut microbiota of An. merus. The findings demonstrated that the salinity of 

larval breeding water influences various life history traits and the gut microbiota. Specifically, 

changes in the larval breeding water salinity significantly impact the developmental time of 

larvae, as well as the fertility, fecundity, and insecticide tolerance profiles of adult An. merus. 

However, the observed changes in both larvae and adults were dependent upon the salinity 

levels of the larval breeding water. 

In this study, the larvae reared in the higher salt concentrations (25% and 50% seawater)  took 

significantly longer to pupate. A reduced rate of development was observed in this strain of 

An. merus exposed to organic fertiliser [331]. As reviewed by Gondek et al. [345], organic 

fertilisers contain macronutrients such as potassium (K), phosphorous (P), and nitrogen (N), 

as well as soluble salts, which refer to soluble ions such as calcium ions (Ca2+), potassium 

ions (K+), magnesium ions (Mg2+), and sodium ions (Na+) [345]. A study conducted by White 

[326] established a significant shift in the rectal localisation of the ion regulator protein 

Na+/K+-ATPase. This shift is associated with osmoregulation functions in mosquitoes 

[301,326,346]. Therefore, unlike organic fertiliser supplementation, which serves as a food 

source, pure osmotic stress due to increased salt concentration has a negative effect. The 

changes in the osmotic stress in the larval environment by soluble salts result in a decrease in 

the development rate of An. merus larvae.  

The exposure to the higher salt concentrations had no carry-over effect through to the 

longevity of An. merus adults. This is challenging to assess as there is very little data on this 

species. However, the effect of larval stress on An. arabiensis may provide insight into the 

dynamics of larval stress in An. merus. Toxic pollutants like heavy metals tended to reduce 

longevity [212], while less toxic pollutants such as inorganic and organic fertilisers had 

neutral to positive effects [331]. Therefore, this suggests that the stress of changes in the 
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salinity of the larval environment of An. merus was not significant enough (either positively 

or negatively) to alter adult longevity.  

Additionally, the salinity of the larval breeding water influenced the number of eggs laid. 

Anopheles merus adults reared from 50% seawater laid a significantly higher number of eggs 

than those reared in 0% seawater. This finding may reflect that this laboratory strain is 

routinely reared in 50% seawater. As such, it is not surprising that the routine rearing resulted 

in the most eggs. However, a study on the effect of salt concentrations on Ae. albopictus 

found that females allowed to oviposit in the highest saltwater concentration had the lowest 

number of eggs laid [347]. Additionally, the eggs in the highest saltwater concentration did 

not melanise [347]. In routine mosquito husbandry for the strain used in this study, eggs laid 

in salt water do not melanise. Therefore, the females in this study were allowed to oviposit in 

freshwater. This suggests that in fixed breeding sites, which would fluctuate in salinity 

seasonally [325], this change in osmotic stress may influence fertility and fecundity. This may 

be due to the changes in salinity having a negative effect on reproduction. This would need to 

be confirmed with studies on wild mosquitoes. 

The percentage of hatchlings from 12.5% seawater was significantly higher than that from 0% 

seawater. Therefore, 12.5% seawater is the suggested optimal concentration for laboratory-

reared MAFUS eggs to hatch. Thus, differences in the salt concentration of the larval 

environment may result in fluctuations in the population density of wild An. merus depending 

on the salinity of the natural breeding water. Changes in the salinity of larval breeding sites 

will vary throughout the year due to wet and dry seasons [325]. This is an important factor to 

consider as it was suggested that in Malahlapanga, Limpopo, during the dry season, there was 

a change in the salinity of natural breeding habitats that became unfavourable for An. 

arabiensis. This change coincided with an increase in the population of An. merus [220]. This 

suggests that the salinity of larval breeding sites is related to the density populations of An. 

merus. However, further studies on fertility dynamics in wild populations of An. merus across 

varying saltwater concentrations could determine whether the findings from this study are 

replicated in natural settings. Such studies could also contribute to understanding the factors 

contributing to the increased population density of An. merus in Mpumalanga [179].       

Insecticide tolerance response in An. merus adults reared from the different salt concentrations 

were significantly impacted. The 50% seawater treatment had a significantly increased 

tolerance for deltamethrin compared to the other seawater treatments. This observation is not 
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unprecedented, as various larval exposures to environmental stressors have resulted in 

increased insecticide tolerance [331,339]. It was observed that wild An. merus in 

Mpumalanga, South Africa, is susceptible to deltamethrin and has a low-level tolerance to 

DDT [181]. This low-level tolerance to organochlorine was suggested to be due to selective 

pressure potentially driven by the contamination of larval breeding sites [181]. Furthermore, 

in Ae. aegypti, various cytochrome P450 genes involved in insecticide resistance and 

xenobiotic detoxification are differentially expressed in the anal papillae (osmoregulatory 

organs) in response to brackish water [348]. The increased expression of these genes is 

congruent with an increased tolerance to pyrethroids [349–352]. As such, there may be an 

interplay between this capacity and the osmotolerance of the An. merus strain used in this 

study since it has a known insecticide tolerance. 

The patterns in α-diversity of gut microbiota between larvae and adults differ. Generally, the 

larvae reared in untreated water have a significantly lower bacterial richness and evenness 

than those reared in water with elevated salinities. By contrast, the α-diversity of the gut 

microbiota in adults is not affected and remains constant between adults regardless of the 

changes in the salinity of the larval breeding water, except for adults reared in 25% seawater. 

The difference between the α-diversity of larval and adult gut microbiota is most likely 

attributed to the osmotic stress encountered in the water at the larval stage. These shifts in the 

larval gut richness and evenness are necessary for survival.  

The species richness of the larval gut microbiota was not significantly impacted after an 

increase in the salinity of the larval environment beyond 12.5% seawater. The gut microbiota 

of the larvae was more evenly distributed when they were exposed to higher salinities (12.5% 

seawater, 25% seawater, and 50% seawater) compared to the lowest salinity examined (6.25% 

seawater) and untreated water. The significant increase in the species richness and evenness of 

gut bacteria when exposed to 12.5% seawater suggests that this salt concentration initiates a 

shift in the gut microbiota in response to osmotic stress. This further indicates that the gut 

microbiota can potentially modulate osmoregulation in larvae.  

There is a noticeable difference in β-diversity among larvae reared in various salt 

concentrations and the adults emerging from them. The significant reduction in β-diversity in 

adults is evident from the lower number of unique species compared to larvae. The decrease 

in bacterial diversity is most likely attributed to the renewal of the gut epithelia from the pupal 

to the adult life stage [353]. Additionally, the β-diversity indicates that there is a significant 
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shift in the diversity of the gut microbiota in larvae reared in 50% seawater compared to the 

overlapping diversity observed for larvae reared in 6.25% seawater, 12.5% seawater, and 25% 

seawater. This suggests that the shift in bacterial diversity of larvae reared in 50% seawater 

may be linked to the osmotic stress of highly saline environments. The β-diversity between 

the adults is similar. This reinforces the notion that the variations in diversity noted among 

larvae may be linked to their capacity to endure osmotic stress during the aquatic phase. As 

such, it is possible that the primary role of the changes in gut bacterial diversity in response to 

osmotic stress was to ensure survival under such conditions. Any other changes seem to be a 

pleiotropic effect secondary to this effect, hence the lack of changes in diversity in the adult. 

It is worth noting that the gut microbiota of An. merus used in this study is not dominated by 

halotolerant bacteria known for their strong salt tolerance, such as Desulfovibrio, 

Halorubrum, or Natronomonas. However, this does not necessarily imply that microbiota do 

not contribute to salt tolerance. The relevant halotolerant bacteria may be concentrated in 

different organs. Research on anophelines and culicine species suggests that the rectum and 

Malpighian tubules may play a more significant role in salt tolerance mechanisms [326,354]. 

Therefore, while the gut microbiota may not be dominated by halotolerant bacteria, other 

organs in mosquitoes could harbour microbes that contribute to their ability to tolerate saline 

environments. Despite not being dominant, several halotolerant bacterial genera were found in 

all treatments for both An. merus larvae and adults. Achromobacter [355], Ancylobacter [356], 

Azospirillum  [357], Brucella [358], Devosia [359], Flavobacterium [360], Microbacterium 

[361], Ochrobactrum [362,363], Sphingopyxis [364], and Staphylococcus [363,365] are salt-

tolerant bacterial genera that are found exclusively in larvae. Salt-tolerant bacterial genera in 

both larvae and adults include Aeromonas [366], Allorhizobium-Neorhizobium-

Pararhizobium-Rhizobium [367], Bradyrhizobium [368], Comamonas [369], Enterobacter 

[363], Klebsiella [362], Pseudomonas [362], Rahnella [370], Sphingobacterium [371], and 

Stenotrophomonas [363]. While the specific role of these salt-tolerant bacterial genera in the 

gut remains unclear, their presence opens opportunities for further investigations into their 

physiological functions. Future studies can investigate the specific roles of these salt-tolerant 

genera in the gut environment of An. merus larvae. Interestingly, pairwise comparisons of 

differentially abundant bacterial genera of both larvae and adults from the 50% seawater 

treatment had a significantly increased abundance of halotolerant genera compared to the 0% 

and 6.25% treatments. This suggests that the composition of gut microbiota in An. merus is 

adapted for saline habitats, and the abundance of halotolerant bacteria increases significantly 

in response to the elevated salinity of the larval habitat.  
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Despite the variability in gut microbiota induced by salt treatment, thirteen bacterial genera 

consistently appeared in both the larvae and adults across all treatments. These genera include 

Aeromonas, Allorhizobium-Neorhizobium-Pararhizobium-Rhizobium, Bradyrhizobium, 

Comamonas, Elizabethkingia, Enterobacter, Enterococcus, Klebsiella, Pseudomonas, 

Rahnella, Soonwooa, Sphingobacterium, and Stenotrophomonas. These genera are 

noteworthy as these are potentially the bacterial genera that represent, at least in part, the core 

microbiota of An. merus. Except for Elizabethkingia, Enterococcus, and Soonwooa, these 

genera are associated with salt tolerance. As reviewed by Ratcliffe et al. [372], Enterobacter, 

Elizabethkingia, and Pseudomonas are current potential candidates for paratransgenesis [372]. 

These are ideal paratransgenesis candidates in An. merus as they are native symbionts in both 

the larvae and adults across all treatments. 

In this study, several bacterial genera associated with Plasmodium protection in other 

Anopheles species were found in An. merus adults. Plasmodium-protective genera present in 

the guts of An. merus includes Elizabethkingia, Pseudomonas, Asaia, Serratia, Enterococcus, 

Klebsiella, and Enterobacter [43,76,77,126,373]. The diversity of Plasmodium-protective 

genera increases in adults compared to larvae. This suggests a potential trade-off between 

bacterial genera involved in osmotolerance during the larval stage and those associated with 

modulating Plasmodium infection in adults. These protective bacterial genera were 

significantly more abundant in the adults reared from the 50% seawater than in other 

treatments. This suggests that freshwater An. merus is potentially more susceptible to 

Plasmodium infection due to the decreased abundance of Plasmodium-protective genera. The 

combination of these findings, coupled with the decrease in immune gene 

expression[374,375], suggests that the osmotolerant capacity of An. merus can influence 

immune function. Consequently, the modulation of immune functions may have implications 

for vector competence, potentially altering the ability of An. merus to transmit malaria 

parasites. This suggests an interplay between osmotolerance, immune regulation, and vector 

competence in An. merus.   

The strain of An. merus used in this study is routinely reared in 50% seawater (17.5 g of 

salt/1L of water). However, it is important to note that this trait is not fixed, and prolonged 

breeding in freshwater can reverse salt tolerance (unpublished data). Therefore, in this study, 

it is expected that the highest salt concentration generally would result in the greatest fitness 

advantage compared to other treatments. However, it is important to note that although the 

study highlights statistical differences, they do not necessarily translate into functional effects 
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in the field. The behaviour of An. merus observed in this study may not necessarily reflect that 

of wild populations breeding in high salt concentrations. As the gut microbiota of laboratory-

reared strains can offer initial insights into microbial metagenomics, it is important to 

understand that they are an underrepresentation of bacterial diversity compared to wild 

populations[204]. Therefore, to gain a better understanding of the dynamics of wild An. merus 

populations, and to confirm that the salinity of the larval breeding sites has a significant 

impact, further studies on wild populations of An. merus are required. Furthermore, larval 

environments must be examined, particularly where An. merus is prevalent. The definitive 

way to determine whether our findings are of epidemiological significance is to confirm them 

through surveillance activities. 

6.5 Conclusion 

In conclusion, An. merus larvae bred in varying salt concentrations exhibit altered physiology, 

evident in both larval and adult life stages. Significant differences were observed in the life 

history traits and gut microbiota of An. merus across the different salt concentrations. In 

particular, the larvae were directly affected as higher salt concentrations reduced development 

time. Varying larval salt exposure significantly impacted adult life history traits such as adult 

longevity, fertility, and fecundity. Furthermore, changes in the salinity of the larval 

environment affected the insecticide tolerance of An. merus adults, with significant 

differences observed in lethal time. Evidence suggests the presence of a core microbiota in 

An. merus reared in different salinities. However, alterations in the salt concentration of larval 

breeding water salinity result in changes in the abundance and diversity of gut microbiota. 

Where there is a larger variation in salt concentration within the larval environment, a more 

significant difference is observed in the comparative microbiota between the adults. Adults 

reared from 50% seawater exhibited a greater bacterial diversity in the gut and the highest 

number of bacterial genera associated with protection against Plasmodium. Overall, changes 

in the salinity of the larval environment have the potential to significantly impact the life 

history and immunity modulation of An. merus in an epidemiologically relevant manner. 

These findings highlight the importance of considering the salinity of larval breeding water in 

surveillance efforts where this dominant vector species is prevalent. 
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CHAPTER 7 

Discussion and Conclusion 

This study investigated the gut microbiota of selected members of the An. gambiae complex 

found in South Africa. CHAPTER 3 compared the gut microbiota of laboratory reared strains 

of An. arabiensis, An. merus, and An. quadriannulatus. CHAPTER 4 examined the gut 

microbiota of adult An. arabiensis between insecticide susceptible and insecticide resistant 

laboratory reared strains, an F1 population, and a wild population. Additionally, the impact of 

larval exposure to heavy metals on the adult gut microbiota of insecticide susceptible and 

insecticide resistant laboratory reared strains and an F1 population of An. arabiensis adult was 

investigated. CHAPTER 5 examined the gut mycobiota at different life stages for insecticide 

susceptible and insecticide resistant laboratory reared strains and an F1 population of An. 

arabiensis collected from the field. Finally, CHAPTER 6 investigated the effect of changes 

in the salt concentration of larval breeding water on the gut microbiota of laboratory reared 

An. merus larvae and adults. 

South Africa is a frontline candidate for eliminating malaria in the Southern African 

Development Community (SADC) region. It is one of the Elimination 8 countries, along with 

Botswana, Namibia, and eSwatini who are among the frontrunners to eliminate the disease 

[214,215]. However, this means that South Africa suffers from some of the challenges faced 

with malaria elimination. Possibly, the greatest challenge to malaria elimination in South 

Africa is the problem of residual malaria. This is a low-level amount of locally acquired cases 

that persist despite the full implementation of control methods. In South Africa, this is usually 

driven by outdoor active and resting vectors [29]. Here, outdoor resting An. arabiensis has 

been implicated as a vector [26], as well as the zoophilic, exophilic and exophagic members 

of the An. funestus group: An. parensis and An. vaneedeni [376,377]. Controlling these 

vectors poses significant challenges, particularly since all currently identified vectors in South 

Africa belong to these challenging species. Therefore, a crucial component of the malaria 

research agenda in South Africa is to enhance the current understanding of effective methods 

for controlling these vectors.  

Currently, a sterile insect technique (SIT) programme is being trialled to target An. arabiensis 

in the KwaZulu Natal (KZN) province [229]. Although this contends with the problem of 

outdoor biting by An. arabiensis, this does not deal with the issue of potential niche 
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replacement by other members of the An. gambiae complex present in the province, such as 

An. merus [31]. Furthermore, potential vectors present in the province include An. parensis 

and An. vaneedeni. As such, further complementary strategies are required.  

Ideally, these would be non-insecticidal, or at least non-adulticidal, as low-level insecticide 

resistance is present in this population [31]. This is why paratransgenesis is an attractive 

complementary strategy. As reviewed by Wilke and Marrelli [120], biocontrol by symbionts 

can target outdoor active mosquitoes [120]. Furthermore, there is potential to target more than 

a single Anopheles species. These are qualities required for an entomological strategy to aid 

the elimination agenda in a country like South Africa, which has multiple exophilic species. 

However, the lack of information on the diversity and dynamics of the relevant gut microbiota 

is a challenge for implementing such a strategy. This is a core problem that this research 

addresses. The data produced in this study forms a baseline for future work on 

paratransgenesis outside of the major malaria vectors An. gambiae and An. coluzzii 

[18,23,24]. 

One of the first objectives of this study was to characterise the dynamic gut microbiota of 

members of the An. gambiae complex. Ideally, this would have been performed using An. 

arabiensis originating from South Africa. However, due to the importance of considering the 

insecticide resistant phenotype, this study used genetically matched An. arabiensis strains 

from Sudan that differ in resistance phenotype [104]. Despite the geographical differences, 

there is enough of a core microbiome to make comparisons. Possibly the most relevant 

finding of this study is the fact that the gut microbiota of An. arabiensis is significantly 

different from the minor vector An. merus and non-vector An. quadriannulatus. Specifically, 

these included a greater relative abundance of Plasmodium-protective genera. This highlights 

that vector competence in these species is not only due to behavioural differences but also 

differences in immunology, possibly in part due to modulation by the gut microbiota. This 

could form part of a range of molecular underpinnings that could potentially be exploited for 

control, for example epigenetic differences [133]. A potential argument against these findings 

is that this study was performed on laboratory-reared strains, with the SENN strain being in 

colony since 1980 [128]. Some characteristics of colonised mosquitoes do not conserve well. 

These include immunity and specific aspects of reproduction [191,192]. 

Although some characteristics of colonised mosquitoes do not conserve well, the gut 

microbiota, however, does not entirely fall into this category. As demonstrated in this study, a 
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core set of microbes becomes less diverse with time in colony. This study reinforces this 

finding and highlights the dynamics of comparing the gut microbiota of adult mosquitoes 

directly from the wild (collected as larvae from the field) to the F1 populations (offspring of 

adults collected from the field). This study could not compare direct changes in the gut 

microbiota from wild larvae to their F1 progeny. This was primarily due to the number of 

mosquitoes available, as not enough larvae were collected to obtain both F0 and F1 

individuals. However, as the wild populations were larvae collected in the same area as the 

adults used to produce the F1 population, they represent the same population. Notably, at the 

α-diversity level, there was already a difference in the diversity of the gut microbiota of adults 

from the wild population compared to the F1 population. The diversity of the gut microbiota 

in the F1 population adults was more evenly distributed after being reared under insectary 

conditions for only one generation. This rapid change suggests that adaptation to colonisation 

may begin with the diversity of the gut bacteria becoming more evenly distributed before 

losing bacterial richness.  

Our study also highlights the importance of the environment, particularly the larval 

environment, in shaping the gut microbiota. The wild population of An. arabiensis larvae 

were reared in the water they were collected from, while the F1 population of An. arabiensis 

larvae were reared in filtered and ultraviolet-treated (UV-treated) reverse osmosis water. Since 

they were fed the same diet once coming into the insectary, it is likely that the water, rather 

than their diet, accounts for these differences. As this distinction in diversity was highly 

noticeable, it is essential to consider the effect of the larval environment on the dynamics of 

the gut microbiota. This is particularly true when searching for potential natural, unaltered 

symbionts to use for paratransgenesis efforts. For practical purposes, direct larval collections 

will be the best way to collect samples for paratransgenesis studies. However, acquiring wild 

specimens in South Africa is particularly challenging due to low vector densities in most 

endemic provinces [214,215]. Furthermore, larval collections do not always correspond to the 

adult populations encountered. For example, An. merus is dominant in Mpumalanga, South 

Africa. Until recently, it was not possible to collect An. arabiensis larvae in the area. 

Consequently, implicating a vector in the province is challenging. Despite the potential for 

improved bacterial diversity through larval collections, in scenarios such as South Africa, 

where multiple members of the An. gambiae complex coexists, relying solely on larval 

collections may overlook relevant mosquito species.  
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This study has highlighted the effect of two changes in the larval environment and its 

influence on the gut microbiota. Crucially, this is about two different species of the An. 

gambiae complex. The first relates to the impact of heavy metal stress in the larval 

environment and its effect on the gut microbiota of the laboratory reared and F1 population of 

An. arabiensis adults. The second relates to the impact of changes in the salt concentration in 

the larval environment and its influence on the gut microbiota of laboratory-reared An. merus 

larvae and adult populations.  

The carry-over effect of heavy metal exposure on larvae to adult An. arabiensis has allowed 

for some unique insights into the impact of the larval environment on the gut microbiota. 

Heavy metal exposure altered the number of bacterial genera in the adult gut. However, each 

strain responded differently to each heavy metal examined. The SENN adults exposed to 

cadmium had a higher number of bacterial genera associated with heavy metal tolerance and 

degradation. Furthermore, SENN has more heavy metal degrading genera, while SENN DDT 

has more heavy metal tolerant genera. Therefore, there is likely an interplay between the gut 

microbiota and response to heavy metal stress in SENN. However, studies implicating the 

bacteria found in SENN in heavy metal metabolism must be confirmed. Previous studies 

[104,232] observed that SENN DDT coped better with heavy metal stress due to upregulated 

detoxification enzymes and thus already has a defence against heavy metal exposure [232]. 

This suggests that not only do stressors in the larval environment impact the gut microbiota, 

but the response to these stressors is also affected by insecticide resistant or susceptible 

phenotypes.    

In contrast to the laboratory reared strains, the F1 population adults had heavy metal tolerant 

and degrading bacterial genera in untreated adults and adults exposed to metal pollutants. 

Although this may be a function of the increased diversity of the F1 population, there is likely 

an interplay between the gut microbiota and heavy metal degradation as a result of selective 

pressure on the gut microbiota. The F1 population is the offspring of adults collected from an 

agricultural area. Therefore, exposure of these adults to organic fertilisers and other potential 

sources of heavy metal pollutants is not unprecedented. Since the effects of metal pollutant 

exposure are transgenerational and exposure to stressors can alter the microbial communities 

[103,232], exposure of the previous generations may have resulted in a selective pressure for 

heavy metal degrading bacteria. Hence, bacterial genera involved in the degradation of heavy 

metals were present and significantly abundant in both untreated and metal-treated F1 

generation adults. Functional studies of the gut bacteria in the mosquito in response to 



136 

 

environmental stressors are, therefore, a critical aspect of microbiome studies. It is 

particularly crucial for paratransgenesis vector control strategies as the native bacterial 

communities are affected.  

Heavy metal pollution in larval breeding water is of consequence to mosquito microbiota 

studies. Members from the An. gambiae complex are expanding their breeding sites to 

polluted water throughout Africa [114,227]. In this study, exposure to heavy metals, 

specifically copper, had increased bacterial genera that were not present in the untreated 

adults. Heavy metals, such as zinc, manganese iron, cobalt, nickel, and copper, are 

micronutrients for microorganisms such as bacteria [257]. These nutrients are essential for the 

development and growth of microorganisms. Therefore, understanding the role of heavy 

metals in the larval environment and its impact on the mosquito microbiota is crucial.  

The work on the minor vector An. merus in this study further highlights the role of the larval 

environment on gut microbiota. It is essential that An. merus is considered a potential vector 

as it can become a niche-replacing vector in the absence of a dominant vector species [378]. 

This emphasises the significance of recognising An. merus as a vector of concern. In this 

research, it was observed that laboratory-reared An. merus breeding in high salt 

concentrations may have two potential outcomes. Firstly, it may reduce susceptibility to 

deltamethrin, a common insecticide used in South Africa [379]. Secondly, it could suggest a 

potentially lower susceptibility to Plasmodium, as an increased presence of Plasmodium-

protective species is present. To our knowledge, the effect of changes in the salt concentration 

in the larval environment has never been considered as a factor that may alter vector 

competence. Although this experiment would need to be replicated with wild mosquitoes, the 

data from this study suggests this may be happening in the wild. Furthermore, other 

immunological factors are also at play; changes in the salt concentration of the larval 

environment also affect the expression of the antimicrobial peptide defensin-1 in adult An. 

merus [375]. As such, this study highlights the potential for the larval environment to alter 

traits that are of epidemiological importance. 

When considering the mining of local microbes for the potential use of native symbionts in 

paratransgenesis, it's essential to acknowledge that the larval environment plays a significant 

role in shaping the gut microbiota. The findings in this study suggest that the larval 

environment dynamics would alter the populations of viable bacteria that could be cultured. 

Furthermore, paratransgenesis efforts with these specific populations of viable bacteria would 
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be affected by changes in the gut microbiota of wild mosquitoes that are influenced by larval 

environments. Therefore, it is crucial that the local breeding sites also be characterised as part 

of establishing paratransgenesis efforts. This has been highlighted by the work in the 

Mpumalanga province, South Africa. Different breeding sites within the same region were 

found to have different pollution profiles, which affected the bacterial diversity of both the 

water and the guts of the larvae (Noeth et al., manuscript in preparation). A recent preprint 

describes the physicochemical characteristics of the larval breeding sites from which the wild 

specimens used in this study were collected [380]. Crucially, it did not consider the potential 

pollutants in the breeding sites, and this study has highlighted the importance of this 

understanding.  

This study not only added to the body of knowledge of An. gambiae microbiota, but it also 

presents one of the first reports of the gut mycobiota of An. arabiensis. The Anopheles 

mycobiota has been poorly studied compared to the bacterial component of the microbiota. 

The search term “Anopheles microbiota” returned 188 results on PubMed, compared to 1 for 

“Anopheles mycobiota”. For Google Scholar, these terms returned 9,430 and 240 results, 

respectively. The disparity between these is possible because the Next-Generation Sequencing 

(NGS) protocols for identifying yeasts and moulds are not as well established as those for 

bacterial identification. In this study, the V3-V4 region of the 16S rRNA gene was amplified 

with a single forward and reverse primer. This study amplified the ITS1 region using eight 

forward primers and seven reverse primers. Furthermore, 18S identification could also be 

used to identify fungi. It is possibly due to this complexity that the mosquito mycobiota is less 

examined. 

Additionally, working with fungi would be challenging when genetically modifying these 

organisms. Due to their complex cell walls, yeasts and moulds would not be as easy to 

transform as bacteria. Therefore, using fungi for paratransgenesis would be more challenging 

than bacteria. Despite the challenges, there is still a possibility of utilising fungal candidates 

for paratransgenesis. Microsporidia MB is a spore-forming unicellular parasite related to fungi 

that was first discovered in An. arabiensis [121]. It was found to inhibit the transmission of P. 

falciparum and can be transmitted both horizontally and vertically [121,381]. Over and above 

the capacity to prevent transmission, this strain has several biological effects that make it an 

excellent paratransgenesis candidate [382]. Microsporidia are also a crucial category of 

candidates that must be considered [383].  
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The dynamics of the gut mycobiota of three-day old laboratory reared and F1 population of 

An. arabiensis were similar to the dynamics of the bacteriome of three-day old adults. Like 

with the bacteriome, there was a far greater diversity in three-day old F1 population adults 

than in laboratory-reared strains. As there is a precedent for this in microbiota studies, this 

was unsurprising [43,216]. Notably, blood-feeding status in older mosquitoes did not affect 

the richness of the gut mycobiota between laboratory-reared and F1 population adults. 

However, there are large-scale differences in the diversity of the gut mycobiota diversity in 

the fifteen-day old adults, with the F1 population adults being significantly lower, particularly 

after multiple bloodmeals. This highlights a difference in the dynamics of the gut mycobiota, 

which are associated with age and diet. 

This study has, therefore, formed some baseline characterisation of gut microbiota in 

members of the An. gambiae complex. However, substantial groundwork must still be 

performed before a microbial-based strategy for vector control can be implemented. The first 

is that further baseline characterisation needs to be performed on wild material. This would 

have to be on a province-by-province level as anopheline diversity differs in endemic 

provinces. This may suggest that different species are responsible for local transmission in the 

provinces[321]. Our studies indicate that larval-collected specimens from the field (wild 

population) would provide the highest diversity. However, in some provinces, a marked 

disconnect exists between species obtained by larval collection and adult collection (Noeth et 

al., manuscript in production). Therefore, both larval and adult collections would be required.  

Identification of species and, ideally, strain level would be needed. Advances in NGS 

sequencing technology would facilitate this. Shifting from the Illumina platform to the PacBio 

platform, which generates long reads, could increase the data's resolution. Whole genome 

sequencing would also provide more information. Furthermore, metagenome sequencing, 

rather than ITS sequencing, would negate the problems of identifying fungi and possibly 

Microsporidia. It would also provide insight into the role of host-microbe interactions, as 

specific bacterial and fungal strains are involved in these dynamics. However, even though 

the price of NGS is coming down, metagenome sequencing is still prohibitively expensive for 

a large-scale study, even in South Africa. Although this study has categorised and catalogued 

the gut microbiota of members of the An. gambiae complex, more work still needs to be done 

to understand the functional significance of these species. This study only examined the gut 

microbiota of females, though understanding microbial dynamics in males would be as 

insightful [384].  
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In conclusion, the gut microbiota of the An. gambiae complex is a dynamic network 

consisting of what seems to be a core microbiota that is crucial to its function. There are 

distinct differences between the diversity and abundance of the gut microbiota of major 

malaria vectors and the minor and non-vectors. The gut microbiota of the selected members of 

the An. gambiae complex corresponds to their capacity to transmit Plasmodium. The larval 

environment strongly influences the dynamics of the gut microbiota. The gut bacteria may 

offer protection against metal stress in the absence of xenobiotic detoxification mechanisms. 

In the minor vector, An. merus, larval osmotic stress strongly influences life history traits and 

could potentially impact the ability to transmit Plasmodium. Therefore, the impact of the 

larval environment on the adult microbiota must be considered for the development and 

implementation of future paratransgenesis strategies. 
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Characterisation of the dynamic gut microbiota of members of the Anopheles gambiae 

complex (Diptera: Culicidae) 
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Appendix 3: Nextera® Index Adapter Sequences 

Table 1 Index adapter sequences  

Index 1 (i7) Sequence Index 2 (i5) Sequence 

N701 TAAGGCGA N502 CTCTCTAT 

N702 CGTACTAG N503 TATCCTCT 

N703 AGGCAGAA N504 AGAGTAGA 

N704 TCCTGAGC N505 GTAAGGAG 

N705 GGACTCCT N506 ACTGCATA 

N706 TAGGCATG N507 AAGGAGTA 

N707 CTCTCTAC N508 CTAAGCCT 

N708 CAGAGAGG N517 GCGTAAGA 

N709 GCTACGCT   

N710 CGAGGCTG   

N711 AAGAGGCA   
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Appendix 4: Bacteria Involved in Heavy Metal Metabolism 

Table 1 Bacteria genera involved in heavy metals metabolism that were identified in the gut of three-day old SENN, SENN DDT, and F1 

population of An. arabiensis  

All bacterial genera are tolerant to heavy metals. Those that degrade heavy metals are highlighted in bold. 

 SENN SENN DDT F1 population 

Untreated Cadmium Copper Untreated Cadmium Copper Untreated Cadmium Copper 

Aeromonas X  X X X X    

Chryseobacterium  X X X X X    

Yersinia X X X X X X    

Delftia  X  X  X    

Enterococcus       X X X 

Bacillus       X X X 

Klebsiella       X X X 

Enterobacter       X X X 

Microbacterium X X X X X X    

Pseudomonas  X  X  X X X X 

Sphingomonas  X        

Acinetobacter X X X      X 

Corynebacterium       X X X 

Streptococcus       X X X 

Rahnella  X     X X X 

Staphylococcus       X X X 

Rhodopseudomonas  X X     X  
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Table 2 Bacteria genera involved in heavy metals metabolism that were differentially abundant in the gut of three-day old SENN, SENN DDT, 

and F1 population of An. arabiensis 

All bacterial genera are tolerant to heavy metals. Those that degrade heavy metals are highlighted in bold. 

 

 

 

 

 

 

 

 

 

 SENN SENN DDT F1 population 

Untreated Cadmium Copper Untreated Cadmium Copper Untreated Cadmium Copper 

Aeromonas X  X X      

Chryseobacterium   X X X X    

Yersinia X     X    

Delftia    X  X X   

Enterococcus       X X  

Bacillus       X   

Klebsiella       X X X 

Enterobacter       X X X 

Microbacterium       X X X 

Pseudomonas    X   X   

Acinetobacter X X X       

Corynebacterium       X X X 

Streptococcus       X X X 

Rahnella        X X 

Staphylococcus        X X 

Rhodopseudomonas   X       
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Appendix 5: Fungal Primers 

Table 3. Primer sequences used for ITS1 sequencing. 

Forward primer set 

Name Sequence (5') Overhang 

adapter 

sequence 

ITS forward primer 1 CTTGGTCATTTAGAGGAAGTAA 5' 

TCGTCGGCA

GCGTCAGATG

TGTATAAGAG

ACAG–[locus-

specific 

sequence] 

ITS forward primer 2 CTCGGTCATTTAGAGGAAGTAA 

ITS forward primer 3 CTTGGTCATTTAGAGGAACTAA 

ITS forward primer 4 CCCGGTCATTTAGAGGAAGTAA 

ITS forward primer 5 CTAGGCTATTTAGAGGAAGTAA 

ITS forward primer 6 CTTAGTTATTTAGAGGAAGTAA 

ITS forward primer 7 CTACGTCATTTAGAGGAAGTAA 

ITS forward primer 8 CTTGGTCATTTAGAGGTCGTAA 

Reverse Primer Set 

ITS reverse primer 1 GCTGCGTTCTTCATCGATGC 5' 

GTCTCGTGGG

CTCGGAGATG

TGTATAAGAG

ACAG–[locus-

specific 

sequence] 

ITS reverse primer 2 GCTGCGTTCTTCATCGATGG 

ITS reverse primer 3 GCTACGTTCTTCATCGATGC 

ITS reverse primer 4 GCTGCGTTCTTCATCGATGT 

ITS reverse primer 5 ACTGTGTTCTTCATCGATGT 

ITS reverse primer 6 GCTGCGTTCTTCATCGTTGC 

ITS reverse primer 7 GCGTTCTTCATCGATGC 
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Appendix 6: Additional Sequencing Information  

 

Additional information for the sequencing data, including OTU taxa and abundance tables, 

processed reads information, and sample metadata is available using the following link: 

 

https://drive.google.com/drive/folders/1HynOispPmJsQhwuqoMTi3_CMPx8HyI5-

?usp=sharing  
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