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ABSTRACT
Accurate identification of Anopheles species is critical for effective malaria vector
surveillance and control. A priori morphological identification forms the basis for species
identification. However, it is time-consuming, and identification is incomplete if specimens
have lost important external taxonomic features. Therefore, it is vital to use molecular
techniques in conjunction with morphology for identification. This study aimed to use both
morphological and molecular methods for the identification of understudied Anopheles
species. Focus was placed on An. marshallii group and An. maculipalpis specimens from
KwaZulu-Natal (KZN), South Africa, as well as An. hargreavesi and An. gibbinsi from

Nigeria and Zambia, given their potential roles as overlooked or secondary malaria vectors.

Morphological identification of An. marshallii group and An. maculipalpis individual female
specimens and their first filial generation (F1) progeny was conducted using established
taxonomic keys. Molecular analysis was performed by sequencing the Internal Transcribed
Spacer 2 (ITS2) and Cytochrome Oxidase | (COIl) regions of these species. Phylogenetic trees
were constructed using the Neighbor-Joining (NJ) method to assess the evolutionary
relationships among the different species. Additionally, the presence of Plasmodium
falciparum in female specimens of the An. marshallii group and An. maculipalpis from KZN
was assessed using a hydrolysis probe assay to determine their potential role as vectors in the

region.

The morphological identification of An. hargreavesi and An. gibbinsi specimens was based
on their distinctive traits. There was low genetic variation observed in An. hargreavesi ITS2
and COI sequences. Anopheles hargreavesi ITS2 and COI sequences from this study could
not be aligned with previously published reference sequences due to the absence of available
sequence data for this species in existing databases. The generated An. hargreavesi sequences
from this study represent the first published molecular data for this species, highlighting the
importance of expanding genetic reference databases. The ITS2 region of An. gibbinsi
revealed high homology with a 100% match to a previously published "Anopheles sp. 6"
from Kenya, suggesting that they are the same species. Morphological analysis of An.
marshallii group adults from KZN isofemale families confirmed their classification within
the An. marshallii group, with no notable differences observed between families. However,
the use of egg and larval morphology to identify An. marshallii group specimens from KZN
presented several challenges, limiting their usefulness as a reliable diagnostic tool in this

study. Molecular sequencing of these specimens revealed unique ITS2 and COI sequences,
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indicating that the families belonged to the same species. The An. marshallii group specimens
from KZN exhibited a low level of DNA variation and formed distinct clades in phylogenetic
trees, indicating their novelty and divergence from other known species. Misidentification
posed a significant practical challenge as specimens initially identified as An. pretoriensis
were later confirmed through molecular analysis to be An. maculipalpis, highlighting the
limitations of morphological techniques in distinguishing closely related or cryptic species.
Moreover, high intraspecific genetic variation in sequences complicated species delineation
in certain groups, underlining the need for multi-locus approaches in future studies. None of
the female specimens tested positive for Plasmodium falciparum, indicating no evidence of

infection among the tested populations at the time of collection.

The findings have significant implications for malaria control, as secondary vectors or
understudied species may be overlooked in surveillance efforts due to misidentification or
underrepresentation in reference databases. This study highlights the importance of using
morphological and molecular identification techniques to intensify vector surveillance and
improve our understanding of the An. marshallii group and An. maculipalpis species, given
their potential role in malaria transmission and the difficulties associated with accurately
identifying these species using morphological methods alone. While generating large-scale
DNA barcode data for anophelines is comparatively easy, this information becomes valuable
when linked to accurate morphological species identification. By establishing this linkage
between morphology and molecular data, this research provides the foundation for
developing rapid identification assays, such as multiplex PCR, to streamline and enhance

vector surveillance efforts for species like the An. marshallii group and An. maculipalpis.
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CHAPTER 1

INTRODUCTION

1.1 MALARIA BURDEN GLOBALLY

Malaria is a deadly, mosquito-transmitted disease that has devastating consequences globally
(WHO, 2023). About 94% of malaria infections and deaths globally occur in Africa,
particularly in underdeveloped tropical and subtropical areas (WHO, 2023). The World
Health Organization (WHO) reported 249 million malaria cases globally in 2022, five million
more than the anticipated figure due to the COVID-19 pandemic (WHO, 2023).

Nigeria, the Democratic Republic of the Congo, Uganda, and Mozambique accounted for
approximately half of the 249 million cases that were reported in 2022 (WHO, 2023). In
2022, there were an estimated 608 000 deaths globally, leading to a mortality rate of 14.3
deaths per 100 000 individuals at risk (Figure 1.1). Children below the age of five accounted
for the majority of these deaths in sub-Saharan Africa, where the disease is most prevalent
(Adum et al., 2023). Malaria mortality among children under five years old decreased from
87% in 2000 to 76% in 2015, then slightly increased to 77% in 2020 (WHO, 2023). Since
then, it has remained unchanged.

Progress towards malaria elimination has accelerated over the past two decades, preventing
roughly 2.1 billion malaria cases and 11.7 million malaria-related fatalities worldwide
(WHO, 2023). Between 2000 and 2019, malaria cases decreased from 81.1 per 1 000
population at risk to 57 cases per 1 000 population at risk (Figure 1.1). During the same
period, global estimated malaria deaths declined substantially from 864,000 to 576,000
(WHO, 2023). Despite the dramatic increase in global malaria cases and fatalities in 2020
brought on by COVID-19 induced interruptions of vital malaria services, the WHO reported
that the number of malaria cases continued to increase between 2020 and 2022, although
more slowly than it did from 2019 to 2020 (WHO, 2023). The COVID-19 pandemic resulted
in a diversion of resources toward the response, resulting in decreased investment budgets for
malaria programs and widespread shortages of medical supplies. Key malaria control
interventions, such as indoor residual spraying (IRS), long-lasting insecticidal net (LLIN),
and distribution campaigns, were delayed or interrupted due to logistical challenges,

movement restrictions, and the reallocation of health personnel. The availability and



distribution of curative and preventive malaria commodities were also severely impacted,

leading to stockouts in some regions.
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Figure 1.1 - Global trends in malaria cases and mortality rate (per 100 000 population at risk)
from 2000 — 2022. Data adapted from WHO Malaria Report (2023).

Given the information above, it is clear that many people are still in danger of contracting the
malaria parasite, mainly Plasmodium falciparum. This parasite remains the predominant
species associated with severe malaria and death (Singh and Daneshvar, 2013; WHO, 2022).
Humans transmit malaria from infected female mosquito vectors of the Anopheles genus
(Diptera: Culicidae). There are currently 500 recognised Anopheles species, many of which
belong to species complexes of closely related species that share morphological
characteristics (Harbach, 1994; Sinka, 2012). These species complexes often contain both
primary vectors and non-vector species that may only be distinguished by molecular or
cytogenetic methods. Understanding these complexes is essential because failing to
distinguish vector from non-vector species may compromise control efforts. However, of the

500 Anopheles species, only approximately 40 are known to be carriers of human malaria
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parasites, and 15 of them are believed to be major vector species or species complexes that
have the capacity to transmit malaria at a level that poses a threat to the well-being of
everyone (Service and Townson, 2002; Hay et al., 2010; Sinka et al., 2012; Whittaker et al.,
2023). In Africa, the most dominant and well-studied malaria vector species include
Anopheles gambiae, Anopheles coluzzii, Anopheles arabiensis, and Anopheles funestus which
are member of such species complexes (Gillies and De Meillon, 1968; Gillies and Coetzee;
1987 Sinka et al., 2012; Asmare et al., 2022).

1.2 MALARIA VECTOR CONTROL IN SOUTH AFRICA

Malaria vector control has historically been the key to eradicating malaria in many parts of
the world. Today's vector control initiatives include the use of chemical, biological, natural
plant products, and environmental management. In sub-Saharan Africa, the most critical
definitive hosts for human Plasmodium are mosquitoes of the Anopheles gambiae complex
and An. funestus group (Dia et al., 2013; Ogola et al., 2018). A definitive host is the organism
in which a parasite reaches its mature, reproductive stage. In this case, it is the Anopheles
mosquito, where the sexual reproduction of Plasmodium occurs. The predominant vector in
South Africa at present is An. arabiensis, a member of An. gambiae complex (Gillies and De
Meillon, 1968; Gillies and Coetzee, 1987; Brooke et al., 2013; Adeola et al., 2016; Dandalo
et al., 2017; Munhenga et al., 2022). During previous control interventions and sporadic
outbreaks, An. funestus has also been a dominant vector in this country. (Gillies and De
Meillon, 1968; Gillies and Coetzee, 1987; Brooke et al., 2013). The primary strategies for
controlling malaria vectors in South Africa are targeted larval source management and indoor
residual spraying (IRS) of insecticide (Brooke et al., 2013; Brooke et al., 2020). IRS

entails applying insecticide to the walls and ceilings of dwellings where mosquitoes rest. The
insecticide has a duration of several months (6- 12 months, depending on the insecticide) and
kills mosquitoes that come into contact with the treated surfaces (Brooke et al., 2013;
Coetzee et al., 2013a). The residual efficacy of IRS varies depending on the kind of

insecticide used, environmental conditions, and the nature of the wall surface.

In addition to IRS, South Africa (SA) also uses larviciding during winter in certain areas,
such as game reserves (Coetzee, 2013). Larviciding is the practice of applying insecticides or

biological control agents to bodies of water, such as stagnant pools, where mosquitoes thrive



to eradicate mosquito larvae before they develop into adults. In South Africa, the prevalence
of malaria has been effectively reduced by IRS-based vector control to the point that the
eradication of all locally acquired cases is a plausible prospect (Brooke et al., 2013; Coetzee
et al., 2013; Coetzee and Koekemoer, 2013). South Africa is in the pre-elimination stage of
the malaria epidemic and has committed to eradicating the disease by 2028 although previous
targets aimed to do so by 2023 (Oyegoke et al., 2022; Kleinhans et al., 2024). However, this
has yet to be accomplished, and local transmission continues at low levels in a number of

districts and towns throughout the impacted provinces with conducive transmission climates.

A systematic review by Zhou et al. (2022) found that IRS can significantly reduce malaria
transmission when properly executed, leading to notable declines in parasite prevalence and
case incidence. Similarly, Irish et al. (2024) discovered that targeted IRS, concentrating on
transmission hotspots rather than broad areas, can improve efficiency and lower operational
costs while achieving similar results. Nonetheless, both studies emphasise that the
effectiveness of IRS largely relies on strategic implementation, timing, and the local
epidemiological context. In South Africa, IRS has proven effective when high coverage is
achieved. However, its long-term sustainability faces several challenges that could hinder
elimination. Insecticide resistance, particularly to pyrethroids, is a growing concern, and the
requirement for regular rotation of insecticide classes increases costs and logistical
difficulties (Brooke et al., 2020). Resistance can reduce the efficacy of IRS and allow vector
populations to persist despite interventions. Additionally, vector behavioural adaptation is an
increasing concern. Anopheles arabiensis is known for its ecological adaptability, often
resting outdoors or feeding on animals, which reduces IRS contact and thus undermines its
efficacy (Afrane et al., 2016; Alafo, 2021). Alafo (2021) highlights the importance of
implementation strategies and residual efficacy for achieving adequate coverage. Poor timing,
inconsistent application, insecticide degradation, and logistical challenges, such as
community resistance or limited access to remote areas, can adversely affect the overall

impact of IRS.

Malaria is prevalent in certain parts of South Africa, particularly in the north-eastern
provinces such as Mpumalanga, Limpopo, and KwaZulu-Natal, where active malaria
transmission is primarily due to the presence of An. arabiensis species (Brooke et al., 2013;
Dandalo et al., 2017; Dahan-Moss et al., 2022). As South Africa shares borders with

countries that have high malaria burdens, such as Mozambique, Zimbabwe and Eswatini,
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there is a chance that drug-resistant parasites and insecticide-resistant mosquitoes will be
imported into South Africa, contributing to high rates of malaria transmission. Each year,
affected districts and municipalities in each province conduct malaria vector control to scale
up towards elimination. Major mosquito vector species are typically the most
comprehensively researched and understood in terms of their physiology and taxonomy due
to their role in disease transmission (Harbach, 2004; Becker et al., 2010). Research into
cryptic Anopheles species and disease vector speciation is essential for vector management,
as they could have profound public health implications (Zheng, 2020). To define species is
complex and is defined by various theories. One of these is based on reproductive isolation

which will be discussed in more detail below.

1.3 REPRODUCTIVE ISOLATION

The Anopheles genus contains cryptic species that appear morphologically similar but exhibit
genetic differences (Zheng, 2020). The prevalence of morphologically identical species that
have diverse roles in spreading diseases and parasites makes it challenging to easily and
accurately identify mosquitoes (Mdller et al., 2013). Reproductive isolation plays a pivotal
role in species formation, making it important to understand how a single interbreeding
species separates into two reproductively distinct species. Hence, understanding the specific
isolating attributes and the rates at which they evolve is necessary for understanding the

emergence and persistence of species (Zheng, 2020).

Reproductive isolation is a critical mechanism in speciation, where two or more separate
species cannot interbreed and produce fertile offspring. According to Coetzee (1982), species
are "groups of distinct organisms that have a common preferred habitat and specific mate
recognition system (SMRS)”. The SMRS could be in the form of optical, auditory, chemical
or other types of signals. Specific mate recognition system has the unintended consequence of
confining gene pools into compartments. Nevertheless, genetic variation among individuals
in nature may be explained as gaps/interruptions caused by a lack of gene flow between two
or more sympatric gene pools (i.e., populations that occur in the same geographic area), due
to various SMRS (Coetzee, 1982). The formation of reproductive isolation between
populations with different genetic make-up is how speciation develops over time.

Reproductive isolation results from the combined effect of all barriers that prevent and hinder



gene flow. This can occur through various factors, including geographical isolation, genetic
drift, and natural selection (Zheng, 2020).

Reproductive isolation plays a key role in the emergence of cryptic species. It prevents gene
flow between populations, allowing genetic differences to accumulate over time. When these
differences become substantial enough to prevent successful interbreeding, cryptic species
emerge. These differences may result in one species being an efficient malaria vector while
its sibling species is not. For instance, two reproductively isolated species may occupy the
same area (sympatry) but exhibit different host preferences, resting behaviour or insecticide
susceptibility, all of which directly affect their role in transmission and the success of vector
control interventions such as IRS or insecticide-treated nets. Therefore, understanding
reproductive isolation and the resulting genetic divergence among cryptic taxa is essential for
improving targeted surveillance, developing effective control strategies, and ultimately

contributing to effective malaria elimination efforts.

1.4 CRYPTIC SPECIES

Numerous species complexes within the genus Anopheles have been uncovered, and the use
of the term “sibling” or “cryptic” species by researchers has become widespread. While most
authors use the terms interchangeably, some authors argue that the term "sibling" indicates a
sister-species relationship and denotes more recent shared ancestry than the term "cryptic"
(Knowlton, 1986; Saez and Lozano, 2005; Bickford et al., 2007). Cryptic species are
biologically distinct groups that lack discernible physical distinctions identified through
genetic data from populations previously assumed to belong to a single species (Collins and
Paskewitz, 1996; Zheng, 2020). Mayr (1969) described sibling species as sympatric forms
that are reproductively isolated, yet have unique biological traits, and are physically similar
or indistinguishable, a definition that has been supported by other researchers (Singh, 2016;
Zheng, 2020).

Extensive studies have identified cryptic mosquito species, and most of these studies
concentrate on the An. gambiae complex. This complex consists of closely related species
historically considered a single species. However, advances in molecular genetics and DNA
analysis have revealed that this complex is composed of multiple cryptic species (Barron et
al., 2019). The An. gambiae complex includes several mosquito species, among them An.



gambiae sensu stricto (previously known as An. gambiae S molecular form), An. coluzzii
(previously known as An. gambiae M molecular form), and An. arabiensis, which are the
major malaria vectors (Dahan-Moss et al., 2020; Rants’o et al., 2023). Additionally, there are
minor localised vectors, such as An. melas, An. merus, and An. bwambae, whereas An.
quadriannulatus, An. fontenillei and An. amharicus are not known to transmit malaria (Gillies
and Coetzee, 1987; Brooke et al., 2013; Coetzee et al., 2013; Barrdn et al., 2019). These
cryptic species vary in ecological characteristics, including host feeding preferences, breeding
locations, feeding behaviour, insecticide susceptibility and their contribution to malaria
transmission (Barrdn et al., 2019). In a study investigating the genetic basis for reproductive
isolation in populations of the sub-Saharan African mosquito species An. coluzzii, White et
al., (2011) reported that there were significant genetic differences between populations of An.
coluzzii that were geographically separated and these differences were associated with
differences in the timing of mating and reproductive behaviour. Their findings suggests that
reproductive isolation may play a significant role in the emergence of cryptic Anopheles

mosquito species.

Another well-documented example of a cryptic species is the Anopheles funestus group,
which comprises of several morphologically similar (sibling) member species. Anopheles
funestus s.s. (sensu stricto) is the main species responsible for malaria transmission in Africa
(Harbach, 2003; Stevenson et al., 2016; Odero et al., 2023). Other members of the group such
as An. parensis, An. vaneedeni and An. rivulorum are considered potential vectors. Anopheles
rivulorum can be misidentified at its adult stage as An. funestus. In a study conducted in
Cameroon, Cohuet et al. (2003) identified a non-vector species in Cameroon with biological,
morphological and genetic characteristics similar to An. rivulorum and named it An.
rivolorum-like (Vezenegho, 2012). Spillings et al. (2009) reported cytogenetic differences
among closely related populations of An. funestus in Malawi suggesting that this species may
comprise a complex of cryptic species. Their findings suggested that An. funestus s.s. itself
may represent a complex of genetically distinct taxa. In the same study, a morphologically

similar but genetically distinct species was identified and assigned the name An. funestus-like.

The Anopheles genus contains numerous species. Some of these belong to species groups or
complexes, as indicated above. Identifying and describing these species are vital in order for
researchers and vector control managers to target control interventions effectively and adjust
their strategies to specific mosquito populations. Research on cryptic species within the

Anopheles genus is particularly crucial in malaria transmission because these
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morphologically indistinguishable species may differ greatly in their vectorial capacity, biting
behaviour, ecological preferences, and insecticide resistance. Misidentification of such
species or failing to recognise an emerging vector within a cryptic complex can lead to
inaccurate inferences about transmission dynamics and the persistence of transmission
hotspots and hinder targeted vector control efforts. It is essential to study these cryptic
species in order to design precise, evidence-based malaria control strategies that are

responsive to the true vector landscape.

1.5 TECHNIQUES USED FOR MOSQUITO IDENTIFICATION

The accurate identification of mosquito species has significant clinical and practical
ramifications and it is crucial for the implementation of vector control strategies (Murugan et
al., 2016). One of the most important steps in monitoring and controlling malaria is
identifying species in the Anopheles genus. As mentioned above, many complexes of closely
related cryptic species in mosquitoes share the same morphology but differ in their ecology
and preferred hosts and, hence, their role in disease transmission. Precise identification is
vital since species groups and complexes exhibit considerable behavioural and vectorial
diversity (Gillies and Coetzee, 1987). Several methods for identifying mosquitoes include
morphological, molecular (Polymerase Chain Reaction and nucleic acids sequencing),

proteomics techniques, and isozyme analysis (Jourdain et al., 2018).

1.5.1 Morphological Methods

Morphological identification remains the first step prior to molecular methods for both
research and operational entomological surveillance because it does not need costly
specialised equipment and is easy to use in the field, even when a large number of specimens
need to be identified (Chan et al., 2014). Morphological identification is the conventional and
accepted approach for classifying mosquito species based on their external characteristics and
morphological features using taxonomic keys (Chan et al., 2014). Morphological
identification of mosquitoes collected during entomological surveillance is an essential
prerequisite for effective malaria vector control programs (Sinka et al., 2010; Garros and
Dujardin, 2013; Erlank et al., 2018).



Before the development of molecular identification techniques, a priori morphological
identification formed the basis for species identification. This means that in order to identify
a species, female specimens needed to be captured from the wild and brought to an insectary
facility. These females were then blood-fed, and the eggs they produced were reared until
they reached the adult stage. Thereafter, the eggs, fourth instar larval skins and pupal pelts are
examined. However, this technique is time-consuming, and identification takes long to
complete (Gillies and Coetzee, 1987; Coetzee, 2020). For this reason, it is important to
combine morphological identification with molecular approaches (Garros and Dujardin,
2013; Erlank et al., 2018).

Morphological keys for the Afrotropical Anophelinae (Coetzee, 2020) are used to identify
adult female Anopheles mosquitoes. The keys provide a rapid means of mosquito
identification, but they also have several limitations. Misidentification can result when
mosquitoes are too damaged to clearly visualise key distinguishing features or due to human
error. As mentioned above, another drawback of this approach is the existence of
intraspecific morphological differences and the presence of novel or cryptic species (Gillies
and Coetzee, 1987; Koekemoer et al., 2002; Harbach, 2004; Zhang, 2022). The dichotomous
keys are restricted to identifying the adult female mosquitoes, pupa and fourth instar larvae,
which may prevent accurate identification of male mosquitoes, and this gap may
underestimate the abundance and distribution of the species (Gillies and Coetzee, 1987; Chan
et al., 2014; Coetzee, 2020).

1.5.2 Cytological Methods

Although not applied in the current study, historical approaches to Anopheles identification,
such as cytological analysis and iso-enzyme electrophoresis, have contributed significantly to
the characterisation of Anopheles species and provided crucial context for developing modern
molecular techniques. Historically, cytogenetics has undoubtedly been one of the most
essential methods for distinguishing morphologically similar sibling species within
Anopheles complexes. This method is based on the analysis of polytene chromosome
banding patterns, usually obtained from the ovarian nurse cells of half-gravid females or
larval salivary glands. Polytene chromosomes are large chromosomes that arise from repeated
rounds of DNA replication without subsequent cell division, resulting in thick, aligned
bundles of chromatids (Alberts et al., 2002). Their unique structure makes them easily

observable under a microscope, revealing distinct banding patterns along the chromosomal
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arms. In addition to exhibiting species-specific banding patterns, polytene chromosomes are
valuable for identifying chromosomal inversions and structural rearrangements, which serve
as stable genetic markers. These markers are instrumental in distinguishing closely related
species and have been extensively used to study genetic divergence and speciation in
Anopheles mosquitoes (Sharakhov et al., 2001; Subbarao, 1994).

According to Subbarao (1994), the majority of anopheline mosquitoes contain cells that
generate polytene chromosomes with observable banding patterns, which allowed researchers
to differentiate cryptic species that may be indistinguishable using classical morphological
traits (Walton et al., 1999). The ovarian nurse cells of half-gravid females and the salivary
glands of fourth-instar larvae contain these polytene chromosomes (Green, 1970; Artemov et
al., 2018). They result from repetitive chromosome replication at interphase without nuclear
division. After division, chromosomes remain attached and thicken, resulting in long ribbon-
like structures with dark and light horizontal segments representing band and interband
regions, respectively (Baimai, 1975; Subbarao, 1994). The identification process involves
staining chromosomes with propionic acid and lacto-acetic orcein to make the banding
patterns visible (Hunt, 1973; Hunt and Coetzee, 1986; Sharakhov et al., 2001). These patterns
are then compared to known reference patterns for different Anopheles species. Each species'
unique chromosomal banding pattern distinguishes it from other species, and each species has

its unique chromosome banding pattern.

Polytene chromosomes are incredibly informative and useful for both species identification
and population structure analysis (Sharakhov et al., 2014). Additionally, it has been used to
identify previously unknown species within complexes like An. gambiae in Africa (Coluzzi et
al., 1979) and An. dirus in Southeast Asia (Baimai et al., 1988). The Anopheles maculatus
group consists of eight recognized species in Southeast Asia, which are difficult to
differentiate from one another due to overlapping physical traits (Rattanarithikul and Green,
1986; Rattanarithikul and Harbach, 1991). Cytological procedures were the primary means of
resolving the presence of many species within the group. Although the An. maculatus group
is known to contribute to the spread of malaria, prior research has not determined the
vectorial potential of particular species because it is challenging to identify species based
solely on morphology (Baimai and Green, 1988; Walton et al., 2007).

The primary advantage of cytological techniques was their ability to reveal genetic structure
at the chromosomal level. Anopheline species with poor ovarian polytenes can use the
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chromosomes from the salivary glands or fourth-instar larvae. The advantage of using adult
females' ovaries is that they can be removed, fixed in modified Cornoy's fluid (made with
acetic acid and methanol), and analysed whenever required (Baimai and Green, 1988;
Subbarao, 1996). Another benefit is the ability to examine the same adult female for several
factors, such as host preferences and the presence of sporozoites. However, this method has
the disadvantage of only allowing the identification of half-gravid females, which excludes
males, unfed females, or fully gravid females. Moreover, this method is time-consuming and

labour intensive.

1.5.3 Iso-enzyme Electrophoretic Variation

Iso-enzyme electrophoresis represents another historical method that was frequently
employed in the study of species complexes. This technique involved the separation of
enzymes based on their mobilities which was influenced by their molecular structure and
electric charge (Ayala et al., 1972; Green and Hunt, 1980). The result of this separation was a
pattern of enzyme bands known as a zymogram. These bands corresponded to different
protein variants (allozymes), each coded by distinct alleles at specific loci. The banding
patterns were examined to find variations in the isoenzymes (enzyme variants) between the
samples. The zymogram could be examined to identify variations in the isoenzymes between
samples, which could then be used to infer genetic variation within and between populations.
It was suggested by Ayala and Powell (1972) that allozymes would be helpful in identifying
sister species after they demonstrated diagnostic allozymes for the identification of members
of the Drosophila willistoni species group (Mahon et al., 1976; Coetzee, 1982). The first
description of isoenzyme electrophoresis for the intent of identifying An. gambiae complex
members was provided by Mahon et al. (1976), but it is no longer in use due to the
development of new molecular techniques such as the species-specific PCR test (Scott et al.,
1993). This technique allows for large-scale screening of natural populations. It is immensely
useful as a diagnostic tool in the routine species identification procedure due to the ease of
data processing and interpretation. In addition to identifying isomorphic species,
electrophoretic differences at enzyme loci can be used to correctly identify species with
distinctive morphology. Species-specific electromorphs also served as valuable markers for
studying gene flow among natural populations (Green and Hunt, 1980; Coetzee, 1982).

Although iso-enzyme analysis provided valuable insights into the study of species complexes,
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its utility was limited by several factors. It requires the use of live mosquitoes, alternatively,
mosquitoes preserved at low temperatures using liquid nitrogen, which is not always easily
accessible in the field (Miles, 1979). In addition, females of a specific age (3-5 days) are
used, thus excluding the use of larvae, males and females of unknown age. Although this
technique is useful for identifying variations in enzyme expression it does not provide

information about the specific gene responsible for the variation.

Both cytological and iso-enzyme approaches have established an important foundation for
understanding species complexes in Anopheles mosquitoes. Their contributions underscore
the need for more accessible, precise, and scalable identification tools, such as the molecular
markers (ITS2 and COI) used in this study. The limitations of these methods have led to their
gradual replacement by molecular tools, including PCR-based assays and sequence analysis.
These modern approaches not only provide higher resolution but also facilitate species
identification across all life stages and from a broader range of sample preservation
conditions. As a result, the molecular methods utilised in this dissertation continue the
foundational work established by cytological and iso-enzyme techniques while addressing

their limitations.

1.5.4 DNA-Based Methods

1.5.4.1 Polymerase Chain Reaction (PCR)

Molecular methods are preferred for species identification as they are comparatively quick,
easy to use, and accurate. PCR is the standard technique used for separating between species
that are morphologically identical or similar. Five members of the An. gambiae complex can
be distinguished using PCR techniques developed by Scott et al. (1993). In the same manner,
the six most prevalent members of the An. funestus group can be differentiated by the
multiplex PCR assay established by Koekemoer et al. (2002) and Cohuet et al. (2003). These
PCR assays are crucial tools in both primary and practical research. The sensitivity of PCR
means that it can detect low concentrations of DNA, making it suitable for analysing small
amounts of genetic material extracted from a single leg or wing Anopheles specimens, and it
can be applied to identify specimens of any gender and at all life stages, including eggs,
larvae, and pupae, which may be challenging or impossible to identify morphologically (Scott
et al., 1993; Walton et al., 1999; Koekemoer et al., 2002). PCR primers are designed to target

12



specific regions of the Anopheles genome, enabling highly specific identification even among
closely related species. This technique is useful to detect and identify pathogens transmitted
by Anopheles mosquitoes. Furthermore, PCR can be combined with sequencing techniques to
analyse specific genetic markers, such as mitochondrial DNA, which aids in studying

population genetics.

However, the limitation of species-specific PCR is that the primers are designed to target
specific sequences, as a result, some of the diversity within a species group can be missed
(Hong et al., 2006). Over time, genetic changes, like mutations in the primer binding regions,
may diminish the assay's efficiency or specificity, potentially causing false-negative or
ambiguous results (Suzuki and Giovannoni, 1996). Similarly, though infrequent, genetic
recombination events could change the genomic regions that the primers target, making
species identification more complex (Martin et al., 2011). In such cases, relying solely on
these genetic markers might lead to inaccurate species identification. These theoretical
concerns highlight the necessity of periodically validating primer sets against up-to-date
population data. Nonetheless, such complications have not yet been reported since the
development of these assays. Another limitation is that PCR is sensitive and prone to
contamination where even trace amounts of foreign DNA can result in false-positive
outcomes. To mitigate these limitations, researchers can enhance PCR results with DNA
sequencing, which aids in confirming ambiguous identifications and uncover cryptic genetic
variation (Garros and Dujardin, 2013; Panda and Barik, 2021; Hadebe et al., 2023).
Additionally, the use of multiplex or nested PCR assays that target multiple genetic loci can
improve diagnostic accuracy and minimize the risk of misidentification. To tackle the issue of
false positives resulting from contamination, it is essential to adhere to strict laboratory

protocols and ensure regular decontamination of workspaces and equipment.

1.5.4.2 DNA Barcoding and Sequencing

DNA barcoding is a supplementary identification technique that can address the limitations
associated with conventional morphology-based taxonomy. DNA barcoding is a molecular
method used to confirm insect species that are difficult to identify by morphological methods
(Frézal and Leblois, 2008; Batovska et al., 2016). This method utilizes a short, standardized
region of DNA (about 400-800 base pairs) present within the genome, where the sequence

varies distinctly between species, and is used for the genetic identification of a species
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(Herbert and Gregory, 2005; Frézal and Leblois, 2008, Chan et al., 2014). The process of
DNA sequencing is used to determine the precise nucleotide order within a DNA molecule.
DNA barcoding is an effective technique that complements the traditional taxonomic
identification of mosquito species, significantly reducing the time required for identification
(Kress and Erickson, 2008). This contemporary method of species identification is especially
useful when working with small quantities of starting material from juvenile stages or
incomplete specimens (Batovska et al., 2016). However, reference databases containing
sequences from recognised species are necessary for DNA barcoding to be effective.
Accurate species identification can be hindered by inadequate or insufficient sequences,
particularly for newly discovered or poorly researched species, leading to a lack of credibility
(Chan et al., 2014; Chaiphongpachara et al., 2022).

Two quickly evolving genetic loci, the mitochondrial DNA Cytochrome Oxidase Subunit 1
(mtDNA COIl) and the ribosomal DNA Internal Transcribed Spacer Region 2 (rDNA ITS2),
have been used to create reference sequences and unique barcodes that identify and
differentiate Anopheles species as well as to differentiate members of species complexes.
(Herbert and Gregory 2005; Chan et al., 2014; St Laurent et al., 2016; Rathnayake et al.,
2023).

a) Internal Transcribed Spacer 2 (ITS2)

The Internal Transcribed Spacer 2 (1TS2) is a region within the ribosomal DNA (rDNA)
array that separates the 5.8S and 28S rRNA genes in eukaryotic organisms (Figure 1.2). ITS2
is part of the larger ribosomal DNA array, located between the conserved coding regions of
the rRNA genes (Paskewitz and Collins, 1997). This region is crucial for ribosomal RNA
transcription and subsequent ribosome assembly. The rDNA array consists of both
transcribed and non-transcribed spacer regions, which show significant interspecific and low
intraspecific variation, while the coding regions are mostly conserved. In most organisms, the
rDNA consists of multiple tandem repeats of a specific DNA sequence that includes genes for
the three major types of ribosomal RNA: 18S, 5.8S, and 28S (in eukaryotes), and 16S and
23S (in prokaryotes) (Gerbi, 1986; Wilkerson; Reinert and Li, 2004).

The ITS2 region has been widely used in mosquito systematics due to its high interspecific
variation and low intraspecific variability, making it particularly useful for distinguishing
closely related or cryptic species. The primary advantage of the ITS region is that it mutates

at a higher rate making it useful for distinguishing closely related species where
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morphological identification may fail (Gonzalez et al., 1985). This gene has become valuable
for molecular taxonomy and phylogenetic analysis due to its high variability among species
(Coleman, 2003). The ITS2 gene has proven valuable for studying relationships of closely
related species and serves as a foundation a basis for PCR identification, contributing to
efficient and cost-effective species diagnostics in vector surveillance programs. It has
frequently been used to uncover cryptic Anopheles species, and ribosomal DNA-based PCR
assays have been developed for several species complexes such as the An. funestus complex,
the An. punctulatus complex and the An. quadrimaculatus complex (Cornel et al., 1996;
Beebe et al., 1999; Hackett et al., 2000; Koekemaoer et al., 2002). Due to their great
intraspecific homogeneity and interspecific diversity, spacer sequence analysis enables
unequivocal species identification in a variety of closely related mosquito species (Carter et
al., 2019). However the use of ITS2 has limitations, in some organisms, incomplete concerted
evolution can result in multiple ITS2 variants within an individual. Additionally,
amplification may be hindered by complex secondary structures or length variations in the
spacer region, complicating sequencing and alignment. Moreover, reference databases for
ITS2 may be incomplete or poorly annotated, particularly for lesser-studied mosquito species,

which can undermine species identification reliability.
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Figure 1.2 - Schematic representation of a transcription unit of eukaryotic DNA. Showing

tandems of the rDNA locus separated by non-transcribed spacer regions (NTS) and regions coding for
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18S rRNA, 5.8S rRNA and 28S rRNA and Internal Transcribed Spacer regions (ITS1 and ITS2).
Modified from (Paskewitz and Collins, 1997).

b) Cytochrome ¢ Oxidase Subunit I (COI)

The COI gene is found in the mitochondrial DNA (mtDNA) of numerous organisms and has
been used to successfully discriminate mosquitoes genetically (Hebert et al., 2003; lyiola et
al., 2021). The standard region used for DNA barcoding in mosquitoes is a ~658 bp fragment
located near the 5’ end of the mitochondrial COI gene, commonly known as the Folmer
region which provides sufficient interspecific variation for reliable species-level
identification. The mitochondrial marker, COI gene, produces a protein component of the
Cytochrome C Oxidase complex, essential for the mitochondrial respiratory pathway's
electron transport chain and energy production (Rodrigues et al., 2017). The structure of a
typical mitochondrial genome consists of several subunits and genes involved in cellular
respiration that form a compact and circular genome (Figure 1.3). The COI gene serves as a
molecular marker for analysing genetic diversity, species identification, and investigating
phylogenetic relationships among animals. The mitochondrial genome shows significant
diversity across species but little variation within species because of the high percentage of

nucleotide substitution brought about by evolution (Tobe et al., 2010).

The major advantages of COI are its high interspecific divergence and relatively conserved
priming sites, which make it effective for identifying a wide range of species with a single
universal primer set. Mitochondrial genes are regarded as better markers to nuclear genes due
to their high abundance (thousands of copies per cell), restricted exposure to recombination,
and haploid inheritance (Saccone et al., 1999; Murugan, et al., 2016). The high copy number
of the mitochondrial genome allows COI to be amplified from small or degraded samples,
like mosquito legs or wings. Its maternal inheritance and lack of recombination make it an
excellent marker for studying population structure and evolution. The COI gene serves as a
crucial tool in identifying mosquitoes via DNA barcoding, allowing researchers to
differentiate between morphologically similar or cryptic species by analysing sequence
variation. It proves especially beneficial in vector surveillance initiatives, helping confirm
species from degraded specimens and track the spread of invasive mosquito species. COI data
can be matched with curated reference databases like BOLD or GenBank for species

verification.
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Although COI has several advantages, it also has limitations. One significant drawback is its
lower effectiveness in distinguishing species that have recently diverged or those affected by
mitochondrial introgression. This gene flow between species can result in shared haplotypes,
which can obscure species boundaries and lead to misidentification. Furthermore, because
COl only reflects the maternal lineage, it does not capture the complete genomic history of
hybrid or recombinant individuals. In cases of nuclear-mitochondrial discordance, the results
from COI should be interpreted with caution. Like 1TS2, the accuracy of identification relies
heavily on the quality and comprehensiveness of reference sequences available in public

databases.

Mitochondrial Genome

—

ATPase subunit 6

Figure 1.3 - lllustration of a typical mitochondrial genome (Modified from Trivedi, et al., 2016).

Murugan and other researchers (2016) examined ten mosquito vector species from three
genera (Aedes, Culex, and Anopheles) in India to evaluate the effectiveness of the COI gene
for species identification. The study found that the generated sequences had no insertions or
deletions (INDELS) and lacked stop or nonsense codons, a characteristic feature of
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mitochondrial genes, allowing for clean sequence alignments. All the sequences accurately
matched their haplotypes in the National Center for Biotechnology Information (NCBI) with
a significant percentage of identities. Maximum identity values for the chosen species ranged
from 93% to 100% in the Basic Local Alignment Search Tool (BLAST) and NCBI,
supporting their precise identification. The NCBI manages the GenBank database, a
collection of annotated nucleotide and protein sequences accessible to the general public.
Researchers can evaluate which sequences in the GenBank database are most comparable to
the obtained sequences, which can aid in validating the identity of the target species. Carter et
al. (2019) explored the usefulness of the ITS2 and COl loci for the detection of Anopheles
species from understudied parts of eastern Ethiopia and two species, An. arabiensis and An.
pretoriensis were identified. Both species were distinguished through examination of the
ITS2 locus. Anopheles pretoriensis sequences could be distinguished from sibling taxa,
however, An. arabiensis could not be distinguished from other An. gambiae complex species
using COI locus analysis. Anopheles pretoriensis could be identified using the COI locus, as
it is not part of a species complex and shows a greater degree of mitochondrial divergence
from other Anopheles species. In contrast, An. arabiensis is part of the An. gambiae complex,
which consists of morphologically indistinguishable sibling species that have only recently
diverged in their evolutionary development. The unclear results of COI sequencing analysis
show potential difficulties in identifying species within closely related species complexes
(Carter et al., 2019).

A small number of studies have integrated morphological data with ITS2 and COI sequencing
to provide insight into previously undetected anophelines in southern and east Africa (Lobo
et al., 2015; St Laurent et al., 2016; Stevenson et al., 2016). Although these genes are similar
enough to be easily recognizable across species, they also exhibit enough variation to
distinguish between different species. This variation occurs due to mutations that accumulate
over time, which allows for the differentiation of closely related species. The COIl and ITS2
genes are suitable tools for phylogenetic and evolutionary studies because they evolve at rates
that are suitable for distinguishing between closely related species while maintaining enough
similarity within species. Given that both the An. marshallii group and An. maculipalpis are
part of this study, additional background information on each species will be provided to
emphasise their significance and clarify their roles in the research.
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1.6 THE ANOPHELES MARSHALLII GROUP

1.6.1 Anopheles marshallii Group Summary Overview

A "complex" is defined as a group of species that are morphologically similar or
indistinguishable but are genetically distinct. The term "group” refers to a group of species
that share many adult physical characteristics but can be distinguished at juvenile stages
(Coetzee, 2020). Theobald (1903) described the Anopheles marshallii group [An. marshallii
senso lato (s.1.)] from a single female in Salisbury, Mashonaland, Rhodesia, and placed it in
the genus Pyretophorus. Over time, numerous species that were initially described as
varieties of An. marshallii group are now considered to consist of distinct species by most
authors. There are 16 species in the An. marshallii group namely: An. austenii, An. berghei,
An. brohieri, An. gibbinsi, An. hancocki, An. hargreavesi, An. harperi, An. mortiauxi, An.
mousinhoi, An. njombiensis, An. seydeli, An. upemba, An. marshallii s.s., An. letabensis, An.
hughi and An. kosiensis (Gillies and De Meillon, 1968; Lambert, 1979; Gillies and Coetzee,
1987; Harbach, 2004). The latter four species can also be differentiated from each other by
cytogenetic variations (Lambert, 1981; Lambert and Coetzee, 1982).

Species belonging to the An. marshallii group are present in different sub-Saharan African
regions, which include South Africa. Species found in southern Africa include An. marshallii
s.s., An. letabensis, An. hughi, An. kosiensis, An. mousinhoi and An. seydeli. The current
distribution of members of the An. marshallii group in South Africa are concentrated in
specific regions. The most significant populations have been reported in the north-eastern
parts of the country, particularly in provinces such as Mpumalanga, KwaZulu-Natal, and
Limpopo (Dahan-Moss et al., 2021). These areas have suitable climates, with warm
temperatures and high rainfall, making them conducive to mosquito breeding. The
significance of these populations lies in their potential ability to act as secondary vectors of
malaria transmission. The An. marshallii group species reproduce in streams and wetlands,
with the majority of the species being primarily zoophilic and exophilic, preferring to feed on
non-human vertebrates (Gillies and De Meillon, 1968; Gilles and Coetzee, 1987).

1.6.2 Historical Synopsis of the Anopheles marshallii group
Earlier research on the An. marshallii group involved in-depth examinations of physical
characteristics of the mosquitoes within this group, which was instrumental in differentiating

the members of this group from each other. Extensive research has been conducted on the
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morphology and population genetics of this species. A few studies have been conducted to
understand the population structure, genetic diversity, and phylogenetic relationship of An.

marshallii group with other Anopheles species.

Lambert (1979) conducted a cytogenetic analysis of the An. marshallii group individuals
from localities in Zimbabwe and South Africa to identify three geographically widespread
species (randomly defined as Species A, B and C) within the taxon. One of his objectives was
to provide evidence of the existence of cryptic species within the An. marshallii group using
the ovarian polytene chromosomal method. It was discovered that these species differ in
chromosomal structure, exhibiting fixed inversion differences in sex chromosomes and
autosomes on polytene chromosomes derived from ovarian nurse cells. A further study
revealed another chromosomally distinct population (Species E) of individual females from
Kosi Bay in Northern KwaZulu-Natal (Lambert 1981, 1983). These species were described
and named as An. letabensis (Species A), An. marshallii s.s. (Species B), An. hughi (Species
C), and An. kosiensis (Species E), respectively (Lambert and Coetzee, 1982; Coetzee et al.,
1987). Anopheles kosiensis (Species E) was identified based on a new X chromosome
inversion arrangement previously unknown to science (Lambert, 1983; Coetzee et al., 1987).
Anopheles marshallii s.s., An. hughi, and An. kosiensis were found to have no floating
inversions in their chromosomes. However, An. letabensis was found to have two inversions
on chromosome 5 (Lambert and Coetzee, 1982; Lambert, 1983). Although the fixed sequence
differences between the sex chromosomes of the four species indicated that species B, C, and
E are closely related, it was discovered that these species were unique and did not interbreed
in nature, suggesting that they were separate species (Lambert and Coetzee, 1982; Lambert,
1983). Two other varieties, An. pitchfordi and An. pseudocostalis, were formerly considered
to be distinct species due to variations in their physical features. However, this conclusion
came from statistical analysis of these characteristics rather than genetic evidence. Lambert
and Coetzee (1982) decided to regard An. pitchfordi and An. pseudocostalis as a synonym of
An. marshallii s.s for the time being until more research yields more definitive answers, and

until genetic data can be correlated with morphological features (M Coetzee, pers comm).

This historical ambiguity regarding the taxonomy of the An. marshallii group has hindered
clear understanding of its role in malaria transmission in Southern Africa. As secondary

vectors gain recognition and the potential for overlooked transmission dynamics comes to
light, there is a renewed interest in reassessing the group’s taxonomic and epidemiological

significance using robust molecular techniques. Therefore, this study sets out to clarify the
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identity of An. marshallii group specimens collected in South Africa through a combination
of morphological and molecular tools. This research offers a revised framework for

understanding the group’s composition and potential significance in local vector surveillance.

1.6.3 Role of An. marshallii group in Malaria Transmission:

According to Lambert and Coetzee (1982), adult female An. marshallii group specimens were
considered both zoophilic and exophilic, and their occasional appearance in homes may have
been due to the presence of animals besides humans. However, Bafort (1985) conducted a
study that demonstrated that An. marshallii group could be a secondary malaria vector and
may be responsible for low-level transmission in some regions of Africa, necessitating further
research on these vectors (Bafort et al., 1985). The study collected blood-fed Anopheles
mosquitoes from huts in small villages around Lwiro (Democratic Republic of the Congo).
He postulated that An. letabensis may be the species concerned due to its man-biting
tendency. In addition to its anthropophilic behaviour, An. letabensis has been found to bite in
nocturnal patterns and in close proximity to human dwellings; both traits that are commonly
associated with malaria vectors. Unfortunately, no chromosomal identification was possible
for any specimens to validate this hypothesis. Out of the 1 212 An. marshallii group samples
that were examined for sporozoites, only three (0.24%) harboured malaria sporozoites (Bafort
et al., 1985). This demonstrates that certain vectors can only be identified by using
appropriate molecular techniques along with detailed morphological identification. A
molecular PCR assay would provide a more precise and efficient way of distinguishing
between these species and determining which of the 16 An. marshallii group species are

potential vectors.

Entomological surveys were carried out in Olama (Cameroon) where one An. marshallii
group specimen was infected with the parasite P. falciparum (Antonio-Nkondjio et al., 2005).
In another study, the vectorial diversity of An. marshallii group and their infectivity across
various seasons and altitudes in relation to parasite prevalence around the slopes of Mount
Cameroon. The prevalence of Plasmodium infection was assessed in 313 anophelines using
circumsporozoite antigen ELISA and 12 (3.8%) An. hancocki specimens carried P.

falciparum circumsporozoites (Kwi et al., 2022).
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Although a substantial number of An. marshallii group specimens have been collected from
sentinel sites in the KwaZulu-Natal malaria-endemic province over the past years, it has not
been identified as a malaria vector in South Africa, as it has in other regions of Africa
(Dahan-Moss et al., 2021). This may stem from their zoophilic tendencies, low population
densities, or historical underrepresentation in vector incrimination studies. However, the
absence of incriminating evidence in South Africa does not rule out a potential future role,
especially if ecological conditions or vector behaviours change. Accurately identifying An.
marshallii group specimens remains crucial in areas where malaria persists. This research
aims to enhance species resolution and lay the groundwork for future studies that may
evaluate the group's role in malaria transmission, particularly under changing environmental

or epidemiological conditions, through the use of iso-female lines and molecular analysis.

1.6.4 Distribution and Biology of Members of the Anopheles marshallii Group

a. Anopheles marshallii s.s.
Anopheles marshallii s.s. is a widespread species distributed in East and South Africa
(Figure 1.4). They also occur in specific areas along the southern edge of the West African
savanna (Gillies and De Meillon, 1968). These species are both zoophilic and exophilic, and
there is evidence that their sporadic presence inside homes is linked to the presence of
domestic animals nearby, however, contact with humans appears to be rare. Anopheles
marshallii s.s specimens were identified by Bruce-Chwatt and Gockel (1960) as a possible
secondary vector when 29.5% of the group's specimens tested positive for human blood,
however, no sporozoite infections have been documented. Their larvae are usually found in
fresh backwaters of streams and seepage areas in weeds and grass (Gillies and De Meillon,
1968; Gillies and Coetzee, 1987).
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Figure 1.4 - Map showing the distribution of Anopheles marshallii group species across Africa.
Adapted from Gillies and De Meillon (1968) and Gillies and Coetzee (1987).

b. Anopheles austenii

Anopheles austenii species were recorded from Katanga (Congo) and Angola (Figure 1.4).

Ribiero and Ramos (1975) reported a small number of adults biting humans at night in

Angola, making it a potential malaria vector. No Plasmodium infections have been reported

in spite of this. Larvae were discovered in a shallow well dug in a grass-covered pit (Gillies
and De Meillon, 1968).
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c. Anopheles berghei
This species is found in Katanga, Democratic Republic of Congo (Figure 1.4). The adults
have been discovered resting low on the trunks of trees or in the spaces between their roots in
a humid forest (Vincke and Leleup, 1949). There is a possibility that An. berghei may be a
subspecies of An. mortiauxi, as proposed by Vincke and Leleup (1949). This is supported by
their close morphological resemblance, including similarities in wing spot patterns and
scaling on the legs. However, both forms have been treated as distinct species due to a lack of
extensive study on their early stages with a larger sample size. No reports of human bites or
sporozoite discovery exist for this species. The adult biology of this species is unknown
(Gillies and De Meillon, 1968).

d. Anopheles brohieri
This species lives in the savanna and is widely distributed from Mali to northern Nigeria,
Cameroon to northern Uganda, and the far south of Sudan (Figure 1.4). Anopheles brohieri
are primarily zoophilic, however, they are occasionally captured outside using humans as
bait. According to Hamon et al. (1964), adult mosquitoes have been seen resting outside in
dirt crevices. Studies have not shown consistent human blood feeding or sporozoite
positivity. As a result, it is not currently regarded as a vector. The larvae develop in swamps
and slowly moving streams (Gillies and De Meillon, 1968).

e. Anopheles gibbinsi
This highland species is found in eastern Africa that ranging from Ethiopia and southern
Sudan to Rwanda, Burundi, Kenya, Tanzania and the Democratic Republic of Congo (Figure
1.4). 1t is mainly zoophilic and exophilic. However, it has been documented that it
occasionally feeds on humans, indicating that it is likely to ingest human malaria parasites.
Their larvae have been found in Kenya in ditches without trees to provide shade or in slow,
shallow streams (Evans, 1938; Gillies and De Meillon, 1968). According to studies from the
Kenyan highlands, 7.7% of An. gibbinsi specimens tested positive for Plasmodium
falciparum sporozoites by CSP ELISA, indicating that this species is a malaria vector.
(Cooke et al., 2015). Gebhardt et al. (2022) recently showed that An. gibbinsi were also

collected in Zambia. However, none of the samples was found to be infected.
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f.  Anopheles hancocki
Anopheles hancocki species mainly inhabit the mosaic forest-savanna zones of West Africa,
which stretch from Sierra Leone to Cameroon and the Congo basin to Uganda (Figure 1.4).
This species, which is anthropophilic across its habitat, enters homes to feed on people and
then rests inside. Although An. hancocki has been implicated as a malaria vector in a number
of locations, such as Uganda, Cameroon, and Nigeria, its infection rates are rarely high
enough to be significant when compared to the primary vectors (Gillies and De Meillon,
1968). Their larval habitat constitutes clear water in densely vegetated swamps, seepages, and

slowly flowing streams and rivers.

g. Anopheles hargreavesi
Anopheles hargreavesi is a forest zone species primarily found in West Africa, extending
from Sierra Leone to Cameroon to Congo, across western Uganda, Gabon and Central
African Republic (Figure 1.4). It is a slightly anthropophilic species that readily bite people
indoors and outdoors, especially when no cattle are around. The larvae can be found in open
forest regions in grassy wetlands or slow-flowing streams (Gillies and De Meillon, 1968). No
other positive gland dissections have been documented since Barber et al. (1931) discovered
that 5.4% of 92 dissected mosquitoes in southern Nigeria had sporozoites and declared it a
significant malaria vector. Hamon and Mouchet (1961) observed that despite the ongoing
presence of An. hargreavesi biting outside, malaria was eliminated in the Cameroun Forest

through residual spraying (Gillies and De Meillon, 1968).

h. Anopheles harperi
Anopheles harperi is a rare highland species that is most likely more widespread than earlier
reports suggested. It is distributed in Ethiopia, Kenya, and Angola (Figure 1.4). Nothing is
known about its adult biology. The larvae of An. harperi are found in shallow ponds with
standing grass under the shelter of plants and trees, as well as in the swamps (Gillies and De
Meillon, 1968). It is unlikely to be a malaria vector based on the evidence available, as there

is no information on human bite or infection.

i. Anopheles hughi
The distribution of Anopheles hughi is restricted to Limpopo (formerly Transvaal) and

Zimbabwe (formerly Rhodesia) (Figure 1.4). This species is primarily found outdoors, where
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it is predominantly caught on animals (Gillies and Coetzee, 1987). To date, no studies have

conclusively identified its host preferences and its vector status remains unknown.

J.  Anopheles kosiensis
This species was first described from a single location in Kosi Bay, KwaZulu-Natal, South
Africa (Figure 1.4). Fully engorged female specimens were collected in a cattle enclosure,
suggesting a significant tendency to feed on animals (Gillies and Coetzee, 1987). Since its
initial description, there have been very few additional reports, and its distribution seems to
be highly localized, with no confirmed sightings beyond the original collection site. The

limited data makes it challenging to assess its potential role in malaria transmission.

k. Anopheles letabensis
Anopheles letabensis exhibits a widespread distribution ranging from Ethiopia to KwaZulu
Natal, typically found at lower altitudes than An. marshallii s.s. They are sometimes seen
biting people outdoors or resting inside houses (Gillies and Coetzee, 1987). According to
previous reports, An. letabensis has been found to exhibit human biting characteristics
(Chwatt and Gockel, 1960; Lambert, 1981; Lambert and Coetzee, 1982). Bruce-Chwatt and
Gockel (1960), demonstrated that 29.5% of An. marshallii group individuals collected across
a wide geographic area tested positive for human blood. Most of these individuals were An.
letabensis, which commonly bite humans, unlike the other species. Lambert (1979) proposed
that An. letabensis should be studied due to its anthropophilic biting behaviour, to determine
its vectorial capacity for malaria. Furthermore, this species is able to adapt to various habitats
and its efficient transmission of the Plasmodium parasite could potentially contribute to the

higher risk of malaria transmission.

I.  Anopheles mortiauxi
Anopheles mortiauxi is a rare mosquito species that was described by Edwards in 1938. Its
distribution is primarily limited to Kinshasa Province in Congo (see Figure 1.4). The type
specimens, which include both male and female mosquitoes, are housed in the British
Museum, where the males are labeled as cotypes (Gillies and De Meillon, 1968). To date, no

studies have documented the host preferences, breeding ecology, or adult feeding behaviors
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of this species. Its rarity and the absence of collection records indicate that it may have a

limited distribution or specific habitat requirements.

m. Anopheles mousinhoi
Anopheles mousinhoi is a rare species of mosquito found in South Africa, Mozambique,
Zimbabwe, and the Democratic Republic of Congo (Figure 1.4) (Gillies and De Meillon,
1968; Coetzee and Le Seur, 1988). However, it is likely that this mosquito also inhabits
neighboring countries due to ecological similarities and the availability of suitable habitats
across borders. Although no formal collection records confirm its presence beyond these four
countries, the shared bioclimatic zones and wetland environments in adjacent areas make its
occurrence plausible. There is currently no data available regarding its adult biology or host
preferences. Until more information is available, An. mousinhoi is classified as a non-vector
species because there is no evidence of human contact or Plasmodium detection. The larvae
of An. mousinhoi are typically found in slow-moving, clear water that contains grass and

reeds, or in permanent wetlands with grass and aquatic vegetation.

n. Anopheles njombiensis
Anopheles njombiensis is only found Angola and in the southern Highlands of Tanzania,
Katanga Province (Congo) (Figure 1.4). There is no information on the biology of this
species other than that the few specimens captured were either unfed in houses or overfed at
night in cattle sheds (Gillies and De Meillon, 1968). Its vector status is unknown since no
research has found sporozoite infection, however zoophilic bias might indicate a low risk of

human transmission. Nothing is known about the larval habitat of this species.

0. Anopheles seydeli
Anopheles seydeli covers a wide distribution in eastern Africa, from Ethiopia, Burundi,
Tanzania, Katanga Province (Congo), Malawi, Mozambique and Zambia (Figure 1.4)
(Gillies and De Meillon, 1968). While outdoor human-biting behavior by small populations
of females has been observed in Tanzania, no sporozoite-positive specimens have been
reported to date. As such, no sporozoite-positive specimens have been reported, so its role in
transmission remains unconfirmed. Their larvae are generally found in the grassy margins of

slow- or fast-moving streams.

27



p. Anopheles upemba
This species was identified from a single incomplete female lacking fore legs and the last two
hind tarsal segments found in Katanga, Zaire, in 1947. Mattingly (1955) described it but did
not give it a name. However, he recognised it as a unique species. Lips (1960) subsequently
provided the name in an appendix to one of several studies on the anopheline fauna of Zaire
(Gillies and Coetzee, 1987). Gillies and De Meillon (1968) failed to mention the existence of
this name. This species has yet to be studied extensively, thus, information about its adult
biology, infection status and host preference is unavailable.

1.6.5 Morphological Differences between Members of the Anopheles marshallii
group

The study of the physical characteristics of An. marshallii group species requires examining
all its life-stages. This is because identifying the An. marshallii group species based solely on
adult females is difficult due to overlapping adult morphological traits. To accurately identify
them, examining their juvenile characteristics, which can be observed in their eggs, larvae or
pupae, is necessary. The analysis of these characters allows for a clearer distinction between
species in the An. marshallii group. Each developmental stage presents unique features, and
when assessed collectively, they enhance the reliability of morphological identification.
Table 1.1 highlights the variations among adult species, while detailed descriptions of these
species can be found in Gillies and Demeilon (1968) and Gillies and Coetzee (1987). To
further examine the differences between species at different stages, please refer to Appendix
1A, 1B, and 1C for information on egg, larval and pupal stages. An overview of the

morphological variations observed across these stages is provided below:

1.6.5.1 Differences in Egg Stages

The egg is the first life stage that is examined. The dorsal surface of Anopheles marshallii s.s.
eggs have two visible decks, each encircled by a narrow frill (Figure 1.5) (Gillies and De
Meillon, 1968). However, variation in egg morphology reported or absence of egg
morphology recorded or published provide challenges for species identification (M Coetzee,
pers comm). Anopheles letabensis eggs are similar but with slightly more rounded deck
openings (Gillies and Coetzee, 1987). The eggs of An. kosiensis and An. hughi are similar,

they have well-separated floats with a single deck continuous between them. Anopheles
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gibbinsi eggs are larger than An. marshallii s.s. eggs and have a discontinuous chorion
between the floats (Gillies and De Meillon, 1968). Anopheles hancocki eggs have a finely
sculptured chorion and floats with multiple ridges. Anopheles hargreavesi eggs have two
fully developed frills surrounding the polar enclosed sections in an oval shape. Anopheles
seydeli eggs resemble An. marshallii s.s. but they have three decks (Gillies and De Meillon,
1968). However, the egg morphology of An. austenii, An. berghei, An. brohieri, An. harperi,
An. mortiauxi, An. mousinhoi, An. njombiensis and An. upemba is still unknown (see
Appendix 1A). The lack of published data on these species presents a significant gap in
knowledge, and further research is needed to determine their egg morphology for proper

identification.

Dacks

Floats

Figure 1.5 — lllustration of Anopheles marshallii s.s. egg. Sourced from (Gillies and De Meillon,
1968).

1.6.5.2 Differences in Larval Stages

Following the egg stage, larval morphology provides additional traits that can help
distinguish between species. Anopheles marshallii group mosquito larvae of different species
exhibit varying features in terms of their hair and setae (see Appendix 1B). Particularly
valuable are the setae, which are specialised bristle-like hairs found on the thorax, abdomen,
and head (clypeal area). These hairs are dependable diagnostic features in morphological
keys because they differ structurally between species in terms of position, length, branching
pattern, and attachment base (Gillies & De Meillon, 1968). The abdominal palmate hairs,
which are comb-like structures located laterally on the abdominal segments, are used to
distinguish species based on the filament shape and length (Appendix 1B). Figure 1.6A
illustrates the abdominal segments and palmate hairs of An. marshallii s.s., showcasing their

typical structure: short, sharply pointed filaments. These structures serve as a reference for
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comparing similar species. In Southern African specimens like An. marshallii s.s., the
filaments are generally short and sharply pointed (Gillies and De Meillon, 1968), consistent
with the features shown in Figure 1.6A. In contrast, larvae from other regions may display
longer or more variable filament shapes, indicating regional variation. For instance, An.
brohieri larvae have longer palmate hair filaments and broader abdominal plates than those
seen in Figure 1.6A. Additionally, An. mousinhoi exhibits undifferentiated abdominal
palmate hairs on its first two segments. Anopheles austenii larvae show similarities to An.
marshallii s.s., but their tergal plates differ in size (Gillies and De Meillon, 1968).

Figure 1.6B displays the posterior and outer clypeal hairs of An. marshallii s.s. are critical
for differentiating this species from others in the group. The outer clypeal hairs of An.
hargreavesi are relatively short and abruptly pointed, differing in length and shape from those
of An. marshallii s.s. shown in the figure. Similarly, An. harperi larvae, which resemble An.
hargreavesi, can be differentiated by the presence of arms on the scoop’s middle plate, a
feature not observed in Figure 1.6B. In An. letabensis, the posterior clypeal hair is simple,
and the inner shoulder hairs are mounted on a small tubercle (Gillies and Coetzee, 1987).
Anopheles hughi larvae are similar; however, their abdominal hairs consist of branches that
primarily arise from one side of the hair stem. Anopheles kosiensis and An. hughi larvae are
comparable, but An. kosiensis has a significantly smaller larval thoracic palmate seta when
compared to An. marshallii s.s. (Gillies and Coetzee, 1987). Anopheles gibbinsi larvae
resemble An. marshallii s.s., while An. hancocki larvae have more sharply pointed inner
clypeal hairs and more primitive palmate hairs on their abdominal segments. Anopheles
mousinhoi larvae are similar to An. marshallii s.s., except the posterior clypeal hair is slightly
shorter. In An. njombiensis, the posterior clypeal hairs are slightly longer than the outer hairs,
while in An. seydellii larvae, the posterior clypeal hairs are simple, very short, and stumpy.
Unfortunately, there is currently no available information on the larval morphology of An.

berghei, An. mortiauxi, and An. upemba (Gillies and De Meillon, 1968).
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Figure 1.6 - Larval morphological features of Anopheles marshallii s.s. (A) An. marshallii s.s.
larval abdominal segments. (B) An. marshallii s.s. clypeal hairs. Sourced from (Gillies and De
Meillon, 1968).
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1.6.5.3 Differences in Pupal Stages

Lastly, the pupae are examined, using subtle morphological features such as paddle fringe
structures and setal patterns to distinguish the species. The apical paddle hair is a crucial
characteristic that varies both qualitatively and quantitatively between species. In An.
marshallii s.s., the apical paddle hair is of moderate length, straight, and tapers evenly to a
point. In contrast, other members of the group exhibit varying apical paddle hair
morphologies; for instance, An. hargreavesi has shorter, slightly curved apical hairs, whereas
An. austenii has longer and more flexuous apical paddle hairs. These differences are often
species-specific and are employed in taxonomic keys to distinguish closely related species
during pupal identification. Additionally, the paddle fringe in An. marshallii s.s. consists of
spines that gradually transition into fine hairs without extending beyond the apical paddle
hair (Figure 1.7). Variations in this fringe pattern, along with differences in the length,
branching, and location of pupal setae (as detailed in Appendix 1C), also provide valuable
characteristics for species identification. However, pupal morphology has yet to be
documented for An. berghei, An. brohieri, An. mortiauxi, and An. upemba, highlighting gaps
in the current literature (Gillies and De Meillon, 1968; Gillies and Coetzee, 1987).

Setae (numbered) — '

Y. _\.\ Spinous part of fringe
Paddie and fringe

Apical hair

Figure 1.7 - Dorsal view of Anopheles pupae abdominal segments. Sourced from (Gillies and
Coetzee, 1987).
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1.6.5.4 Adult Morphological Description

a. Anopheles marshallii s.s.
In adult forms, the width of the apical dark palpal band and the amount of pale scaling in the
wing vary greatly (Figure 1.8A and B). The palps are smooth with a few suberect scales
basally, and the apical dark band is about the same width as the adjacent pale bands. The
third main dark section of the first vein in the wing always has a pale interruption (Figure
1.8A). The tarsal segments of the legs are very narrowly pale apically, with some geographic
variation in the extent of the pale markings across populations. The scutal scales of
Anopheles marshallii s.s. are white, ranging from linear to narrowly lanceolate in shape,
measuring approximately 0.06-0.08 mm in width, slightly curved, and neither truncate nor
flattened according to Gillies and De Meillon (1968) (Figure 1.9).

B Fringe spots

Basal pale band Subapical pale band  Aplcal dark band  Apical pale band

Figure 1.8 - Morphological characters of a female Anopheles marshallii group. (A) wing and (B)
palps. Sourced from (Gillies and De Meillon, 1968).
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A. An. marshallii s.s. B. An. gibbinsi C. An. njombiensis

D. An. hargreavesi E. An. harperi F. An. mousinhoi

Figure 1.9 - Anopheles marshallii group mesonotal scales (Gillies and De Meillon, 1968).

b. Anopheles austenii
There are distinct apical pale patches on the femur and tibia of the adults. The apexes of each
of the four tarsal segments have comparatively broad white bands; the fore and hind tarsi's
bands are at least twice as wide as those of the mid-tarsi. Variation in the size and
prominence of these bands has been noted in different populations (Gillies and De Meillon,
1968). The mesonotum is quite heavily covered in wide, white scales that cover the entire
scutellum and scutum (Gillies and De Meillon, 1968).

c. Anopheles berghei

This species closely resembles An. mortiauxi. In contrast to An. mortiauxi, the pale scales on
the fore tibia and tarsal segments do not extend over the joints onto the bases of the
subsequent segments, and they are extremely narrowly pale at the apex (Gillies and De

Meillon, 1968). The apex of the mid-femur is black and lacks a subapical pale patch, the
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tibial and tarsal apices are narrowly pale. The degree of pale scaling varies somewhat by
location, with specimens from different regions exhibiting slight differences in the
prominence of pale bands on the legs. Compared to other members of the An. marshallii
group, their wing field often appears significantly darker. In contrast to An. mortiauxi species,
they do not have a pale fringe spot across from the sixth vein. The mesonotum is covered by
golden scales that are falcate to lanceolate in shape, with widths averaging 0.07 mm and

tapering to a curved, acute apex (Gillies and De Meillon, 1968).

d. Anopheles broheiri
This species is very closely related to An. hancocki however, the hind tarsi are variable. In
contrast to An. marshallii s.s., the third segment of the hind tarsus may be entirely white or
have light scaling confined to the segment's base and apex (Gillies and De Meillon, 1968).
The size of pale patches on the costa of the wing varies more from specimen to specimen.
The pre-sector and humeral spots are present in the lightest forms, but the darkest forms have
no presence of pale spots. The anterior quarter of the mesonotum is covered in very narrow,
curved white scales (approximately 0.04 mm in width), while the rest has somewhat broad,

curved, and pointed white scales (Gillies and De Meillon, 1968).

e. Anopheles gibbinsi
An. gibbinsi closely resembles An. marshallii s.s. but the wing markings are where variety is
most noticeable. The third vein may be entirely dark, or it may be dark only at the apex and
base. There is variation in the presence and prominence of pale markings across populations.
The mesonotum is draped in extremely thin golden scales (Figure 1.9). In some populations,
the golden scales on the mesonotum may be more prominent, while in others, they may be

slightly less pronounced (Gillies and De Meillon, 1968).

f. Anopheles hancocki
A faint pale band may be present basally on the second hind tarsal segment, specimens from
Kampala show this particularly clearly. The pale costal wing areas vary significantly in size,
though less than in An. brohieri, as noted by Evans (1938) and Adam (1956) (Gillies and De
Meillon, 1968). Specimens of An. hancocki from southern Nigeria often lack the dark band at
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the tip of their palps. The scutal scales resemble those of An. brohieri (Gillies and De
Meillon, 1968).

g. Anopheles hargreavesi
All tarsi, except the fifth, have apical pale bands, while those on fore tarsal segments one and
two are longer than broad, while those on the hind tarsals resemble those of An. marshallii
s.s. (Gillies and De Meillon, 1968). The fringe spots opposing all veins are well-marked but
short, except those opposite the sixth vein, which may be quite weak. The third main dark
area of the first vein is disrupted, and the costal markings on the wings are short but well-
marked. Broad, pale scales, many of which are truncated with round apices, cover the
mesonotum evenly (Figure 1.9). The scutal scales on the posterior part of the mesonotum are

as broad as those on the anterior (Gillies and De Meillon, 1968).

h. Anopheles harperi
The adult closely resembles An. marshallii s.s. but can be differentiated by the reduced pale
markings on all legs (Gillies and De Meillon, 1968). The last three segments of the hind tarsi
are often completely dark, with a few pale scales at the apices of the preceding two segments
creating narrow rings. The dark hind tarsi distinguish it from all other members of the An.
marshallii group except An. njombiensis. The sixth pale fringe spot is often absent on the
wings. The scutal scales are cream or yellow in colour and range in width from relatively
broad to narrow (Figure 1.9) (Gillies and De Meillon, 1968).

i. Anopheles hughi
Their distinguishing characteristics are the pale bands on hind tarsi being more prominent

than in either An. letabensis or An. marshallii s.s. The female palps feature a dark apical band
that is the same width to the adjacent pale bands (Gillies and Coetzee, 1987). There is some
variation in the pale scaling on the tarsi across different populations, with some specimens

showing more pronounced pale markings than others.

J.  Anopheles kosiensis

The adults closely resemble An. hughi with slight differences in the size of palp spots and the
banding on the hind tarsomeres. The fore and mid-legs of An. kosiensis show some pale
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scaling, with the pale bands on the tarsi being most prominent on the forelegs. The pale bands
on the fore tarsal segments are generally broader compared to those on the hind and mid-
tarsal segments. Compared to An. hughi, the banding on the hind tarsal segments of An.
kosiensis tends to be narrower and less distinct (Gillies and Coetzee, 1987).

k. Anopheles letabensis
The main diagnostic characters in adult forms are the more prominent pale bands on tarsi
compared to those of An. marshallii s.s. The apical dark bands on palps are very narrow,

much less than the width of pale bands (Gillies and Coetzee, 1987).

I.  Anopheles mortiauxi
The fore tarsal segments 1-4 exhibit prominent apical and basal pale bands, in contrast to the
mid and hind tarsi, which have narrow apical pale bands that sometimes slightly overlap the
bases of the following segments (Gillies and De Meillon, 1968). Their wings are darker than
in An. marshallii s.s. with less pale areas, the upper branch of the fifth vein has a small
second pale patch of scales and a sixth pale fringe spot. Moderately broad, pointed, curved

golden scales cover the mesonotum fairly densely (Gillies and De Meillon, 1968).

m. Anopheles mousinhoi
This species is very closely related to An. marshallii s.s. The females of An. mousinhoi have
broad apical and subapical pale bands on the palps, but unlike An. marshallii s.s., they lack a
pale interruption in the third main dark area of the first vein (Gillies and De Meillon, 1968).
The mesonotum is covered in somewhat broad white scales, typically elliptical to lanceolate
in shape and measuring approximately 0.07-0.09 mm in width, similar to those of An.
marshallii s.s. (Figure 1.9). The tarsal segments of the legs exhibit variable patterns in the
extent of pale scaling, with the forelegs typically displaying broad apical pale bands. The
forelegs typically have broad apical pale bands; however, in some populations, the pale bands
on the hind tarsi may be narrower or less distinct, indicating potential variation across

different geographic regions (Gillies and De Meillon, 1968).

n. Anopheles njombiensis
Anopheles njombiensis looks very similar to An. harperi. It can be recognised from the latter

by the mesonotum's vast white scales, which, in contrast to those of other An. marshallii
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group members, are dispersed over the lateral regions and the fossae (Gillies and De Meillon,

1968). Palps have a pale subapical band that is nearly as long as the apical band.

0. Anopheles seydeli

The amount of pale scaling on the tarsal segments varies among adult forms. De Meillon and
Pereira (1940) identified a male specimen in which the dark band on hind tarsal segment four
was greatly reduced, in contrast to the typical broad pale scaling on the hind tarsi from prior
material. The tarsus of the forelegs has broad apical pale bands, although these bands appear
significantly shorter in the mid-legs (Gillies and De Meillon, 1968). Mesonotum is covered in
a few yellowish hairs and a few sparse, narrow, curved white scales (Gillies and De Meillon,
1968).

p. Anopheles upemba
Mattingly (1955) states this species is typically similar to An. hargreavesi, but the scutal
integument in An. upemba is entirely dark, the posterior two-thirds of the median area have
darker golden brown scutal scales, which are noticeably smaller (Gillies and Coetzee, 1987).
The palps have a subapical pale band that is twice as large as the apical band and takes up the
entire fifth segment, distinguishing it from An. hargreavesi. Even though the authors were
unaware of the patterns on the hind tarsal segments, the dimensions of the pale bands on the
palps are quite different from those of any other Afrotropical Anopheles and made it possible
to identify this species (Gillies and Coetzee, 1987).
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Table 1.1 - Morphological differences within adult members of the Anopheles marshallii group.

Species hame

Palps

Mesotonum

Legs

Wings

An. marshallii s.s. *

The surface is smooth with a few
suberect scales basally. The apical
dark band is approximately the
same width as the adjacent pale
bands. There is considerable
\variation in the width of the apical
dark palpal band, which is typically
as broad as the pale bands it
separates, though it can sometimes
be narrower.

With broad or thin whitish scales,
slightly curved, covering the
anterior half or the whole surface.

Segments 1-3 of the fore and mid-
tarsals are somewhat pale apically. The
tibiae are strikingly pale apically.

Pale scales white or creamy. There is a
pale interruption in the third main dark
section of the first vein that
occasionally overlaps with the
subcostal pale area, though its location
varies.

An. austenii *

Features 3 pale bands, with the
apical and subapical being broad
and roughly equal in width.

With broad white scales that
cover the entire scuteum.

The femor and tibia have visible apical
pale spots. Tarsal segments (1-4) have
wide white stripes at the apexes.

Same as An. marshallii s.s. There may
be fewer or no basal pale spots on the
costa.

one at the apex of the second
segment being narrow proximally.
The apical dark band is narrower
compared to the pale bands.

the body are somewhat broad,
curved, and pointy.

pale apically. Tibiae narrowly tipped
with pale scales.

An. berghei Same as in An. marshallii s.s. Same as in An. mortiauxi. The apex of the foretibia is pale. Tarsal |Darker than in other An. marshallii
segments 1-3 are somewhat pale group members. There is no pale fringe
apically. The mid-femur lacks a spot located opposite the sixth vein.
subapical pale spot and is dark at the
apex.

An. brohieri Resembles An. hancocki. Resembles An. hancocki. Hind tarsus variable, with 3rd segment |There is variation in the size of the
wholly white or with dark banding. pale areas along the costa.

An. gibbinsi Resembles An. marshallii s.s. Covered with very narrow golden  [Same as An. marshallii s.s. Darker than in An. marshallii s.s. The

scales. sector and basal costal pale spots are
reduced. Reduced fringe spots.
An. hancocki There are three pale bands, with the |White scales on the anterior part of [The tarsus 1-3 of the forelegs is widely |There is variation in the size of the

pale areas along the costa.
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An. hargreavesi

Same as in An. marshallii s.s.

Covered with thickly distributed
broadish pale scales, most of them
are truncated.

Every tarsus has apical pale bands, with
the exception of the fifth. The foretarsal
segments 1 and 2 are longer than the
broad ones.

The costa spots are distinct but short,
and the third main dark area on the
first vein is interrupted.

An. harperi Subapical pale band distinctly The scales are moderately broad to |All legs have reduced pale marks. It can|The sixth pale fringe spot is often
narrower than apical. narrow and are either cream or be distinguished from other members of|absent.
yellow in colour. the An. marshallii s.s. group by its dark
hind tarsi.
An. hughi * The apical dark band and the Same as An. marshallii s.s. The hind tarsi have more noticeable Same as An. marshallii s.s.

nearby pale bands are roughly the
same width.

pale bands than in An. marshallii s.s. or
An. letabensis.

An. kosiensis *

Closely resembles An. hughi but
there are distinct differences in the
size of palp spots.

Same as An. hughi

There is banding on the hind tarsomeres
and pale scaling on the fore and mid-
legs.

There is noticeable variation in the size
of some of the spots on the costa.

An. letabensis *

The apical dark band is very
narrow, much less than the width of
pale bands.

Same as An. marshallii s.s.

Pale bands on tarsi rather more
prominent than in An. marshallii s.s.

Same as An. marshallii s.s.

An. mortiauxi

Same as An. marshallii s.s.

Heavily covered in yellowish scales
that are pointy and curved, and they
are moderately broad.

There is a tiny subapical pale spot on
the posterior surface of the mid-femur.
Every tibia has small apical spots.

Darker than those of An. marshallii s.s.
The pale areas tend to be generally
reduced.

An. mousinhoi *

Apical and subapical pale
bands both broad.

Same as in An. marshallii s.s.

Tarsus 1-4 have pronounced apical pale
bands on all legs.

Same as An. marshallii s.s.

An. njombiensis

Same as An. harperi.

With very broad white scales.

Palps have a pale subapical band that is
as long as the apical band.

Same as An. harperi.
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An. seydeli * Has three pale bands. The subapical |It is covered with scattered, narrow, [The hind legs' segment 1 has a long The wing has creamy pale scales. The
and apical bands are about the same|curved whitish scales and some pale apical band, segments 2 and 4 havelbase of the costa has two visible
width. The apical dark band is yellowish hairs. The anterior broad pale apical and basal bands, interruptions. The fringe features
narrower than the pale bands. promontory has a well-developed  |segment 5 is completely white. clearly defined pale spots located

white tuft. opposite each vein.

An. upemba The 5th segment is taken up by a  |Scutal integument are dark

subapical pale band that is twice as
wide as the apical band.

throughout. Scutal scales much
smaller. Those on the posterior two-
thirds of the median area are dark
golden brown.

No information

No information

No information = Mosquito feature has been studied, but no data was recorded.

Unknown = The mosquito feature has yet to be looked into.

* Anopheles marshallii group species found in South Africa.
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1.7 ANOPHELES MACULIPALPIS SPECIES

Another species of interest from KwaZulu-Natal that was investigated in this study is
Anopheles maculipalpis. Even though the prevalence of An. maculipalpis in South Africa is
relatively low compared to that of other mosquito species, with only 20 adults collected
during the 2022 surveillance period (Dahan-Moss et al., 2022), this species was assessed for
the possible risk of parasite transmission because a number of Anopheles species play a
secondary role in the spread of malaria. It is likely that An. maculipalpis is a malaria vector as
it has previously been reported that this species is capable of carrying malaria parasites
(Ingram and De Meillon, 1927; Vaucel and Campourcy, 1943; Nyirakanani et al., 2017).
According to De Meillon (1951), MacGregor (1924) was able to successfully infect P. vivax
in the adult An. maculipalpis specimens in a lab setting in Mauritius. In Cameroon, Vaucel
and Campourcy (1943) discovered an 8% sporozoite rate out of 206 An. maculipalpis adults
that were dissected. Although its lower prevalence and uncommon association with malaria
cases demonstrate it is not a major vector, changes in environmental conditions or mosquito
population structure may increase its role as a vector in the future. Anopheles maculipalpis
was examined alongside the An. marshallii group due to their shared ecological niches, which
can sometimes lead to misidentification in field research. This study aimed to increase the
precision of species-specific identification and to better understand the potential vector,

especially in areas where malaria transmission is endemic and both species coexist.

1.7.1 Biology and Distribution
Anopheles maculipalpis is a generally scarce savanna species found across tropical Africa,

from Senegal to southern Sudan, Madagascar, South Africa, Mauritius and Zambia. These are
occasionally seen resting at night in animal shelters, feeding on domestic animals or biting
humans outdoors. Although this species is primarily caught outdoors, it has also been found
resting indoors. (Reid and Woods, 1957; Gilles and De Meillon, 1968). It was discovered that
this species was comparatively more zoophilic than other species in Katanga, Congo (Gilles
and De Meillon, 1968). The larvae inhabit a wide range of water types, including ponds and

wetlands between rice fields and reeds (Gilles and De Meillon, 1968).
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1.7.2 Morphological Description

Anopheles maculipalpis is characterised by the following traits: the femora, tibiae, and first
tarsal segment of all legs are speckled; the spots often merge to form long white patches; and
the hind tarsomeres 4 and 5 are completely pale (Gilles and De Meillon, 1968; Coetzee,
2020). The palps have three pale bands, with segments 3 and 4 speckled to some extent. The
proximal pale band is narrow at the intersection of segments 2-3. The subcostal pale spot on
the first wing vein is often completely absent, whereas the apical half of vein 6 is dark, and
the base of the upper branch of vein 5 is pale, vein 1 has two accessory sector pale spots. The

mesonotum is primarily covered in wide, flat white scales (Gilles and De Meillon, 1968).

Although there is no evidence showing that An. maculipalpis belongs to a species complex,
the iso-female line approach was still necessary to ensure accurate tracking of genetic traits
from the mother to her offspring. This method reduces genetic variability within each line,
providing a clearer view of how specific traits are inherited and expressed. Keeping the
mother and her F1 progeny as individuals can be beneficial if future research reveals
unexpected genetic diversity. Molecular analysis was performed to confirm species identity

and to detect sporozoite infection.
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1.8 STUDY RATIONALE

Anopheles arabiensis, Anopheles coluzzii, Anopheles funestus and Anopheles gambiae, are
four major species that are recognised as significant malaria vectors since they account for
more than 95% of the continent's overall malaria transmission (Mouchet et al., 2004). The
remainder is transmitted by "secondary" or "vectors of local interest,” which have a
significant impact locally since they can prolong or increase the duration of malaria
transmission (Mouchet et al., 2004; Antonio-Nkondjio et al., 2006; Afrane et al., 2016). It is
crucial to understand the role of secondary malaria vectors in the transmission of the parasite.
Primary vectors are typically easy to identify since they are abundant, frequently feed on
humans, and have quantifiable sporozoite rates. It is more challenging to incriminate
secondary vectors because these species may be rare and have low sporozoite rates (Oaks et
al., 1991). However, secondary vectors may be seasonally abundant and, at times, play a vital
role in malaria transmission. Despite the extensive research on malaria in Africa, very little is

known about secondary vectors and how they contribute to malaria transmission.

Understanding the role of secondary vectors is crucial for current malaria control and
elimination strategies. Recent research indicates that these vectors can maintain residual
transmission due to their varied behaviours, including exophilic (resting outdoors), zoophilic
(feeding on animals), and nocturnal activity patterns, which enable them to evade traditional
indoor-focused interventions like IRS and ITNs (Afrane et al., 2016; Katusi et al., 2022). For
instance, in Tanzania, Katusi et al. (2022) discovered that secondary vectors such as
Anopheles coustani and An. pharoensis displayed seasonal population fluctuations and
different host preferences, suggesting they can sustain transmission when primary vectors
decline. Likewise, Mustapha et al. (2021) reported unexpectedly high densities and
Plasmodium infection rates in secondary and novel Anopheles species in western Kenya,
reinforcing the idea that these vectors can be highly competent and abundant, even in regions
with intensive vector control measures. These findings highlight the risk of underestimating
transmission potential by neglecting secondary vectors, which can lead to ineffective control
strategies. As primary vector populations decline, secondary vectors may occupy the
ecological niche and sustain transmission, potentially jeopardising progress towards malaria

elimination.
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Due to the number of vector species and their role in malaria transmission in many areas, it is
essential to plan and implement a vector control program that requires quick and reliable
identification, along with data on the composition and abundance of vector species (Mishra et
al., 2020; Loonen et al., 2020). It is evident that there is a significant gap in knowledge
regarding the An. marshallii group and An. maculipalpis species, even though species in the
group have been implicated as malaria vectors. Developing efficient malaria control methods
requires a deeper understanding of the ecology, traits, and description of An. maculipalpis

and members of the An. marshallii group.

There is a current drive to provide and obtain DNA barcode sequence information on
anophelines to aid in the rapid and easy identification of mosquitoes. However, the data will
be of limited value without proper morphological information linked to the sequencing
information. This was clearly seen when Jones et al. (2021) identified a number of “unknown
species.” One of these was identified as “An. species 6”. This species was only recently
confirmed to be a member of the An. marshallii group, An. gibbinsi (Gebhardt et al., 2022).
The importance of DNA sequencing should not be disregarded as it provides valuable insight

into the genetic diversity of species and their relationship to other species.
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1.9 STUDY AIM AND OBJECTIVES

The primary aim of this study is to use a priori iso-female lines to generate a DNA barcode
database for the An. marshallii group and other anopheline species (e.g., An. maculipalpis)

collected from South Africa.

Objective 1: Employ morphological identification techniques to identify Anopheles
marshallii group and other locally understudied anopheline species including An.
maculipalpis from South Africa.

Objective 2: Generate preliminary DNA barcode data using 1TS2 and COI sequences to aid
in identifying collected Anopheles species and contribute to developing a reference database

for understudied taxa.

Objective 3: To employ phylogenetic analysis to study the evolutionary relationship and for
phylogenetic comparison between anophelines collected across SA regions.
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CHAPTER TWO

MATERIALS & METHODS

This chapter provides an outline of the research methods that were used in this study. As
shown in (Figure 2.1), it begins with collecting mosquito samples and then describes the

specific research methods and the employed data analysis methods.

Figure 2.1 - Outline of Chapter 2 to achieve objectives listed in Chapter 1.
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2.1 COLLECTION OF BIOLOGICAL MATERIAL USED AND A PRIORI
IDENTIFICATION

2.1.1 Samples from Nigeria

A total of 59 Anopheles hargreavesi mosquito samples collected during a study in Nigeria were
preserved in silica gel and sent to the Wits Research Institute for Malaria (WRIM) at the
University of the Witwatersrand, Johannesburg, South Africa, for species confirmation. The
study took place in the Ibekwe Akpayan community, Mkpat Enin Local Government Area
(LGA), Akwa Ibom State. Akwa Ibom is located in the mangrove/tropical rainforest ecological
zone of southern Nigeria (Figure 2.2). Mkpat Enin LGA is approximately situated at (5.25°N,
7.50°E), about 60 kilometres south of Uyo, the state capital.
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Figure 2.2 - Map showing sampling sites where An. hargreavesi and An. gibbinsi specimens were

collected in Nigeria and Zambia (QGIS Geographic Information System http://www.qgis.org).

2.1.2 Samples from Zambia

A study was conducted in Nchelenge District, Luapula Province, northern Zambia (Figure
2.2), to understand the significance of Anopheles gibbinsi as an understudied species,
including determining its genetic identity and role in transmission. (Gebhardt et al., 2022).

Seventeen samples, morphologically identified as Anopheles gibbinsi, were sent to the Wits
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Research Institute for Malaria (WRIM) in partnership with the International Centers of
Excellence for Malaria Research (ICEMR) to confirm their identity. Nchelenge District is
situated alongside Lake Mweru and features several streams and rivers that persist during the

dry season, leading to numerous marshy habitats conducive to mosquito breeding.

2.1.3 Samples from South Africa

A total of 112 wild-caught Anopheles mosquitoes identified as An. marshallii group were
collected from the uMkhanyakude District of KwaZulu-Natal (KZN) province, South Africa,
between January and August 2022 (Figure 2.3). The samples that were subsequently used in
this study were collected from three sections of the Mamfene locality: Section 7
(S27°39°14.2”, E032°22°49.8”), Section 8 (S27°27°34.3”, E032°10°43.7”) and Section 9
(S27°23°50.5”, E032° 12°20.1”"). The specimens were successfully collected by the
entomology team of Jozini local municipality in the KZN province. Most of the houses in the
study area are constructed out of brick and mud with corrugated or thatched roofs and no
ceilings. Domesticated pets and livestock are kept in the area. Host-seeking females were
collected outdoors using carbon dioxide (CO.) bait net traps between 6:00 PM and 11:00 PM
over five consecutive nights for each collection period. Live adult Anopheles mosquitos were

retrieved from the carbon dioxide-baited traps by mouth aspiration.

© Collection sites
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I

Figure 2.3 - Map of the uMkhanyakude district showing locations of sampling sites where
specimens were collected in KZN (QGIS Geographic Information System http://www.qgis.org).
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Wild-caught female mosquitoes were maintained in 250 ml polystyrene cups (sand-papered
prior to use), and sugar pads soaked in 10% sugar water were placed on each cup for the
mosquitoes to feed on to prevent them from dying during transport back to the Vector Control
Reference Laboratory (VCRL) and the Wits Research Institute for Malaria (WRIM) insectary

- Johannesburg, South Africa.

2.2 MOSQUITO REARING
The collected mosquitoes were housed at the Botha de Meillon insectary at the NICD and the

Maureen Coetzee insectary located at the WRIM institution. They were maintained under
standard insectary conditions, which included a temperature of 25°C £ 2°C, 85% relative
humidity and a photoperiod of 12:12 hours light/darkness. Due to logistical issues, the project
was officially transferred from NICD to WRIM in October 2022. The transition between the
two labs was seamless, as the WRIM lab provided the necessary resources and expertise to
continue working effectively. There were no changes in the environmental conditions, rearing
protocols, or sample handling procedures at both facilities, ensuring consistent mosquito
treatment across the two locations. The integrity of the research was not jeopardised, and the
research objectives were met with guidance from the supervisors. Morphological
identification of wild-caught, blood-fed female mosquitoes was performed on live adults
using the appropriate taxonomic keys (Gillies and De Meillon, 1968; Gillies and Coetzee,
1987; Coetzee, 2020). The Olympus SZ61 microscope was used to identify the distinguishing
characters such as the wings, palps and hind legs. After morphological identification, a subset
of live, wild-caught female samples required for this research were separated from those used
for entomological surveillance at NICD. Once in the insectary, the live females were
transferred from polystyrene cups to glass vials containing damp filter paper to allow the
mosquito to lay eggs (Hunt and Coetzee, 1989; Choi et al., 2014) (Figure 2.4 A and B).
These glass vials were stored in an insectary room with controlled temperature and humidity,
maintained by standard air conditioning and humidity control systems. This environment

ensured the physiological comfort of the females.
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Figure 2.4 - Glass vials containing damp filter paper with wild-caught female mosquitoes for

egg-laying (A). An egg-laying vial containing a wild-caught female mosquito (B). Each family
was reared separately.

Egg batches were collected on filter paper and examined under a microscope. Their images
were captured using Olympus Stream Basic version 1.9.3 software and morphologically
identified. Egg batches were then transferred to 250 ml plastic bowls (diameter = 12 cm,
height = 7 cm) partially filled with about 100 ml of distilled water to induce larvae hatching
(Figure 2.5). In most cases, larvae hatched after 2-3 days, but for those that did not hatch, the
small larval bowls were placed in a larger bowl with warm water (36-40°C) for about 20-30
minutes to assist in egg hatching. Emerging larvae were fed a fine mixture of brewer’s yeast
(Vital Health Foods, South Africa) and ground dog biscuits (West's Beeno Traditional
Crunchy Biscuit Treats, Martin and Martin, South Africa) prepared at a ratio of 3:1. The dog
biscuits contain approximately 16% protein, crude fat (2.5%) and other essential vitamins and
minerals (Zengenene et al., 2021). In instances where larvae were overfed or bacterial growth
was seen to be accumulating on the water's surface, larvae were transferred to fresh, clean

water.
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Figure 2.5 - Plastic bowls partially filled with distilled water used for larval hatching. Each iso-

female family had a unique number, and bowls were marked accordingly.

Fourth instar larval skins were collected immediately after pupation and stored in micro-
centrifuge tubes with 80% ethanol to preserve them. Pupae were transferred to a small bowl
(diameter = 12 cm, height = 7 cm) and placed into a 17.5cm (L) x 17.5cm (W) x 17.5cm (H)
Bug-Dorm-1 meshed cage (MegaView Science Co., Ltd. Taiwan) for adults to emerge

(Figure 2.6).

Figure 2.6: Bug-dorm cage with the placement of sugar water on top, labelled with a unique

number to identify each iso-female family.

Pupal pelts were collected every 24 hours after the adult emergence and kept in 80% ethanol
for future use. Adult mosquitoes were fed on cotton pads moistened with a 10% sucrose
solution to keep them alive. After being maintained alive for just 48 hours, the adults were
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put in a freezer at -70°C for 4 hours to freeze to death. The first generation of offspring (F1)
from each mosquito family was preserved in silica tubes for further morphological and
molecular identification. The mother and four F1 offspring (two males and two females) from
each family were carefully pinned and labelled with their correlating data. The adults were
glued to triangles cut from stiff paper and held on insect pins (Figure 2.7). DNA was

extracted from the rest of the adults and stored for subsequent molecular assays.

Pinning block -

Figure 2.7: Illustration of a pinned Anopheles adult.

2.3 MOUNTING OF LARVAL AND PUPAL PELTS

The fourth instar larval and pupal pelts were transferred from 80% to 100% ethanol for 10-15
minutes to remove all traces of water and then transferred to xylene for 15-20 minutes
(Merck cat. no. 108298). Thereafter, the pelts were mounted on microscope slides containing
entellen (Merck cat. no. 107961) and then covered with coverslips (Figure 2.8). The clypeal
plate is one of the crucial anatomical structures in mosquito larvae that contains specialised
features used for larval morphology (Gillies and Coetzee, 1987). However, it is not the only
feature used for species identification. Other key morphological structures, such as the
antennae, head setae, mouth brushes, and abdominal setae, are also considered when
examining anopheline larvae (Gillies and De Meillon, 1968; Harbach, 2004). The mounted
slides and the pinned adults were viewed under an Olympus SZ61 microscope, and the
images were captured using DinoCapture 2.0 software for morphological identification.
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About 2-3 slides from each family were labelled with their species name, locality, collector,
date and unique code identifying the family (Koekemoer, 1999). The data on the slides
correlated with the data on the pinned adults. The slides and pinned adults are stored at the

National Institute for Communicable Diseases (NICD) museum.
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Figure 2.8: Diagram illustrating slide mounting steps.

2.3.1 Morphology Data Analysis

The external morphology of the different developmental stages was assessed using various

diagnostic characteristics.

1. Egg stage
The external morphology of the eggs was examined by examining the shape and size of the

eggs with special attention to distinctive features such as floats and ridges.

2. Larval stage
The larval pelts were examined for differences in the clypeal patterns, clypeal hairs, and

abdominal and accessory plates. The keys in Gillies and Coetzee (1987) were used to aid

identification.
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3. Adult stage

Leg morphology: The hind legs were examined for pale bands on the joints of the

tarsomeres, while the complete leg was observed for any diagnostic characteristics.

Palp morphology: The length and width of the palp spots (apical dark band, apical pale

band, and subapical pale band) on each female mosquito were measured using DinoCapture
2.0 software.

Wing morphology: The wing length was measured from the base (where it attaches to the

mosquito’s body) to the tip. The sub-coastal pale spot, pre-apical dark spot, and sub-apical
dark spot were measured to determine the wing spot ratio.
The wing spot ratio was calculated as follows:

Length of costa spot 3 + Length of costa spot 5

Length of costa spot 4

These morphological traits have historically played a crucial role in both field and laboratory
identifications, particularly in situations where molecular methods are not readily available.
Specific egg features, such as shape, the structure of floats, and the arrangement of ridges, are
unique to each species and have proven valuable for differentiating among members of
various species complexes. Larval clypeal patterns, the arrangement of setae, and the
structure of abdominal plates are crucial for distinguishing closely related species, as these
features are consistent and well-documented in regional taxonomic keys (Gillies and Coetzee,
1987). In adult specimens, leg banding patterns, wing spot ratios, and the size and position of
pale and dark spots on the palps are commonly used to differentiate morphologically similar

species.

One-way analysis of variance (ANOVA) was used to assess variation in morphological
characters (leg, palp and wing) within and between members of each family. All statistical

analysis was done using GraphPad Prism 10.
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2.4 MOLECULAR ANALYSIS

2.4.1 Species Identification

Specific members of the An. marshallii group, but not all, have previously been misidentified
using the An. funestus multiplex PCR assay as An. leesoni, a zoophilic member of the An.
funestus group (Koekemoer, pers comm). This is most likely due to some degree of cross-
reactivity of the An. funestus group PCR primers with the DNA of specific An. marshallii
group species. With this in mind, the An. funestus group multiplex PCR assay (Koekemoer et
al., 2002) was performed as one of the steps to determine if this cross-hybridisation is

consistent within the An. marshallii group.

2.4.2 DNA Extraction

Using the prepGEM Insect DNA extraction kit (ZyGEM™, cat. no. PUN1000) (Dahan-Moss
et al., 2020), genomic DNA was extracted from a leg or wing of individual F1 mosquitoes of
the An. marshallii group following the manufacturer's instructions, with a minor modification
in that the reagent volumes were only used at a quarter of the recommended volumes for each
DNA extraction. This modification was implemented to conserve reagents and to
accommodate the small sample size, specifically individual mosquito legs or wings. This did
not compromise DNA quality and has been previously validated in other studies (Erlank et
al., 2018; Dahan-Moss et al., 2020). The components of each 10 pl mastermix were
prepGEM enzyme, 10x extraction buffer and distilled water (Appendix 2A). After that, each
leg or wing was submerged in the extraction mixture and heated to 75 °C for 15 minutes
followed by 95 °C for 5 minutes in a thermocycler (Bio-Rad T100). The extracted DNA was

either processed immediately or stored at -20 °C.

2.4.3 Anopheles funestus PCR

Specimens identified using morphological keys belonging to the Anopheles marshallii group
were subjected to a species-specific An. funestus multiplex PCR to confirm how many of the
samples produced An. leesoni (member of the An. funestus group) fragments (Koekemoer et
al., 2002; Cohuet et al., 2003). This assay was performed using An. funestus species-specific

primers and a universal forward primer (Table 2.1). The species specificity of this assay is
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mainly attributed to the reverse primer, which is designed to target a region unique to An.

funestus species.

DNA was extracted from a single mosquito leg or wing from the insectary-reared FUMOZ
colony (as per section 2.4.2) and was used as a positive control in the PCR. A negative
control consisting of DNA extraction with 1 pl deionised water (DNA extraction negative
control) was used to detect possible contamination during the extraction stage. A PCR buffer
with no DNA template was used as a no-template control for PCR. The PCR mixture
consisted of 10x buffer (500 mM KCI, 100 mM Tris-HCI pH 8.3), 1.5 mM MgCl>, 200 uM
of each dNTP, 8.25 pmol of each primer, and two units of the thermostable Tag DNA
polymerase (Koekemoer et al., 2002). The volume of each PCR component was multiplied
by the total number of samples and controls and added to a microcentrifuge tube. The tube
containing the PCR master mix was then vortexed briefly and centrifuged at 10 000 rpm for
10 seconds. Aliquots of 12 pl were then prepared and placed into labelled PCR tubes along
with 0.5 ul of the sample DNA template to make a total volume of 12.5 ul (Appendix 2B).

Table 2.1: Species-specific primer sequences to identify members of the An. funestus group
(Koekemoer et al., 2002; Cohuet et al., 2003).

Primer Name Sequence (5’ - 3°) Amplicon sizes to
identify An. funestus

group species (bp)

Universal TGT GAACTG CAGGACACAT -

Fun GCATCG ATGGGT TAATCATG 505

Van TGT CGACTT GGT AGC CGA AC 587

Riv CAAGCCGTTCGACCCTGATT 411

Riv-like CCG CCT CCC GTG GAG TGG GGG 313

Par TGC GGT CCC AAG CTAGGT TC 252

Lees TAC ACG GGC GCCATG TAGTT 146
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The PCR tubes were then placed in the thermal cyclers (Bio-Rad T100, Bio-Rad C1000),
which were programmed according to the following cycling conditions: One cycle of 94T
for 2 minutes and 30 cycles of the following conditions: 94 C for 30 seconds, 45 C for 30
seconds, 72 C for 40 seconds and one cycle of 72°C for 5 minutes. The PCR products were
electrophoresed on a 2.5% agarose gel that contained 1X Tris-acetate-ethylene diamine
tetraacetic acid (TAE) buffer (Appendix 2C) and stained with 12 pl ethidium bromide (0.5
g/ml) (Lot no. MKCL8014, Sigma-Aldrich, South Africa). A Gel-doc system (Syngene-
Gensys) was used to view the gels, and the amplicon sizes were then compared to the
relevant molecular weight markers. The specimens that yielded no amplicons were labelled
(Species A), and the specimens that had an amplicon corresponding to the size of An. leesoni
(146 bp) were labelled (Species B), and the specimens with multiple bands were labelled
(Species C).

2.4.4 Plasmodium detection using the Hydrolysis probe assay

The four Plasmodium species (P. falciparum, P. vivax, P. ovale and P. malariae) that cause
malaria in humans can successfully be detected by the hydrolysis probe (TagMan) assay,
which also distinguishes the most dangerous species, P. falciparum, from the others (Bass et
al., 2008). This assay uses two species-specific probes to detect the presence of a specific
Plasmodium genome. The P. falciparum is detected by the first probe labelled with FAM,
and the second probe labelled with VIC detects the presence of P. vivax, P. ovale or P.
malariae. These probes are designed to differentiate between P. falciparum and non-
falciparum species by utilizing specific fluorescence signals in conjunction with the unique
binding characteristics of the probes to targeted DNA sequences. The excitation (absorption)
of VIC is 530 nM and its fluorescence is at 555 nM, whereas the excitation and fluorescence
wavelengths of FAM are 470/510 nM, respectively (Bass et al., 2008). Extracted DNA is
mixed with primers and probes unique to Plasmodium and the necessary PCR reagents. The
probes are designed to bind to a target DNA sequence. When the fluorescently labelled probe
hybridises with the target DNA during amplification, it releases a fluorescent signal. This
signal is picked up during the PCR polymerisation step, when the DNA polymerase cleaves
the probe, separating the fluorescent dye from the quencher. This results in an emitted
fluorescent signal (Heid et al., 1996; Ginzinger, 2002). A fluorescence detector monitors the
fluorescence emitted during each PCR cycle. The increase in fluorescence over cycles

indicates the accumulation of PCR products, and the point at which the fluorescence signal
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crosses a certain threshold (known as the cycle threshold/Ct value) is used to determine the

initial amount of target DNA in the sample.

I. DNA extraction

DNA was extracted from the head and thorax of single female mosquitoes using the HotShot
extraction technique (Appendix 2D). In this method, samples were incubated for 30 minutes
at 95°C in an alkaline lysis buffer (pH 12) containing 100 mM NaOH (Lot no. 30385, ACE,
South Africa) and 50 mM Na;EDTA (Lot no. 1052966, Sigma-Aldrich). After that, the
samples were allowed to cool on ice for 3-4 minutes and then neutralised by a Tris-HCI
buffer (40mM, pH 5) (Lot no. 3255466, EMD Millipore Corporation). The resulting DNA

was kept in the freezer (-20 °C) until processing.

1. Real-time RT-PCR

A PCR mastermix containing primers, probe and other PCR components was prepared
according to the number of reactions desired (Appendix 2E). Aliquots of 18ul of the PCR
mastermix and 2 pl of genomic DNA were added to a 96-well plate with one positive control
(DNA extracted from cultured P. falciparum parasite stages) and one negative control (PCR
master mix without DNA template) included. Reactions were run on a thermal cycler (CFX96
Real-time System, BioRad) using cycling conditions of 10 minutes at 95°C followed by 40
cycles of 95°C for 10 seconds and 60°C for 45 seconds. The VIC and FAM fluorescence
increase was observed in real-time by acquiring each cycle on the yellow (530 nM excitation
and 555 nM emission) and green channel (470 nM excitation and 510 emission) of the real-
time machine, respectively (Bass et al., 2008). The cycle threshold (Ct) value indicates the
specific PCR cycle number at which the fluorescence signal produced by the amplified DNA
surpassed the predefined detection threshold. This threshold is crucial for determining the
presence of target DNA sequences in a sample. The Ct value displays an inverse correlation
with the quantity of parasitic DNA present - lower Ct values are indicative of higher
concentrations of parasite DNA, while higher Ct values suggest lower parasite loads. For any
samples that tested positive (Ct value <30, RFU value >500) in the initial run, the assay was
carried out again to rule out false positives and validate the prior positive results. This

additional step ensured the reliability and accuracy of the results.
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Table 2.2: Primers and probes for Bassman PCR assay specific for Plasmodium detection.

Reagents Sequence (5’ - 3°)
PlasFwd (10uM) GCTTAGTTACGATTAATAGGAGTAGCTTG
Primers PlasRev (10pM) GAAAATCTAAGAATTTCACCTCTGACA
PlasF-probe (10uM) TCTGAATACGAATGTC

Probes OVM+probe (10uM) CTGAATACAAATGCC

2.5 DNA AMPLIFICATION AND SEQUENCING OF THE ITS2 AND COI
REGIONS

2.5.1 DNA Extraction

The legs were removed using clean forceps, sterilised using 70% ethanol. Total DNA was
extracted using the DNeasy Blood and Tissue kit (Lot no. 172045050, Qiagen) following the
manufacturer's instructions (Appendix 2F). This kit was the preferred extraction method
because it is known for its ability to yield high-quality DNA suitable for sequencing. The kit
includes reagents used to effectively eliminate contaminants like proteins, salts, and
inhibitors from the extracted DNA and ensure it is free of any elements that can impede
further analysis. The isolated DNA was maintained at -20°C. This method was used to extract
DNA from tissue samples, specifically for the ITS2 and COl PCR. Only 2 pl of the extracted
DNA was used for ITS2 PCR, and 5 pl of DNA was used for COl PCR. To prevent
contamination during the DNA extraction process, all procedures were conducted using
stringent sterile techniques within a designated clean workspace. Filtered pipette tips, sterile
tubes, and decontaminated surfaces were utilised throughout the procedure to avoid cross-

contamination.
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2.5.2 Internal Transcribed Spacer 2 (ITS2) PCR

The ribosomal DNA Internal Transcribed Spacer Region 2 (rDNA ITS2) region of the An.
marshallii group specimen was amplified using the ITS2 PCR with ITS2A (5
TGTGAACTGCAGGACACAT-3") as the forward primer and ITS2B (5"-
TATGCTTAAATTCAGGGGGT-3") as the reverse primer (Koekemoer et al., 2002) (Table
2.3). These universal 1TS2 primers target conserved regions of ribosomal DNA and amplify
the highly variable I1TS2 region, providing species-level resolution (Koekemoer et al., 2002;
Makunin et al., 2022). Each PCR reaction contained 2.5 ul of 10x buffer, 200 uM of each
dNTP, 0.5 units of Tag DNA polymerase, and 0.75 pl of 10 pmol/ul of forward and reverse
primers (Table 2.4). Each volume of the PCR reagents was multiplied by the total number of
samples to be analysed, including the positive control, the negative extraction control (NEC)
and the PCR no template control (NTC). DNA extracted from an insectary-reared An.
funestus mosquito (FUMOZ colony) was used as a positive control, whereas the negative
control only consisted of the PCR mix without a DNA template. Aliquots of 23 ul of the PCR
mastermix and 2 pl of the sample DNA template were added to labelled PCR tubes. The

tubes were vortexed and centrifuged.

Table 2.3: Internal Transcribed Spacer 2 Primer sequences (Koekemoer et al., 2002).

Primer Name Sequence (5’ - 3°) Annealing Product size
temperature (°C) (bp)
ITS2 A TGTGAACTGCAGGACACAT
ITS2 B TATGCTTAAATTCAGGGGGT 50 ~ 500
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Table 2.4: Internal Transcribed Spacer 2 PCR protocol. The PCR mastermix for ITS2 PCR was
prepared using the below protocol:

Reagents 1X reaction Cat. Number and Supplier
10x PCR buffer 2.5 ul ALE2493A, Separations, South Africa
dNTPs (2.5 mM) 2.0 ul AJ30387A, Separations, South Africa
MgCI2 (25 mM) 3.0ul ALE2495A, Separations, South Africa
Primers: ITS2A (10 uM) 0.5 ul 00312829-1, Ingaba Biotec

ITS2B (10 uM) 0.5 ul 00312829-2, Ingaba Biotec
Tag-polymerase (5U/ul) 0.2 ul ALE2492A, Separations, South Africa
dH20 14.3 pl —
DNA template 2 ul _
Total: 25 pl —

The PCR tubes were placed on the designated thermal cyclers (Bio-Rad T100, Bio-Rad
C1000). The PCR machines were programmed according to the following cycling conditions:
an initial denaturation of 94°C for 2 minutes, followed by 40 cycles of denaturation at 94°C
for 30 seconds, annealing at 50°C for 30 seconds, an extension at 72°C for 40 seconds, and a
final extension at 72°C for 10 minutes. The PCR tubes were removed from the PCR
machines once the program had been completed. Only 10 pl of the PCR product was loaded
on a 2.5% agarose gel and was electrophoresed and viewed as described in section 2.4.2
above. The remaining PCR products (15 pl) was used for subsequent sequencing only after
successful amplification was confirmed through agarose gel electrophoresis.

2.5.3 Cytochrome C Oxidase Subunit I (COI) PCR

The desired COI fragments were amplified using LCO1490

(5" GGATTTGGAAATTGATTAGT TCCT-3") as the forward and HCO2198 (5°-
AAAAATTTTAATTCCAGTTGGAACAGC -3) as the reverse primers (Chan et al., 2014)
(Table 2.5). The total reaction mixture was 50 ul and comprised of: 10x PCR buffer, 1.5 mM
of MgClz, 0.2 mM of the dNTP mixture, 1.5 U of DNA Taq polymerase plus 0.3 uM of each
primer and 5 pl of DNA template (Table 2.6). Similar to the ITS2 PCR, the positive control
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for this assay was DNA acquired from an An. funestus mosquito, while the negative control
was just the PCR mixture without a DNA template. After determining the number of
necessary amplifications required, including the positive and negative controls, the PCR
mastermix was prepared, mixed well and added into labelled individual PCR tubes. The PCR
reaction conditions included an initial denaturation of 95°C for 5 minutes, followed by five
cycles of denaturation at 94°C for 40 seconds, annealing at 45°C for 1 minute and extension
at 72°C for 1 minute. This was followed by an additional 35 cycles of denaturation at 94°C
for 40 seconds, annealing at 51°C for 1 minute and extension at 72°C for 1 minute, with a
final extension at 72°C for 10 minutes. Amplified DNA was electrophoresed on a 2.5%
agarose gel containing TAE and 12 pl ethidium bromide (0.5 g/ml) to verify product band

size.

Table 2.5: Cytochrome C Oxidase Subunit I Primer sequences (Chan et al., 2014).

Primer Name Sequence (5’ - 3°) Annealing Product size
temperature (°C) (bp)
COlI Forward GGATTTGGAAATTGATTAGTTCCT
(LCO1490) ~ 900
51

COl Reverse | AAAAATTTTAATTCCAGTTGGAACAG
(HCO2198) C
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Table 2.6: Cytochrome C Oxidase Subunit I PCR protocol (Chan et al., 2014).

Reagents 1x Reaction Cat. Number and Supplier
10x PCR Buffer 5ul ALE2493A, Separations, South Africa
dNTPs (2.5 mM) 4 ul AJ30387A, Separations, South Africa
MgCl2 (25 mM) 3ul ALE2495A, Separations, South Africa
LCO1490 Primer (10 puM) 4.5 ul 220110-027-EB6, Integrated DNA Technologies
HCO2198 Primer (10 uM) 4.5 ul 220110-027-E7, Integrated DNA Technologies
Tag-polymerase (5U/ul) 0.5 ul ALE2492A, Separations, South Africa
dH20 23.5ul -
DNA template S5ul _
Total: 50 pl -

2.5.4 Gel Purification

PCR products that produced more than one PCR amplicon were purified from a low melting
point agarose gel (Lot. No. 0001122915, SeaKem® LE Agarose). The PCR products were
loaded on a 1% low melting agarose gel containing TAE and stained with 12 pl ethidium
bromide (0.5 g/ml). The gel was electrophoresed at a voltage of 60V for 2.5 hours.
Thereafter, the gel was viewed on an open ultraviolet (UV) box in the Gel-doc system. The
UV light illuminated all the ethidium bromide-stained, allowing for the desired DNA
fragments to be excised from the agarose gel using gel cutters (Lot no. 3110, Sigma-Aldrich)

and placed in a microcentrifuge tube.

The QlAquick Gel Extraction Kit protocol (Lot no. 172031860, Qiagen), which purifies up to
10pug DNA (70bp — 10kb), was used to perform gel extraction. The excised gel slices were
placed on 1.5ml microcentrifuge tubes and weighed using Adam weighing balance
(AE439L.180, Adam Equipment,). Buffer QG (solubilisation and binding buffer) was added
to the tubes, and thereafter, the tubes were incubated at 50°C for 10 minutes. Once the gel
slice had dissolved, isopropanol was added to each tube. The sample was then transferred to a
QIAquick spin column and centrifuged for 1 minute at 13 000 rpm. The samples were

allowed to stand at room temperature (15-25°C) after an addition of 750 ul Buffer PE (wash
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buffer) was added to each QIAquick spin column. The columns were centrifuged for 1
minute to remove residual wash buffer. The spin columns were then placed on a clean 1.5ml
micro-centrifuge tube. The DNA was eluted using 50 ul elution buffer (Figure 2.9). After
adding elution buffer, the spin columns were allowed to stand for 4 minutes to increase the
yield of purified DNA. After that, the purified DNA was mixed with 6x TriTrack loading dye
(Cat. no. 01122392, Thermo Scientific) and loaded on a 2.5% agarose gel that contained TAE
and stained with 12 pl ethidium bromide (0.5 g/ml). PCR products that could be seen on the
gel were then sent to Inqaba Biotec™ for sequencing for species confirmation. Sanger
sequencing was performed to determine the sequence of nucleotide bases of a DNA
molecule. Each DNA sample was sequenced separately in both directions using forward and

reverse primers.

-
1 Incubate 50°C Centrifuge Centrifuge

1. Solubilize gel slice 2, Bind 3. Wash 4, Elute 5. Purified DNA

Figure 2.9: Laboratory procedure for gel extraction using the QlAquick Gel Extraction Kit.
(Modified from QIAquick Gel Extraction Kit, QIAGEN®, South Africa).

2.5.5 Sequence Analysis

The BioEdit Sequence Alignment Editor (version 7.2.5) program was used to trim and
manually edit nucleotide sequences (Hall, 1999). BioEdit was selected for its user-friendly
interface and powerful features that facilitate visual inspection, manual editing, and
alignment of nucleotide sequences, making it particularly well-suited for DNA barcoding and
small-scale sequence analyses. Sequences of poor quality or unclear chromatograms were not
included in the study. Individual mosquito forward and reverse primer sequences were
aligned and assembled into a consensus (contig) sequences using the BioEdit and Emboss

Needle pairwise sequence alignment tool (https://www.ebi.ac.uk/Tools/psa/emboss needle/).

Comparison of the examined ITS2 and COI sequences with previously established reference
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sequences were retrieved using NCBI's Basic Local Alignment Search tool (BLAST)

(http://www.ncbi.nlm.nih.gov/\WebSub/index.cqi?tool=barcode). The BLASTn search was

subsequently used to evaluate the complete sequences of the mosquitoes' COI and I1TS2
regions against a non-redundant nucleotide collection for species identification.

2.5.6 Phylogenetic Analysis

Phylogenetic analysis was used to determine the evolutionary relationships among the
different species. The sequenced ITS2 and COI regions were compared to reference
sequences from GenBank and used for analysis and phylogenetic tree construction using
Molecular Evolutionary Genetics Analysis (MEGA XI) software (Kumar et al., 2016). The
Maximum Likelihood and Neighbor-Joining (NJ) techniques were used to create
phylogenetic trees in Mega XI. The NJ method was chosen for its computational efficiency
and reliability in generating phylogenies based on genetic distance data. It is especially
effective for visualising evolutionary relationships when analysing ITS2 and COI sequence
data across closely related species. The Maximum Likelihood approach utilises evolutionary
models to find the evolutionary trees that have the highest probability of explaining the
sequence relationships (Felsenstein, 1981), while the Neighbor-Joining method constructs a
tree using the matrix of genetic distances between the downloaded and analysed samples
(Gascuel and Steel, 2006). Bootstrap support was computed for both trees using 1 000
replications.
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CHAPTER THREE

RESULTS

3.1 IDENTIFICATION OF SAMPLES FROM NIGERIA: ANOPHELES
HARGREAVESI

3.1.1 Morphological Identification

A total of 59 samples belonging to the Anopheles marshallii group were received from
Nigeria as part of the PMI VectorLink project. Morphological identification conducted by E.
Erlank classified these samples as Anopheles hargreavesi (a member of the An. marshallii
group). Scale morphology was used to confirm the identity of several samples that were
missing vital parts such as legs and wings. Morphologically, An. hargreavesi are

distinguished by a mesonotum thickly and uniformly coated in truncated, broadish scales
(Figure 3.1).

Figure 3.1: Scutal scale pattern of Anopheles hargreavesi. A: Arrangement of An. hargreavesi
scutal scales on the mesonotum. B: Close-up view of An. hargreavesi scutal scales.

3.1.2 Anopheles hargreavesi Sequence Analysis

Five An. hargreavesi female adults from Nigeria were analysed by 1TS2 and COl PCR. The
ITS2 and COI sequences were amplified from these specimens to confirm species identity.
After electrophoresis of the PCR products on a 2.5% agarose gel, double bands migrating at
approximately ~485 bp to ~560 bp were visible on the ITS2 PCR gel (Figure 3.2A), whereas
single bands migrating at approximately 900 bp were observed on the COI PCR gel (Figure
3.2B). The ITS2 specimens that generated double fragments required gel purification in order
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to isolate and sequence individual bands, ensuring precise characterisation of the amplified
ITS2 regions. The PCR products of these specimens were subsequently sequenced, and
contiguous sequences of each specimen based on forward and reverse sequences were
created. For the purpose of species identification, the ITS2 and COI contigs were compared
(BLASTN) to the NCBI database.
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Figure 3.2: Amplification of ITS2 and COI regions in Anopheles hargreavesi specimens using
PCR, visualised on 2.5% agarose gels. A) ITS2 PCR Amplification. Lanes 1 and 11: Molecular
weight marker of 1000 bp. Lanes 2 and 3: PCR and DNA extraction negative controls. Lane 4 and 5:
An. funestus positive controls (~900 bp). Lanes 6-10: An. hargreavesi ITS2 amplicons, with band sizes
ranging from ~485 bp to ~560 bp. B) COl PCR Amplification. Lanes 1 and 11: Molecular weight
marker of 1000 bp. Lanes 2 and 3: PCR and DNA extraction negative controls. Lanes 4 and 5: An.
funestus positive control (~900 bp). Lanes 6-10: An. hargreavesi COIl amplicons (~900 bp). A faint
band was observed in lane 5, likely due to low DNA concentration. Upon retesting this sample still
failed to yield a bright visible amplicon.

Five ITS2 rDNA sequences were obtained from these mosquitoes, whereas only four COI
mtDNA sequences were obtained. The ITS2 sequences showed a 81% sequence identity to
Anopheles marshallii isolate MAR.2019CAM.ABDOMENA459 ITS2 partial sequence in
GenBank (Sequence ID: MW257138.1). The multiple sequence alignment for the ITS2
sequences shows a high level of identity (>99% percentage identity) among all the An.
hargreavesi samples (Figure 3.3).

The COI sequences revealed a 93% sequence identity to Anopheles marshallii

mitochondrion, complete genome (Sequence ID: NC064607.1) based on 745 bp fragment.
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The COI sequence alignment revealed variable residues in some sequences (Figure 3.4). The
COl sequences were 98.29% identical to each other. Overall, both markers were effective but
the COI region was more consistent across specimens, producing single, clean bands and
high-quality sequence data, while ITS2 required additional processing due to the double
bands. However, An. hargreavesi ITS2 and COI sequences could not be aligned with a
previously published reference sequence from GenBank because up until now, no DNA
sequence analyses have been reported for An. hargreavesi, and hence the sequence of the
rDNA and mtDNA is unknown. As such, the ITS2 and COI sequences obtained here
represent the first published reference data for this species. These sequences were deposited
to the NCBI GenBank as new sequences. Appendix 3A shows the BLAST search results and

accession numbers obtained for the An. hargreavesi specimens.
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Figure 3.3: Multiple sequence alignment of the 1TS2 region from Anopheles hargreavesi
specimens collected in Nigeria. Forward and reverse sequencing reads were assembled into
contiguous sequences for five An. hargreavesi specimens. The alignment was generated using
BioEdit, revealing a high level of conservation among the sequences. Sequences highlighted in yellow
rectangular boxes indicate the locations of the ITS2 forward and reverse primer binding sites
employed during PCR amplification.
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Figure 3.4: Multiple sequence alignment of the COI region from Anopheles hargreavesi

specimens collected in Nigeria. Forward and reverse sequencing reads were assembled into

contiguous sequences for four An. hargreavesi specimens. Sequences highlighted in yellow
rectangular boxes indicate the locations of the COI forward and reverse primer binding sites
employed during PCR amplification.
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3.2 IDENTIFICATION OF SAMPLES FROM ZAMBIA: ANOPHELES GIBBINSI

3.2.1 Morphological Identification

Seven of the seventeen samples that were received were morphologically confirmed to be An.
gibbinsi, two were recognised as belonging to the An. marshallii group, one sample was
identified as belonging to the An. funestus group and six were unable to be confirmed due to
the lack of essential body parts. The extent of the physical damage to these six specimens
hindered a clear classification. The morphology of these specimens was confirmed by Prof.
M. Coetzee. Anopheles gibbinsi samples could be identified by the presence of three pale
bands on the palps, narrow pale bands on hind tarsomeres 1-4 and a pale interruption in the

third main dark area of the first vein in the wing.

3.2.2 Anopheles gibbinsi Sequence Analysis

The ITS2 PCR and sequencing were successful on all the samples that were confirmed as An.
gibbinsi. The ITS2 PCR product size for all samples was =507 bp (Figure 3.5A). All ITS2
sequences matched to the previously reported An. gibbinsi sequences deposited in NCBI as
Anopheles sp. 6. The NCBI BLAST result for all ITS2 samples revealed a 99% identity with
Anopheles sp. 6 BSL-2014 Internal Transcribed Spacer 2. The ITS2 sequences were
deposited in GenBank. Appendix 3B shows the BLAST search results and the accession
numbers obtained for the An. gibbinsi specimens.

The COI amplicons on the PCR gel were faint due to DNA degradation (Figure 3.5B).
Consequently, these samples were retested to verify the findings. Upon retesting, the samples
still failed to yield visible amplicons. As a result, these samples were not sequenced. The
ITS2 multiple sequence alignment of An. gibbinsi was highly similar and highlighted
conserved regions in ITS2 sequences, though a single base substitution was observed at the
519 bp position (Figure 3.6). The ITS2 sequences shared 96.85% identity with each other.
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Figure 3.5: Amplification of ITS2 and COI regions in Anopheles gibbinsi specimens using PCR,
visualised on 2.5% agarose gels. A) ITS2 PCR agarose gel. Lane 1. Molecular weight marker of
1000 bp. Lanes 2 and 3: PCR and DNA extraction negative controls. Lanes 4 and 5: An. funestus
positive controls (~900 bp). Lanes 6 — 12: An. gibbinsi ITS2 PCR amplicons (~507 bp). The samples
in lanes 8 & 10 that did not produce amplicons were subsequently repeated. B) COl PCR agarose
gel. Lanes 1 and 12: Molecular weight marker of 1000bp. Lanes 2 and 3: PCR and DNA extraction
negative controls. Lanes 4: An. funestus positive control (~900 bp). Lanes 5 - 11: Faint An. gibbinsi

COI PCR amplicons (~900 bp). These samples were excluded from further analysis.
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Figure 3.6: Multiple sequence alignment of the 1TS2 region from Anopheles gibbinsi specimens
collected in Zambia. Forward and reverse sequencing reads were assembled into contiguous
sequences for seven An. gibbinsi specimens. Sequences highlighted in yellow rectangular boxes
indicate the locations of the ITS2 forward and reverse primer binding sites employed during PCR

amplification.
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3.3 IDENTIFICATION OF SAMPLES FROM SOUTH AFRICA: ANOPHELES
MARSHALLII GROUP

3.3.1 Morphological Identification (A priori identification)

The adult morphological characteristics, together with the immature stages observed on An.
marshallii group families (n=4) are presented in this section. Only the live blood-fed
Anopheles marshallii group females that were collected (Section 2.1.3) could be used to
induce ovipositioning. Some of the females collected in the field were physically damaged
and sometimes old, which limited the reliability of adult morphological identification. To
overcome this, F1 progeny were read from each family and used for morphological analysis.
The individuals were preserved in silica tubes for molecular analysis. Morphological traits
were studied at various life stages to ensure accurate identification and documentation of
species traits. The insectary conditions were consistently maintained throughout the rearing
cycles. Only specimens at clearly defined developmental stages were used for each analysis:
fourth-instar larvae for larval morphology and freshly emerged adults from the F: generation
for adult morphological measurements. By using synchronized developmental stages and
maintaining consistent environmental parameters, we minimized confounding variables, such

as temperature-induced morphological changes.

3.3.1.1 Anopheles marshallii Group Egg Morphology

The overall appearance of the An. marshallii group eggs that were observed were elongated
and dark in colour (Figure 3.7) as per anopheline characteristics. During the iso-female
rearing process, only a single egg clutch was visualised for each family. The microscope at
the VCRL was not operational during the time that the females laid eggs, and an alternative
microscope was used. Unfortunately, the resolution was not ideal, and it was difficult to
conduct egg morphology accurately. Members of the An. marshallii group could not be
confidently distinguished in this investigation. However, the egg morphology of the
examined samples (Figure 3.7 A-B) shows a continuously open deck between the floats
similar to those seen in An. hughi eggs Figure 3.7C (Lambert and Coetzee, 1982). Based on
egg morphology, these families were likely to be An. hughi. Eggs were placed into water and

allowed to hatch to allow for larval morphology identification.
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Figure 3.7: Comparative egg morphology of Anopheles marshallii group specimens from KZN.
A-B: Images of eggs belonging to Anopheles marshallii group specimens from KZN. C: Scanning

electron micrographs of Anopheles hughi eggs (Lambert and Coetzee, 1982).

3.3.1.2 Anopheles marshallii Group Larval Morphology

Larvae were reared through to the L4 stage (Fourth instar larvae) and mounted pelts were
analysed, with a maximum of 10 individuals representing each family. Larval morphology
was challenging since the larval skins were stiffened and difficult to handle, even though they
were preserved in 75% to 80% ethanol. Problems with handling, mounting, and preparation
techniques were resolved through a variety of troubleshooting strategies. To aid in this,
protocols from Coetzee (1982) and Koekemoer (1999) were integrated. To prevent the pelts
from curling and ensure that they adhered well to the microscope slide, the alcohol
concentration, the duration of time the pelts were left in the clearing agent (xylene), and the
quantity of mounting media (entellen) had to be adjusted. It was challenging to accurately
identify distinguishing features from larval skins because some crucial morphological
features of mosquito larvae became distorted during mounting, making it difficult to examine.

Results from the examined larval material were inconclusive. This character was
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uninformative for this analysis and therefore, excluded. Figure 3.8 shows one of the fourth

larval skins that were captured in this study.

Figure 3.8: Larval morphology of fourth-instar larvae from the Anopheles marshallii group.
(A) Fourth-instar larval skin of an Anopheles marshallii group species, showing the clypeus attached.
(B) Clypeus detached from the larval skin.

3.3.1.3 Anopheles marshallii Group Adult Morphology

The four An. marshallii group families were identified using the key to adult females
(Coetzee, 2020). None of the samples had lateral projecting tufts (Figure 3.9A). No
speckling was observed on the legs (Figure 3.9B), and the hind tarsomeres were not entirely
pale (Figure 3.9B). There were distinct, narrow, pale bands at the apex of hind tarsomeres 1
to 4 (Figure 3.9C), and hind tarsomeres 5 was entirely dark (Figure 3.9C). The wings
showed various dark and pale spots on the costa and veins (Figure 3.9D). The wings showed
a clear pale interruption on the 3" main dark area (although it seemed much more reduced in
some samples) with clearly defined 2" and 1% main dark areas (Figure 3.9E). There were
two distinct, pale spots on the upper branch of wing vein 5 (Figure 3.9F). The female
maxillary palpus showed the apex to be pale with three pale bands (Figure 3.9G). The broad
subapical pale band on the maxillary palps extended across the tip of the third segment and
the base of the fourth segment (Figure 3.9H). The scutal scales of the studied individuals
were similar to those of An. marshallii s.s., An. letabensis, An. kosiensis, An. hughi, as seen
by Coetzee (2020). The scales were mainly white and varied in size, from somewhat curved
to narrow and relatively broad (Figure 3.91).
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Figure 3.9: Anopheles marshallii group female morphological characters.

Figure 3.9B: Hind tarsomeres (T1-T5). Hindleg with pale spots on joints
represented by arrows.
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Figure 3.9C: Hind tarsomere 5 entirely dark. Apical pale bands visible
on joints. various dark and pale spots on the costa and veins.
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0.5 mer

Figure 3.9E: The third main dark area on the wing with pale interruption. Figure 3.9F: Wing with two pale spots on the upper branch of vein 5.

Figure 3.9G: Apex of the female maxillary palpus pale with three pale Figure 3.9H: Anopheles marshallii group female palps. Segment A= Apical
bands. pale band. Segment B= Apical dark band. Segment C= Subapical pale band.
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Figure 3.91: Captured images of the scutal scales of An. marshallii group specimens, taken using the Scanning Electron Microscope (SEM). To
analyse the scutal scales, the mosquito specimens were carefully mounted on small SEM stubs (flat metallic holders) using forceps to avoid
damaging them. The stubs were handled with tweezers to prevent contamination. The specimens were positioned on the stub using a double-
sided carbon tape to secure them and provide electrical conductivity. Proper orientation of the thorax was critical to capture the most informative
angles of the scales for imaging. The stub-mounted specimens were placed in the SEM chamber, where a high-energy electron beam scanned the

sample’s surface, providing highly detailed images.
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Even though it was established that these specimens might be one of the four closely

related species belonging to the An. marshallii group: An. marshallii s.s., An. letabensis, An.
kosiensis, and An. hughi, it remains unclear what species these specimens actually are. Since
conclusive species identification was not possible using adult keys (Coetzee, 2020), the
individual morphological features of the legs, wings, and palps were studied in more detail,
and the results are described in the next section. To correctly identify these closely related
Anopheles species, it was important to look into the leg morphology, wing length, wing spot
ratio, and palpal ratio. Subtle differences that are not immediately apparent may be revealed
in the wing patterns and leg structures, which is essential when dealing with closely related

species.

3.3.1.4 Anopheles marshallii Group Leg Morphology

Four families of wild-caught An. marshallii group mosquitoes, each consisting of five female
F1 progeny per family (n = 20), were examined to observe the female hind legs under an
Olympus SZ61 microscope. The joints of the hind tarsomeres of all the individuals,
regardless of the family they originate from, showed the presence of pale bands. Analysis of
the legs was not possible in some of the samples since their legs were damaged. The damage
or loss of legs may have resulted from improper or rough handling of the mosquitoes during
the transfer from cages to collection tubes. The adults may have suffered damage due to
prolonged confinement in the cages, and lack of timely preservation may have caused them
harm. Female hind tarsomeres of the An. marshallii group individuals are shown in Figure
3.10. Using this morphological trait, no variation was identified between families or among
their progenies.
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Figure 3.10: Anopheles marshallii group hind legs with apical pale bands on joints. (A) Family
63 (B) Family 221 (C) Family 289 (D) Family 596.

3.3.1.5 Anopheles marshallii Group Palp Morphology

As discussed in detail in Chapter 1 (Section 1.6.5.4), members of the An. marshallii group
can be distinguished by the width of the apical dark band. The variation in length and width
of the apical pale and dark bands on the maxillary palps in the An. marshallii group might
provide more detail to differentiate between species. When it comes to closely related species
like An. marshallii s.s., An. hughi, An. kosiensis, and An. letabensis, the width of the apical
dark band in relation to adjacent pale bands on the palps, can be used as a diagnostic trait.
Four families of wild-caught An. marshallii group species consisting of five female F1
progeny per family (n = 20) were used to measure palp spots. The measurements that were
taken were of the lengths and widths of the apical pale band, the apical dark band and the
subapical pale band (Figure 3.11).

The apical dark band width for Family 63 was found to be shorter in 4 samples than the
apical and subapical pale bands, whereas in 1 sample, the apical dark band width was slightly
more than the apical and subapical pale band widths. In Family 221, the width of the apical
dark band was approximately equal to that of the apical and subapical pale band in 3 samples,
but in 2 samples, the width of the apical dark band was shorter than the width of the apical
and subapical pale bands. For Family 289, the width of the apical dark band was smaller than
the width of the apical and subapical pale bands in 3 samples. In contrast, the width of the
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apical dark band was slightly bigger than the width of apical and subapical pale bands in 1
sample. The apical dark band width in 1 sample was roughly the same size as the width of the
apical pale band but exceeded the width of the subapical pale band. The width of the apical
dark band in all 5 samples of Family 596 was smaller than the width of the apical and

subapical pale bands.

Figure 3.11: lllustration of the measured palp segments. (A) Length and (1) Width of the apical
pale band. (B) Length and (2) Width of the apical dark band. (C) Length and (3) Width of the
subapical pale band.

The results of the palpal measurements are given in Table 3.1. The apical dark band in

An. marshallii s.s., An. hughi, and An. kosiensis is roughly equal to the pale bands, which
helps in distinguishing them apart from An. letabensis, where the apical dark band is
somewhat narrower. One-way analysis of variance (ANOVA) was used to check for variance
in this morphological character (female palps) between members of each family. No
discernible variations were found between the mean palp spots among the four families
(Appendix 3E). The mean widths and mean lengths of the palp spots did not show any
significant differences between the four families (Table 3.2). There was no significant
difference in the mean apical dark band width between the families (one-way ANOVA: p =
0.6763, F =0.5173, DF = 3). A comparison of the families' means apical dark band lengths
revealed no discernible differences (p=0.8562, F= 0.2557, DF= 3). Additionally, there was no
significant difference in the width of the apical pale band between the families (p=0.7746,
F=0.3716, DF=3), nor in the mean apical pale band length (p=0.9625, F=0.0934, DF= 3). The
mean subapical pale band width did not significantly differ between the families (p=0.8793,
F=0.2226, DF=3). Neither did the mean subapical pale band width (p= 0.3263, F= 1.245,
DF=3).
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Table 3.1: Comparisons of palp spots (widths and lengths in mm) between the families. Data was analysed using a one-way ANOVA test.

The table shows the statistical differences within the families when conducting the Tukey-HSD test.

MORPHOLOGICAL FEATURES

1 2 3 A B C
Family Mean apical dark Mean apical pale Mean subapical pale Mean apical dark Mean apical pale Mean subapical pale
band width £SD band width £SD band width £SD band length £SD band length +SD band length +SD
(p-value) (p-value) (p-value) (p-value) (p-value) (p-value)
63 0.1016 £ 0.02785 0.1176 £ 0.02436 0.1016+ 0.02901 0.2080 + 0.04957 0.3382 + 0.08035 0.2294 + 0.06858
(n=5) p=0.9995 p=0.9418 p=0.9997 p=0.9193 p=0.9922 p=0.9364
221 0.09980+ 0.01574 0.1084 £ 0.01494 0.1002 £ 0.01946 0.1880 + 0.06729 0.3524+ 0.1107 0.2514 £ 0.05210
(n=5) p=0.7069 p=0.8389 p=0.3900 p=0.9892 p=0.9611 p=0.9979
289 0.1172+ 0.02644 0.1220 £ 0.02134 0.1244 £+ 0.01699 0.1978 + 0.04318 0.3276 £ 0.04320 0.2582 + 0.04445
(n=5) p=0.9818 p=0.9988 p=0.9444 p=0.9605 p>0.9999 p=0.9985
596 0.1112 + 0.02964 0.1244 + 0.03749 0.1162 + 0.02630 0.1824 + 0.03293 0.3308 + 0.07384 0.2522 + 0.07038
(n=5) p=0.9321 p=0.9750 p=0.7603 p=0.8478 p=0.9989 p=0.9300
Average for 0.1075 0.1181 0.1106 0.1941 0.3373 0.2478

four families
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3.3.1.6 Anopheles marshallii Group Wing Morphology

Five individuals from each family (n=20) were used for wing measurements. To minimise
conflicting results, the same researcher performed all the measurements. Since the wings
were obtained from specimens that had previously undergone processing for molecular
analysis, only undamaged wings with adequate structure were selected to measure the wing
length and wing spot ratio. In Coetzee, Segerman, and Hunt (1987), the wing measurements
played a significant role in distinguishing An. kosiensis from An. marshallii s.s and An.
letabensis. The size of the costal spots varied noticeably amongst the species under

comparison.

a) Wing spot ratio

The costal wing spots were measured and numbered according to Figure 3.12.

Figure 3.12: Measured costal wing spots of Anopheles marshallii group specimens. (1) Sector pale

spot (2) Median dark spot (3) Sub-coastal pale spot (4) Pre-apical dark spot (5) Pre-apical pale spot
(6) Apical dark spot.

The wing spots were measured and compared against the measurements of wing spots of the
three members of the An. marshallii group: An. marshallii s.s, An. kosiensis and An. hughi
found by Coetzee, Segerman and Hunt (1987) (Table 3.2).

85



Table 3.2: Measurements (mm) of wing spots of three members of the Anopheles marshallii

group (Coetzee, Segerman and Hunt, 1987).

An. marshallii s.s. (An. An. kosiensis (n=25) An. hughi (n=20)
Wing Spot pitchifordi) holotype

Range Mean | Range Mean | Range Mean
1 0.16, 0.16 0.16 | 0.094-0.159 0.13 | 0.073-0.165 0.11
2 0.49,0.49 0.49 | 0.375-0.566 0.49 | 0.449-0.681 0.54
3 0.28,0.3 0.29 | 0.19-0.296 0.24 | 0.15-0.259 0.21
4 0.4,0.42 0.42 | 0.171-0.475 0.31 | 0.25-0.475 0.36
5 0.33,0.33 0.33]0.2-0.3 0.25 | 0.175-0.284 0.23
6 0.18, 0.22 0.2 | 0.105-0.244 0.17 | 0.113-0.23 0.16
3+5 0.61, 0.63 0.62 | 0.394-0.569 0.48 | 0.356-0.543 0.45

The mean sizes of all the wing spots of the families were similar to those of An. marshallii
s.s. The mean sizes of the sector pale spot ranged from 0.162 mm to 0.167 mm, the median
dark spot from 0.047 mm to 0.048 mm, the sub-coastal pale spot from 0.28 mm to 0.29 mm,
the pre-apical dark spot from 0.42 mm to 0.47 mm, the pre-apical pale spot from 0.24 mm to

0.39mm, and the apical dark spot from 0.20 mm to 0.29 mm. However, there is no absolute

certainty that the individual specimens belong to An. marshallii s.s. because the

measurements of An. letabensis were not included in the aforementioned study. There were
no significant differences in the mean wing spot ratios of the four families, suggesting that
these families could all represent a single species (One-way ANOVA: p=0.8256, F= 0.2990,

DF=3) (Table 3.3).
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Table 3.3: Wing spot measurements (mm) for morphological comparison with members of the Anopheles marshallii group.

Family 63 Family 221 Family 289 Family 596
n=>5 n=>5 n=>5 n=>5
Wing Feature | Observed Range Mean | Observed Range | Mean Observed Range Mean Observed Range Mean Average for all
families
(1) Sector pale 0.161 - 0.185 0.167 0.152 - 0.169 0.162 0.128 - 0.196 0.169 0.15-0.201 0.167 0.1663
spot
(2) Median dark 0.401 - 0.572 0.477 0.45 - 0.463 0.479 0.421 - 0.553 0.473 0.403 - 0.56 0.482 0.4780
spot
(3) Sub-coastal 0.282 - 0.299 0.291 0.248 - 0.331 0.287 0.231-0.365 0.283 0.272 - 0.296 0.285 0.2867
pale spot
(4) Pre-apical 0.413 - 0.499 0.447 0.426 - 0.507 0.462 0.428 - 0.474 0.448 0.332-0.485 0.426 0.4458
dark spot
(5) Pre-apical 0.262 - 0.361 0.246 0.271-0.36 0.322 0.253-0.434 0.324 0.231-0.389 0.314 0.3172
pale spot
(6) Apical dark 0.175-0.225 0.209 0.167 - 0.293 0.234 0.211-0.275 0.239 0.166 - 0.262 0.227 0.2224
spot
Wing spot ratio 1.162 - 1.557 1.22-1.415 1.136 - 1.686 1.21-1551 -

(3+5/4)
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b) Mean wing length

The wing length of an adult mosquito was measured from the axial vein to the outermost
point of the first vein (Figure 3.13). The measurements taken of the wing length of the An.
marshallii group showed no variation, and there were no statistical differences in the wing
lengths of the examined individuals (Figure 3.14). The measured wings ranged between 3.0
mm to 3.5 mm as described by Gillies and Demeilon (1968). As a result, these families could

not be separated on the basis of their wing length.

Measured wing length

Figure 3.13: Measured wing length of Anopheles marshallii group specimens.

Mean Wing Length

ns
ns |
1
ns
| ns ns | ns
3.6 | 11 11
-
T -
3.4+
£
(5]
N — —
w l
3.0 -
2.8

1 1 1

> o
‘\\\co "l/‘”"'y ' <S>
S

Figure 3.14: Comparison of the mean wing length between the families. Each box represents the
upper and lower quartiles, with the median indicated by the line inside. The extending lines, or
whiskers, illustrate the variability beyond the upper and lower quartiles in each family.
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3.3.2 Anopheles marshallii Group Molecular Identification

3.3.2.1 Anopheles funestus group Species Identification

An MSc student misidentified an An. marshallii group sample as belonging to the An.
funestus group, resulting in the sample being incorrectly identified as An. leesoni (Koekemoer
pers comm). Subsequent morphological identification confirmed the misidentification.
Additional An. marshallii group samples, also morphologically misidentified, did not amplify
in the same species-specific PCR. Therefore, samples morphologically confirmed as An.
marshallii group in this study were analysed using the standard An. funestus group PCR to
better understand this variation.

The wild-caught females from which the F1 progeny were derived had been previously
identified morphologically as belonging to the An. marshallii group using dichotomous keys.
An. funestus PCR assay was performed on three F1’s from each family. Each individual was
classified as belonging to Species A = No amplicons or Species B = similar to diagnostic An.
leesoni (146 bp) amplicon, while samples amplifying multiple fragments were referred to as
Species C for this part of the study. The PCR results were variable across each family’s

progeny. An illustration of the PCR amplicons obtained is shown in Figure 3.15.
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Figure 3.15: Species-specific PCR amplification of Anopheles funestus group on a 2.5% agarose
gel stained with ethidium bromide. Lanes 1 and 21: Molecular weight marker of 1000 bp. Lanes 2
and 3: DNA extraction and PCR negative controls. Lanes 4 and 5: An. funestus positive controls (505
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bp). Lanes 6-20: Specimens identified morphologically as belonging to the An. marshallii group.
Lanes 9-11: (3 individuals from Family 63). Lanes 12-14: (3 individuals from Family 221). Lanes
15-17: (3 individuals from Family 289). Lanes 18-20: (3 individuals from Family 596).

A total of 95 specimens from KZN morphologically identified as An. marshallii group were
subjected to the An. funestus PCR assay of Koekemoer et al. (2002). These included 12
samples (3 individuals per family), of the families identified as members of An. marshallii
group. Of the overall samples, 34% (n=32) of the samples produced hybrid bands, whereas
40% (n=38) of the samples amplified as An. leesoni. The remaining samples, 26% (n=25)

produced no amplicons. Repeats were made of the PCR samples that produced no amplicons.

To complement the PCR assay results and provide further resolution, sequencing was
employed to detect species-specific DNA variations in both the ribosomal and mitochondrial
regions. The COI and ITS2 regions of Anopheles samples were amplified and subsequently
sequenced to expand the DNA barcode information, thereby enhancing the available data in
public repositories. A consensus sequence was generated by aligning the forward and reverse
primer sequences from each mosquito. The individual consensus sequences were used to
generate a multiple sequence alignment, from which conserved and variable regions were

analysed across the entire length.

3.3.2.2 Sequence Variation of rDNA ITS2 Subunit of An. marshallii group samples from

KwaZulu-Natal

Internal Transcribed Spacer 2 (ITS2) PCR was performed on 12 mosquito samples, covering
each form observed in the An. funestus PCR to further investigate these variations. Three
individuals from each of the four families were analysed, and their resulting PCR products
were sequenced. After sequencing, consensus sequences were generated for each sample, and
the corresponding contigs were aligned for further analysis. The expected fragment size of
the amplified 1TS2 region was approximately 500 bp (Figure 3.16). Upon comparison with
the NCBI GenBank database, all the 1TS2 sequences showed 78% identity to the complete
ITS2 sequence of Anopheles theileri (Sequence ID: JN994151.1). However, the sequence
divergence was significant enough to rule out the classification of the samples as An. theileri,
suggesting that these sequences likely belong to a different species within the Anopheles

genus.
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The multiple sequence alignment of the ITS2 rDNA sequences revealed no significant
nucleotide variations among the individuals analyzed. All ITS2 sequences generated in this
study were 100% identical to each other, showing no insertions or deletions (INDELS) across
the alignment. The high sequence homology observed across the aligned sequences indicated
strong conservation of the ITS2 region among the Anopheles marshallii group specimens,
regardless of their family groupings. Additionally, no intraspecific variation was detected

among the samples, as all sequences were identical, suggesting genetic uniformity within this
population (Figure 3.17).
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Figure 3.16: PCR amplification of the ITS2 region in Anopheles marshallii group specimens,
visualised on a 2.5% agarose gel. Lanes 1 and 23: Molecular weight marker of 1000 bp. Lanes 2 and
3: DNA extraction and PCR negative controls. Lanes 4 and 5: An. funestus positive controls (~900
bp). Lanes 9-20: ITS2 PCR amplicons (~500 bp) from An. marshallii group specimens.

Lanes 9-11: (3 individuals from Family 63). Lanes 12-14: (3 individuals from Family 221). Lanes
15-17: (3 individuals from Family 289). Lanes 18-20: (3 individuals from Family 596). The
numerical prefixes (63, 221, 289 and 596) correspond to distinct mosquito families, while the suffixes
(.1, .2, .3) denote individual specimens within each family. Samples that did not amplify were

repeated. Note: Lanes not explicitly described in this legend correspond to samples unrelated to the
analysis presented in this section.
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Figure 3.17: Multiple sequence alignment of the ITS2 region from Anopheles marshallii group
specimens. This alignment shows the 1TS2 sequences obtained from 12 An. marshallii group
individuals, representing three specimens from each of four iso-female families. Consensus sequences
were generated and aligned using BioEdit. Sequences highlighted in yellow rectangular boxes indicate
the locations of the 1TS2 forward and reverse primer binding sites used during PCR amplification.

3.3.2.3 Sequence Variation of rDNA mtDNA COI of An. marshallii group samples from
KwaZulu-Natal

The same 12 mosquito samples were subjected to cytochrome ¢ oxidase subunit I (COI) PCR,
and the PCR products were subsequently sent for Sanger sequencing. The expected size of

the COI fragment was approximately 900 bp (Figure 3.18). However, during the initial PCR
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run, no amplification was observed for the samples in lanes 8 and 10. These samples were
repeated to verify if amplification could be achieved. The An. funestus positive control in lane
5 was included in the repeat run to serve as a control for amplification success. Consensus
sequences were generated and subjected to a BLAST search. The analysis revealed that 10 of
the COI sequences showed 92% similarity to the COI gene of Anopheles superpictus
(Sequence ID: MT993498.1). In contrast, the remaining 2 sequences were more similar to the
COl gene of Anopheles aconitus isolate (Sequence ID: HQ877378.1). Their contigs were
aligned to assess sequence identity. The COI sequences were 99.72% identical to each other.
The multiple sequence alignment indicated high homology across the 12 samples, with only
minor nucleotide variations observed. Of the 720 nucleotide positions, seven sites exhibited
slight differences in nucleotide composition (Figure 3.19). The generated COI sequences
have been deposited in GenBank.
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Figure 3.18: PCR amplification of the COI region in Anopheles marshallii group specimens,
visualised on a 2.5% agarose gel. Lanes 1 and 21: Molecular weight marker of 1000 bp. Lanes 2 and
3: PCR and DNA extraction negative controls. Lanes 4 and 5: An. funestus positive controls (~900
bp). Lanes 9-20: ITS2 PCR amplicons (~900 bp) from An. marshallii group specimens. Lanes 9-11: (3
individuals from Family 63). Lanes 12-14: (3 individuals from Family 221). Lanes 15-17: (3
individuals from Family 289). Lanes 18-20: (3 individuals from Family 596). The numerical prefixes
(63, 221, 289 and 596) correspond to distinct mosquito families, while the suffixes (.1, .2, .3) denote
individual specimens within each family. Samples that did not amplify were repeated. Note: Lanes
not explicitly described in this legend correspond to samples unrelated to the analysis presented in this
section.
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were generated and aligned using BioEdit. Sequences highlighted in yellow rectangular boxes indicate
the locations of the COI forward and reverse primer binding sites used during PCR amplification.

3.3.2.4 Analysis of BLAST Statistics for ITS2 and COI Contig Sequences in An.
marshallii group samples from KwaZulu-Natal

The statistical data obtained from BLAST searches of ITS2 and COI contig sequences from
the An. marshallii group in the NCBI database are shown in Table 3.4. The ITS2 multiple
sequence alignment covered a total length of 530 bp, while that of COI spanned a total length
of 720 bp. The percentage of the query sequence (the input sequence) that matches the
subject sequence (the sequence in the database) is referred to as the "Query Coverage™ (QC).
The ITS2 and COI regions exhibit high variability, resulting in a higher query coverage (QC)
of 97-99%, with the larger portion of the query sequence being covered by the alignment.
The E-value represents the number of hits one could expect to see by chance when searching
a database of a specific size. The E-value of 0.0 in the COI sequences reflects a strong match
between the query and subject sequences, indicating almost identical sequence identity. This
is consistent with the fact that COI is a protein-coding gene, and mutations in this region are
often constrained due to its functional importance. The E-value of 1e-111 seen in ITS2
sequences signifies a highly significant match, reflecting strong similarity, but the larger E-
value compared to COI reflects the higher degree of sequence variability typically observed
in non-coding regions. The maximum percentage of identical matches between the query and
subject sequences throughout the aligned region is denoted by Maximum Identity (Max ID).
A greater percentage indicates a higher level of similarity. Max Score represents the overall
quality and length of the alignment. A higher score generally indicates a better match with

more identical or similar nucleotides, fewer gaps, and longer alignments.

Given the 100% alignment in ITS2 and 99.72% alignment in COI sequences, the specimens
from the different families can be confirmed as belonging to the same species. These
sequences are unique An. marshallii group sequences and do not match the species in the
available databases (NCBI, VectorBase). Appendix 3C shows the BLAST search results and
the generated ITS2 and COIl accession numbers obtained for these An. marshallii group

specimens.
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Table 3.4: Internal Transcribed Spacer 2 and Cytochrome C Oxidase Subunit | database
comparisons for consensus sequences of each family used to determine species.

Query sequence Gene Length Highest Hit QC E-value Max ID Max scores
ITS2 540 bp Anopheles theileri 99% le-111 78.52% 418
Family 63 Col 708 bp | Anopheles superpictus | 99% 0.0 92.23% 1015
ITS2 540 bp Anopheles theileri 99% le-111 78.52% 418
Family 221 Col 703bp | Anopheles superpictus | 99% 0.0 92.97% 1015
ITS2 540 bp Anopheles theileri 99% le-111 78.52% 418
Family 289 Col 705 bp Anopheles aconitus 99% 0.0 92.12% 1021
ITS2 540 bp Anopheles theileri 97% le-111 78.52% 418
Family 596 Col 710 bp | Anopheles superpictus | 99% 0.0 91.97% 1013
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3.4 SEQUENCE ALIGNMENT OF ITS2 AND COI CONTIGS IN THE
ANOPHELES MARSHALLII GROUP AND RELATED SPECIES

The ITS2 and COI contig sequences from the An. marshallii group families (collected in
KwaZulu-Natal), along with An. hargreavesi and An. gibbinsi, from this study were
subsequently aligned with An. marshallii group sequences from Cameroon, as well as An.
brohieri and An. hancocki reference sequences found in the NCBI to assess sequence

homology.

Base substitution and INDEL changes were identified in fairly substantial numbers
throughout the species' ITS2 sequence alignments (Figure 3.20). The nucleotide differences
between the species were more pronounced in the 1TS2 alignment. The sequences at the
beginning of the ITS2 region (position 73 bp - 103 bp) are highly conserved across different
Anopheles species. These conserved sections imply that these sequences play crucial
biological roles in all species and point to a common evolutionary ancestor. However, as the
sequence proceeds, variable regions appear that enable species to be distinguished from one
another. These minute variations in the nucleotide sequence function as species-specific
molecular markers. INDELS that further distinguish species can be seen in some sequences.
The sequences of An. hancocki and An. brohieri are marginally shorter in several regions than
the other sequences, suggesting possible insertions or deletions. These variations in sequence
length are another indicator of species’ divergence, and they highlight the differences that

have accumulated as these species evolved separately.

Comparisons of the COI sequence alignments revealed a mixture of highly conserved and
variable regions (Figure 3.21). The conserved nucleotides remained relatively unchanged
across species due to the crucial function of the COI gene in the mitochondria and serve as
proof of shared origins. Mutations unique to each species can be found in variable regions.
As species diverge from common ancestors, these mutations accumulate and reveal
information about their evolutionary pathways. Most mutations are point mutations, in which
one nucleotide is substituted for another. In the COI gene, mutations can be classified as
either synonymous, indicating that they do not alter the amino acid sequence, or
nonsynonymous, indicating that they do change the amino acid sequence. Nonsynonymous
mutations result in changes to the amino acid sequence that can potentially impact the

protein's function, stability, or interactions. Such mutations play a critical role in evolutionary
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processes, as they can introduce variations that may be subject to natural selection. The
presence of INDELSs results in alignment shifts, with gaps appearing in the sequence of one
species relative to another. This may suggest the existence of pseudogenes, non-functional

copies of COl, or significant evolutionary divergence.

Pairwise identity matrices displaying sequence similarity percentages among sampled species
are displayed in Table 3.5 and Table 3.6. While lower results indicate potential divergence,
high identity scores, such as the 100% identity between An. hancocki and An. brohieri (ITS2)

indicates close genetic ties.
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Figure 3.20: Multiple sequence alignment of the ITS2 region from Anopheles marshallii group
specimens and related species. This alignment compares the 1TS2 sequences of An. marshallii group
specimens collected from KZN-South Africa, with reference sequences from An. hargreavesi, An.

gibbinsi, An. brohieri, An. hancocki, and An. marshallii (from Cameroon).
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Figure 3.21: Multiple sequence alignment of the COI region from Anopheles marshallii group
specimens and related species. This alignment compares the COI sequences of An. marshallii group
specimens collected from KZN-South Africa, with reference sequences from An. hargreavesi, An.
gibbinsi, An. brohieri, An. hancocki, and An. marshallii (from Cameroon).
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Table 3.5: Percentage Identity (%) Matrix of ITS2 Sequences among Anopheles species.

Species/Accession Number An. marshallii An. brohieri An. hancocki An. gibbinsi An. marshallii An. hargreavesi
group (KZN) group (Cameroon)
An. marshallii group KZN 100.00 64.16 64.16 65.57 63.98 66.46
(PQ334736.1)
An. brohieri (MW647380.1) 64.16 100.00 100.00 84.73 76.05 71.52
An. hancocki 64.16 100.00 100.00 84.73 76.05 71.52
(MW647407.1)
An. gibbinsi (OM459767.1) 65.57 84.73 84.73 100.00 73.83 71.52
An. marshallii group 63.98 76.05 76.05 73.83 100.00 79.20
Cameroon (MW257139.1)
An. hargreavesi 66.46 71.52 71.52 73.07 79.20 100.00
(PP915781.1)
Table 3.6: Percentage Identity (%) Matrix of COl Sequences among Anopheles species.
Species/Accession An. hargreavesi An. marshallii An. gibbinsi An. marshallii An. brohieri An. hancocki
Number group (Cameroon) group (KZN)
An. hargreavesi 100.00 93.10 89.75 92.06 90.54 90.31
(PP919268.1)
An. marshallii group 93.10 100.00 90.36 90.82 91.20 91.03
Cameroon (OP709256.1)
An. gibbinsi 89.75 90.36 100.00 91.79 93.53 93.37
(OM456806.1)
An. marshallii group 92.06 90.82 91.79 100.00 92.53 92.37
KZN (PQ327569.1)
An. brohieri 90.54 91.20 93.53 92.53 100.00 99.84
(MW603496.1)
An. hancocki 90.31 91.03 93.37 92.37 99.84 100.00
(MW603519.1)
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3.5 PHYLOGENETIC ANALYSIS

Phylogenetic analysis was carried out based on molecular data using the Neighbor-Joining

tree, with the evolutionary distances computed using the Maximum Composite Likelihood

method. The trees were rooted with Anopheles gambiae as an out-group. Clade support was

evaluated using bootstrap analysis with 1000 replications. Bootstrap support was categorized

into three separate levels: the first category (50-74%) was considered to have low support,

the second category (75-84%) has moderate support, and the third category (85-100%) has

high/strong support (Felsenstein, 1985). Phylogenetic analysis involved nucleotide sequences

obtained from this study, and other reference sequences were sourced from the NCBI

nucleotide database (Table 3.7).

Table 3.7: GenBank Accession Numbers for species used for phylogenetic analysis in this study.

GenBank Accession Number

SPECIES ITS2 COl
Anopheles brohieri MW647380.1 MW603496.1
Anopheles gambiae EU104648.1 MT375224.1
Anopheles gibbinsi OM459767.1 (This study) OM456806.1
Anopheles hancocki MW647407.1 MW603519.1

Anopheles hargreavesi

PP915781.1 (This study)

PP919268.1 (This study)

Anopheles marshallii group
(Cameroon)

MW257139.1

OP709256.1

Anopheles marshallii group (KZN)

PQ334736.1 (This study)

PQ327569.1 (This study)

The ITS2 phylogenetic tree (Figure 3.22) was constructedusing the ITS2 sequences. The tree

is arranged into several clades with high support bootstrap values, each of which represents a

different evolutionary lineage of the species. The ITS2 tree clearly shows that An. brohieri

and An. hancocki are clustered in the same clade. Additionally, it is evident that the other

species show considerable divergence from the An. marshallii group isolates from KZN. The

genetic distinctiveness of An. gibbinsi, An. hargreavesi, and An. marshallii group isolates

from Cameroon is reflected in the formation of separate branches that diverge from other
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species. The longer branch lengths of An. gibbinsi, An. marshallii group (Cameroon) and An.
hargreavesi suggests a more ancient divergence, which is consistent with their unique
ecological or geographic niches. The distinct clades formed by these species highlight the

potential use of the ITS2 region as a molecular marker.

Similarly, the constructed COI phylogenetic tree (Figure 3.23) revealed that Anopheles
brohieri and An. hancocki clustered together, suggesting a strong evolutionary connection
between these species. Notably, An. marshallii group from KZN and An. hargreavesi formed
a clade, albeit with low bootstrap support, indicating some uncertainty in the strength of this
grouping. Anopheles gibbinsi was positioned more distantly, highlighting its unique
evolutionary trajectory, possibly with adaptations to different environmental conditions or
vector dynamics. The longer branch length of An. gibbinsi compared to other clades suggests

that this species has diverged more significantly from the others.

MW647380.1 Anopheles brohieri ITS2

100
100 MW647407.1 Anopheles hancocki ITS2
63 | L A\ OM459767.1 Anopheles gibbinsi ITS2
86| L Mw257139.1 Anopheles marshallii group (Cameroon)

‘ PP315781.1 Anopheles hargreavesi voucher ITS2

A PQ334736.1 Anopheles marshallii group (KZN) ITS2

EU104648.1 Anopheles gambiae isclate ITS2

L —
0.050

Figure 3.22: Phylogenetic tree of the Anopheles marshallii group and related species based on
rDNA ITS2 sequence data. The numbers displayed on branches represent the bootstrap support
obtained through 1000 replications. Species along with the NCBI accession number with the
triangular shape indicates the sequences generated from this study. Anopheles gambiae was used as

the outgroup.
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Figure 3.23: Phylogenetic tree of the An. marshallii group and related species based on mtDNA
COlI sequence data. The numbers displayed on branches represent the bootstrap support obtained
through 1000 replications. Species along with the NCBI accession number with the circular shape

indicate the sequences generated from this study. Anopheles gambiae was used as the outgroup.
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3.6 SAMPLES FROM SOUTH AFRICA: ANOPHELES MACULIPALPIS

3.6.1 Morphological identification

The standard morphological dichotomous keys were used to identify female Anopheles
species under an Olympus SZ61 microscope (Coetzee, 2020). In this study, only two wild-
caught female specimens were morphologically identified as An. maculipalpis and sixteen
were identified as An. pretoriensis. However sequencing revealed that the 16 An. pretoriensis
samples were actually An. maculipalpis (Section 3.4.2). The morphology of these specimens
as An. maculipalpis was verified by N. Venter after sequencing. This misidentification may
be attributed to human error and highlights the taxonomic challenge of accurately identifying
species based solely on morphology. Sequencing the misidentified specimens underscores the
importance of using molecular markers (ITS2 and COI) for accurate species identification, a
key objective of this study. This also reinforces the need for additional morphological
identification approaches since any discrepancy between morphological and molecular

methods highlights the need for more morphological training.

3.6.2 Anopheles maculipalpis Molecular Identification

3.6.2.1 Anopheles funestus group Species Identification

A total of fifteen An. maculipalpis samples were subjected to the An. funestus PCR assay of
Koekemoer et al. (1999), 67% (n=10) of the samples produced no amplicons (Species A),
whereas 33% (n=5) of the samples produced multiple bands. None of the samples amplified
as An. leesoni (Figure 3.24).
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Figure 3.24: Species-specific PCR amplification of Anopheles funestus group on a 2.5% agarose
gel stained with ethidium bromide. Lanes 1 and 21: Molecular weight marker of 1000 bp. Lanes 2
and 3: DNA extraction and PCR negative controls. Lanes 4 and 5: An. funestus positive controls (505
bp). Lanes 6-20: Specimens identified morphologically as An. maculipalpis. Lanes 6-8: (3 individuals
from Family 1484). Lanes 9-11: (3 individuals from Family 1246). Lanes 12-14: (3 individuals from
Family 9104). Lanes 15-17: (3 individuals from Family 64). Lanes 18-20: (3 individuals from
Family 172). Hybrid bands were observed in lanes 10,11,14,18, and 19. The numerical prefixes
(1484, 1246, 9104, 64, 172) correspond to distinct mosquito families, while the suffixes (A, B, C)
denote individual specimens within each family.

3.6.2.2 Sequence Variation of rDNA ITS2 Subunit and mtDNA COI of Anopheles
maculipalpis samples from KwaZulu-Natal

ITS2 and COI PCR amplification were carried out on the same An. maculipalpis samples that
were subjected to the An. funestus PCR assay. The ITS2 region was successfully amplified for
eight An. maculipalpis samples, with ITS2 PCR fragment sizes ranging from approximately
400 bp to 610 bp (Figure 3.25A), while the expected COI size was ~900 bp (Figure 3.25B).
All PCR products with the different fragment sizes observed on the ITS2 gel were sequenced
as separate fragments. Although all samples being confirmed as An. maculipalpis, variations
in the size of ITS2 fragments were observed.
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Figure 3.25: PCR amplification of the ITS2 and COI region in An. maculipalpis specimens,
visualised on a 2.5% agarose gel. A) ITS2 PCR agarose gel. Lanes 1 and 21: Molecular weight
marker of 1000 bp. Lanes 2 and 3: DNA extraction and PCR negative controls. Lanes 4 and 5: An.
funestus positive controls (~900 bp). Lanes 6-20: An. maculipalpis ITS2 amplicons with band sizes
ranging from ~400 bp to ~610 bp. B) COI PCR agarose gel. Lane 1 and 21: Molecular weight
marker of 1000 bp. Lanes 2 and 3: PCR and DNA extraction negative controls. Lanes 4 and 5: An.
funestus positive controls (~900 bp). Lanes 6-20: An. maculipalpis COl PCR amplicons (~900 bp).
Lanes 6-8: (3 individuals from Family 1484). Lanes 9-11: (3 individuals from Family 1246). Lanes

12-14: (3 individuals from Family 9104). Lanes 15-17: (3 individuals from Family 64). Lanes 18-20:

(3 individuals from Family 172). Hybrid bands were observed in lanes 10, 11, 14, 18, and 19. The
numerical prefixes (1484, 1246, 9104, 64, 172) correspond to distinct mosquito families, while the
suffixes (A, B, C) denote individual specimens within each family.

Since the PCR products appeared on the gel as single bands, direct sequencing was done on
the individual fragments without purifying them. However, this approach may have
contributed to the observed variation in ITS2 fragment sizes by potentially sequencing mixed

or co-amplified ITS2 variants that were not isolated before sequencing. Following the
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sequencing of the ITS2 region, the acquired forward sequences were of good quality, while
reverse sequences exhibited poor quality. The sequences appeared to be "mixed" due to an
INDEL event at the start of the ITS2-B read, which caused the enzyme to sequence the two
alleles simultaneously (Al-Shuhaib and Hashim, 2023). Although the INDEL event interfered
with the sequencing, the high quality of the forward reads were suitable for a blast search,
and the gene of interest was accurate. This discrepancy in sequence quality impacted the
ability to generate consensus sequences from the forward, and reverse reads, as high-quality
sequences from both directions are typically required to create reliable consensus sequences.
The poor quality of the reverse sequences also prevented the construction of sense strand
contigs, which are essential for accurate multiple sequence alignments of the 1TS2 region.
The poor quality of the reverse sequences in the ITS2 sequencing may be attributed to primer-
related issues if they failed to bind effectively, which could result in incomplete or noisy

sequence reads.

The NCBI BLAST search results (Appendix 3D) revealed that the ITS2 sequences with
fragment sizes of ~410bp and ~500bp fragments showed a high degree of similarity with
Anopheles maculipalpis isolate KHO8 internal transcribed spacer 2 (Sequence

ID: MT408571.1) with a sequence identity of >99%. Similarly, the ITS2 sequences that
produced fragments ranging from ~400bp and ~610bp had a 99% sequence identity to
Anopheles maculipalpis haplotype, Internal Transcribed Spacer 2, region. (Sequence ID:
KR014835.1). An ITS2 sequence alignment was performed using only the forward nucleotide
sequences, which varied in length (Figure 3.26). The alignment revealed a high degree of
similarity among the samples morphologically identified as An. maculipalpis, with nucleotide
differences observed at only two positions. The nucleotide code Y positioned at 69 base pairs

represents either a C (cytosine) or T (thymine).

All COI specimens had an NCBI BLAST result of An. maculipalpis mitochondrion
(Sequence ID: NC_064606.1) with a 100% nucleotide identity. For the COI alignment, both
DNA strands (COI-F and COI-R) were used to generate contigs, increasing the reliability of
the sequencing data (Figure 3.27). The sequences were similar with minor nucleotide
differences in eleven positions. There were two M and R base substitutions and one Y and K
base substitutions at different sites. Overall, the species exhibited the least number of variable
sites and significant genetic homogeneity with regard to the ITS2 and COI sequences.
Appendix 3D shows the BLAST search results and the generated COI accession numbers

obtained for these An. maculipalpis specimens.
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Figure 3.26: Alignment of ITS2 nucleotide sequences from Anopheles maculipalpis samples
collected in KwaZulu-Natal. This alignment shows the ITS2 sequences obtained from 8 An.
maculipalpis individuals, representing specimens from each of the families. The alignment was
performed using forward sequences only due to poor quality of reverse reads.
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Figure 3.27: Multiple sequence alignment of the COI region from Anopheles maculipalpis group
specimens. This alignment shows the COI sequences obtained from 8 An. maculipalpis individuals,
representing three specimens from each of the families. Consensus sequences were generated and

aligned using BioEdit. Sequences highlighted in yellow rectangular boxes indicate the locations of the
COl forward and reverse primer binding sites used during PCR amplification.
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3.7 SPOROZOITE DETECTION IN ANOPHELES MARSHALLII GROUP
AND ANOPHELES MACULIPALPIS

Field-collected female mosquitoes were examined for the presence of Plasmodium using the

hydrolysis probe assay (TagMan assay), which utilizes Tag DNA polymerase's "5 - 3"

exonuclease activity. A total of 82 An. marshallii group and 10 An. maculipalpis female

specimens were analysed. Of the 92 analysed samples, only 9% (n=8) of the An. marshallii

group samples initially showed positive results (Ct value <30, RFU value >500). However,

upon repeating the assay to confirm the presence of sporozoites, these samples resulted in false

positives (Table 3.8). Subsequent PCR tests on these specimens returned negative results,

indicating no true sporozoite infections. Therefore, none of the specimens tested positive for

sporozoite infections. Despite the fact that none of the specimens had a positive Plasmodium

infection test, the absence of detected infections does not preclude the possibility of ongoing

malaria transmission in the study area.

Table 3.8: Summary of Plasmodium infectivity results.

Species N (Sample size) Bass PCR+ False Bass PCR+ Bass PCR-
An. marshallii group 82 0 7 82
An. maculipalpis 10 0 0 10
Total 92 0 (0%) 7 (7.6%) 92 (100%)
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CHAPTER FOUR
DISCUSSION

This study investigated the characteristics of understudied Anopheles species may be
involved in malaria transmission cycles utilising both morphological and DNA-based
methods. Although less extensively studied compared to other prominent malaria vectors like
Anopheles gambiae and An. funestus, emerging evidence suggests that the An. marshallii
group may play a role in malaria transmission in certain regions where it is present. The
primary objective of this study was to accurately identify An. marshallii group species in
South Africa using a priori identification methods based on morphological characteristics
and molecular techniques. This synergistic approach has proven vital in characterising other

Anopheles species and offers valuable insights into the species' potential as a malaria vector.

4.1 MORPHOLOGICAL ANALYSIS

Despite the high number of Anopheles females collected from various sampling sites,
colonising and rearing mosquito species in a laboratory setting proved challenging. Despite
being supplied with a blood meal, many female mosquitoes failed to feed successfully,
leading to poor egg production. Among the females that laid eggs, hatch rates were notably
low, likely due to a combination of environmental and physiological factors, such as
fluctuating temperatures and humidity levels in the insectary during the experimental period.
Thermal stress likely contributed to the low egg survival rates observed, given the elevated
and unstable temperature conditions in the insectary at the NICD during the experimental
period. Although specific temperature data were not recorded, it was noted that the insectary
often exceeded the ideal rearing range of 25°C + 2°C. High temperatures are known to
negatively affect the viability of Anopheles eggs by accelerating desiccation, shortening the
pre-hatching phase, and disrupting embryonic development (Clements, 1992). These factors
may have negatively impacted feeding behaviour and egg viability. However, other factors
likely contributed to the low hatch rates, including the age and physiological state of the
field-collected females, possible incomplete insemination, and stress caused by transport and
handling. Such stress can suppress blood-feeding responses and impact reproductive output,
making colonisation in the laboratory particularly difficult for wild-caught mosquitoes. These
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variables likely contributed to low feeding success and decreased fecundity. Such influences
have been reported in previous studies on Anopheles reproductive biology and egg viability
(YYaro et al., 2006; Impoivil et al., 2007; Ghosh et al., 2024; Ottih & Tripet, 2024).

In this study, four families belonging to the Anopheles marshallii group were studied in
depth. While the specimens exhibited wide morphological variation, they were assigned to
the An. marshallii group. However, the precise identification of each family to the species
level remained unresolved, highlighting the limitations of morphological methods in
differentiating closely related species within species complexes. The morphological analyses
carried out in this study did not yield conclusive results for species-level identification of the
An. marshallii group families. The use of egg and larval morphology for identifying An.
marshallii group samples presented various issues that limited their usefulness as a diagnostic
tool in this study. Due to the limited availability of egg clutches, there was insufficient detail
to accurately assess variability in egg morphology within the An. marshallii group. This
limited sample size may not capture the whole aspects of morphological characteristics,
which could lead to the omission of distinctive traits that could be present in a larger sample
set. It was difficult to capture the fine structural details of the eggs due to the poor resolution
of the microscope used to observe egg morphology during the investigation (see Figure 3.7).
High-resolution imaging, like scanning electron microscopy (SEM), is frequently needed to
observe egg morphology in order to precisely view distinguishing characteristics like surface
texturing or float structure. The quality of the egg images would have appeared better had
they been examined under a SEM. Without this level of detail, identifying subtle differences
that could distinguish species was challenging. Unfortunately, due to time constraints and a
limited number of eggs, the eggs were placed into water immediately to allow for egg
hatching. Future studies should prioritise SEM examination for the egg morphology. During
the study, larval specimens were preserved in ethanol, which sometimes led to stiffened or
distorted samples and loss of structural integrity (see Figure 3.8). Important morphological
characteristics were obscured by this handling procedure, which led to an erroneous
examination of these specimens. This suggests that if morphological data are to be

utilised for identification, then consistent rearing and preservation procedures are necessary
to allow for accurate and reliable identification, ensuring that important diagnostic traits are

preserved and observable for proper taxonomic analysis.

The adult morphological traits (leg, palp, wing), while informative, failed to provide distinct

diagnostic features that could reliably separate species within the An. marshallii group
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specimens from KZN. Despite the tarsal segment markings, which are generally helpful in
identifying species, no clear distinctions were found amongst the An. marshallii group
families (see Figure 3.10). Similarly, no discernible variation in apical banding patterns that
could facilitate species identification was observed in the palps (see Table 3.1). Palps are
recognised for their diagnostic potential in other Anopheles species complexes, such as An.
gambiae s.I. and An. melas (Bryan, 1980; Annan et al., 2015). Furthermore, wing
morphology, which is commonly employed due to its conserved characteristics and venation
patterns, failed to distinguish between the An. marshallii group families from this study. This
may be attributed to the high degree of morphological similarity among sibling species within
the group, which makes it difficult to separate species using traditional keys because many of
their diagnostic features overlap or lie within a small range of variation. Additionally,
environmental factors like temperature may have contributed to morphological plasticity,
which obscures actual genetic differences and makes it challenging to identify species based

solely on phenotype.

Earlier studies have found that geometric morphometrics approaches based on wing shape
and wing venation analysis can aid in identifying members among the Anopheles species
group and complex, such as the three species of the An. maculatus group (Chaiphongpachara
et al., 2019) and two species of the An. minimus complex (Chatpiyaphat et al., 2021). The
geometric morphometric analysis results from a study conducted by Chaiphongpachara et al.
(2022) clearly distinguished An. baimaii and An. dirus (sibling species of the An. dirus
complex) based on the wing shape. It was determined that this is a useful technique for
accurately identifying the species of these two malaria vectors. Wing size, on the other hand,
was found to be more susceptible to environmental fluctuations and need to be interpreted

cautiously in these kinds of investigations.

In this study, wing length, morphology, and wing spot ratios were examined to assess
variation among female An. marshallii group mosquitoes, however, the specimens analysed
here showed no notable differences in wing length (see Table 3.2). This lack of variation can
likely be attributed to the similar environmental conditions in both the natural collection sites
and the insectary where the offspring were reared, although no direct quantitative
measurements of temperature and humidity were recorded during rearing. Consistent body
size, as influenced by environmental factors, is known to correlate with wing length, which
likely accounts for the uniformity observed in the wing measurements of these specimens. It

is conceivable that the quality of the larval food may have affected the wing and palp
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measurements in this study, since the overall size of adult mosquitoes can be significantly
influenced by the larval diet and quality of the larvae, with larger adults generally being
produced by better-fed larvae (Damiens et al., 2014; Tuno et al., 2023). Larger adults that
result from enhanced nutrition would have longer wings and increased wing spot ratios,
which could have an impact on the species-specific morphological traits that are typically
used for identification. Barreaux et al. (2016) reported that elevating larval rearing
temperatures from 23°C to 31°C caused a significant reduction in adult wing length.
Numerous studies have shown a positive correlation between larval nutrition and adult wing
length in Anopheles species. In a study conducted by Vantaux et al. (2016), Anopheles
gambiae larvae with limited food availability produced adults with considerably smaller
wings than those that were given adequate food. Likewise, Valerio et al. (2016) found that a
greater amount of larval diet led to longer wing lengths in both male and female Anopheles
gambiae. This variation underscores the need to take into account elements like diet that

could affect morphometric data and affect species identification or comparisons.

Wing morphology was combined with other morphological characters, such as the egg and
larval features, to provide an extensive and accurate assessment of species identity.
Integrating multiple characters enhances the accuracy and reliability of species identification.
However, no clear separation between the families using the egg, larval and adult
characteristics could be achieved. These findings highlight the challenges of morphological
identification, especially for cryptic species where subtle morphological differences can be

difficult to discern.

Despite the challenges presented by missing and/or incomplete body parts (legs and wings) in
An. hargreavesi and An. gibbinsi samples, morphological identification was eventually
successful for these samples. Anopheles gibbinsi was identified based on distinctive
morphological traits, such as pale bands on the palps and particular markings on wing veins,
whereas An. hargreavesi samples were identified morphologically using scale morphology.
This does, however, draw attention to a drawback of morphology-based species identification
techniques, as damaged samples may result in incorrect identification or the inability to
confirm identity. This study relied on the expertise of a few skilled individuals to confirm the
morphological identification of An. gibbinsi and An. hargreavesi samples, and without their
input morphological identification would most likely have been inaccurate. Only a handful of

trained taxonomists have the expertise required for high-accuracy identification, leading to
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excessive reliance on these few experts. Anopheles maculipalpis specimens being
misidentified as An. pretoriensis also highlights the challenges posed by the limited
availability of trained taxonomists in the field. Without enough trained professionals,
accurate species identification is compromised, which can impact the reliability of field data

and vector control strategies.

4.2 MOLECULAR ANALYSIS

4.2.1 Sequence Analysis

The other goal of this study was to generate a DNA barcode database for the An. marshallii
group and other anopheline species, using a combination of iso-female lines and molecular
techniques. Although morphological analysis was used for initial species identification, a
greater resolution of genetic diversity and evolutionary relationships among the examined
populations was made possible by DNA sequencing. Understanding the distribution and
vectorial potential of species is mainly dependent on accurately identifying them among
morphologically similar groups or complexes. Therefore, DNA sequencing was used as an
attempt to discriminate the families belonging to the An. marshallii group. Currently, there is
no rapid or accurate method of identifying An. marshallii group species, which poses a
challenge for surveillance studies involving the group.

Numerous studies have examined the effectiveness of ITS2 and COI loci in detecting
different species of Anopheles from various regions. The ITS2 region is commonly used for
species identification due to its variability and evolutionary conservation. Compared to other
rDNA regions, it shows greater sequence diversity, which qualifies it for phylogenetic and
species-level identification. Anopheles species that are cryptic or closely related can be
distinguished from one another using ITS2 sequencing data. This is especially helpful in
detecting sibling species complexes or newly discovered species. The ITS2 region has been
used to differentiate between different species of Anopheles mosquitoes, including the An.
dirus complex (Walton et al., 1999), An. funestus group (Koekemaoer et al., 2002), An.
hyrcanus group (Li et al., 2005) and An. maculatus group (Ma et al., 2006). This gene has
been proven to be more effective than the COI gene. The COI gene has the highest level of

nucleotide divergence and consists of both highly conserved and variable regions (Burton and
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Lee, 1994; Zang and Hewitt, 1997). Due to their limited ability to repair DNA replication
errors, mitochondria experience a faster mtDNA mutation rate than nuclear DNA (Allio, et
al., 2017). This comparatively greater mutation rate in many vertebrates has made it a useful
marker for researching relatedness patterns among species populations (Walton et al., 1999).
In the present study, both ITS2 and COI loci were employed to differentiate species within
the An. marshallii group, revealing insights that morphological methods alone could not

provide.

In this study, the Anopheles funestus PCR assay (Koekemoer et al., 2002) was used to
complement the 1TS2 and COI sequencing in order to detect species-specific DNA variations
in both the ribosomal and mitochondrial regions. The PCR results provided valuable insights
into the species composition of the An. marshallii group specimens collected from KZN.
Some of the specimens produced hybrid bands, suggesting the possibility of mixed-species
amplification or the presence of closely related species. Some specimens amplified as An.
leesoni, indicating that these specimens, despite being identified morphologically as An.
marshallii group may belong to another species. This underscores the difficulty in
distinguishing between closely related species within the An. marshallii group. Some samples
did not produce amplicons, which may be due to DNA degradation affecting the efficiency of
the PCR process or the assay’s lack of species specificity for those particular specimens.
Degraded DNA results in fragmented templates, which decreases the efficiency of PCR
amplification. In this study, fresh F1 samples from iso-female families were successfully
amplified, whereas several field-collected adult samples, which had been stored for long
periods, failed to amplify. This indicates that DNA degradation may be a significant issue.
The An. funestus PCR assay, while valuable for preliminary species screening, was not
definitive across diverse species groups. This reinforces the need for additional molecular

techniques, such as DNA sequencing, to provide more accurate species identification.

It was established from the sequencing results that the An. marshallii group specimens from
KZN possessed a low level of DNA variation across both ITS2 and COI markers. The ITS2
sequences were 99.5 - 100% identical across the four iso-female lines, while the COI
sequences showed greater than 98% identity, with only a few variable nucleotide positions
observed across a 745 bp alignment. These findings strongly suggest that the specimens
likely belong to a single species, given their high inter-individual sequence similarity. This

could be explained by the fact that the specimens share a great deal of rDNA and mtDNA
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indicating that they are the same species. This is likely due to the geographic proximity of the
sample populations in northern KZN, which could facilitate gene flow. The limited
divergence observed in the COI sequences suggests a high level of conservation, perhaps
because of selective pressures that preserve gene integrity across the species. The individual
specimens that were compared in this context are closely related and may have undergone
recent divergence, but there may not have been sufficient time for mutations to accumulate
and generate significant variation in the 1TS2 and COI regions. The phylogenetic trees
generated using both 1TS2 and COI data further support this, as all KZN specimens formed a
single well-supported clade (bootstrap values > 90%) distinct from other known African An.
marshallii group species (see Figure 3.22 - 3.23). Interestingly, the 1TS2 sequences showed a
78% match with An. theileri reflecting a level of genetic similarity between this species and
An. marshallii group specimens. This could be the result of historical taxonomic confusion,
as An. brohieri (a member of the An. marshallii group) was often treated synonymously with
An. theileri. Studies on their morphology and genetics suggested that the two species are
closely related and likely share a common ancestor (Green, 1981; Gillies and Coetzee, 1987).
It is possible that An. brohieri sequences were deposited into the GenBank as An. theileri
since the species are often treated as synonyms. The species hames picked up when the ITS2
and COI consensus sequence were queried against the NCBI database using BLASTn do not
fall under the An. marshallii group, which could suggest that the available data in the
database may be incomplete, and the correct name might not be linked to the morphological
information. This could be due to missing or outdated information leading to discrepancies
between morphological identification and the listed name following sequencing. Such
challenges are exacerbated by the lack of reference sequences in public databases like
GenBank for many species, limiting the ability to definitively confirm species identities using

molecular data.

Hybridisation events may have made it difficult to differentiate between An. marshallii group
species using molecular markers, as genetic material could have been exchanged between
them. These closely related species have similar sequences, possibly due to incomplete
evolutionary sorting or hybridisation that reduces the ability to distinguish species. Similar
findings using mtDNA have been reported in previous studies. According to Fontaine et al.
(2015), the mtDNA displayed patterns that were compatible with continuous gene flow
between An. arabiensis and An. gambiae or An. coluzzii, and they also discovered widespread

introgression amongst An. gambiae complex species. This study also corroborates previous
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research that showed low genetic variation in An. stephensi populations that were collected
from two different cities in Saudi Arabia (Munawar et al., 2020). The results were obtained
by using the analysis of the ITS2 and COI markers. According to the researchers, these
findings were caused by widespread gene flow and ecotype adaptations with limited

intraspecific variation.

Low genetic variation was also found in An. hargreavesi ITS2 and COI sequences. This high
degree of homology can be attributed to the fact that these species share a common ancestor,
as a result, they retain many similarities in their genetic sequences due to their shared
evolutionary heritage. Confirmation of identification proved challenging in the absence of
reference sequences for An. hargreavesi in publicly accessible databases. The lack of
published genetic sequences for An. hargreavesi illustrates a common issue when working
with understudied species, where novel sequences might be listed under different or outdated
names. It is common for new species to be described without having their genetic sequences
published, especially if they have not been studied in great detail. However, there is also a
possibility that these sequences have been published under a different name. This underscores
the drawbacks of using currently available databases for molecular identification. The lack of
existing ITS2 or COI sequences for An. hargreavesi meant that the sequencing data could not
be directly matched to GenBank records or compared with published phylogenies. This
reduced the strength of our conclusions regarding the exact taxonomic position and molecular
identity of the specimens. While the sequence data were internally consistent, showing >98%
identity across individuals, the possibility that specimens represent a misidentified or closely

related taxon could not be excluded.

The ITS2 region of An. gibbinsi showed high homology, with a 100% match to "Anopheles
sp. 6" from Kenya that was published in earlier research (Cooke et al., 2015; Gebhardt et al.,
2022), suggesting these two are the same species. The designation of An. gibbinsi as
Anopheles sp. 6 indicates that this species is in the process of being formally described, and it
provides more background to this understudied taxon. This, however, emphasises how

ambiguous species names can be during taxonomic description processes.

Variations were observed in the size of ITS2 fragments of An. maculipalpis samples despite
all samples being confirmed as An. maculipalpis. These differences may be attributed to
several factors. The ITS2 region can exhibit genetic diversity among individuals of the same

species that manifests as insertions or deletions in non-coding areas, leading to variations in
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fragment length. Furthermore, the ITS2 region is a component of the ribosomal DNA, which
is found throughout the genome in many copies. Because of the heterogeneity of these
multicopy genes, distinct copies within an individual may amplify fragments with slightly

varying sizes.

Across the broader species alignment, the high level of sequence variation, particularly in the
ITS2 region, highlights its utility as a marker for uncovering genetic diversity and facilitating
species differentiation. The ITS2 alignment exhibits considerable sequence diversity, as seen
by the substantial number of base substitutions and frequent INDEL events found across the
alignment, resulting in significant length variation between sequences. Despite this
variability, some areas of the ITS2 region showed conservation, especially those connected to
primer binding sites or retained functional motifs. Both point mutations and INDEL

events contribute to this diversity, providing genetic markers for species differentiation. In
contrast, the COI sequence alignment revealed a complex pattern characterised by a
combination of highly conserved and variable regions among the aligned Anopheles species.
These conserved regions are likely essential for maintaining the structural and functional
integrity of the COI gene, as well as for precise species identification and phylogenetic
analysis. Additionally, variable areas that showed notable sequence diversity throughout the
Anopheles species were apparent in the COI alignment. These varying locations can be a
reflection of past demographic trends, selective forces operating on various mosquito
populations, or evolutionary adaptations. Some of the sequences in the study showed unusual
combinations of INDELSs and base substitutions, suggesting the presence of novel genetic
variations, whereas other sequences closely matched existing reference sequences. This
variability indicates the evolutionary processes that shape these species and emphasises the
role of the COI gene, despite being more conserved than ITS2, in revealing deeper

evolutionary relationships.

4.2.2 Phylogenetic Relationship

The phylogenetic trees generated from 1TS2 and COI sequences offer valuable perspectives
into the genetic diversity and evolutionary relationships among Anopheles species in the
study. The significant degree of sequence diversity in the ITS2 region was reflected in the
formation of multiple well-supported clades in the tree. This indicates a significant degree of
sequence diversity in the ITS2 region, making it a reliable molecular marker for

distinguishing species within the An. marshallii group. Anopheles brohieri and An. hancocki
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are nested together in the tree despite their phenotypic differences. This suggests that these
species share a recent common ancestor. The clustering of An. brohieri and An. hancocki in
the same clade raises the possibility of cryptic speciation, where these species might be more
closely related than previously thought based on morphological characteristics alone.
Anopheles gibbinsi, An. hargreavesi and An. marshallii group isolates formed separate
branches on the tree, suggesting substantial genetic distinctiveness. This could suggest these
species have been evolving independently for longer periods, accumulating mutations that
differentiate them genetically. The divergence observed reflects their unique evolutionary
trajectories, which may correspond to differences in geographic distributions. Anopheles
gibbinsi specimens from Zambia were grouped separately from other species in the tree,
while An. hargreavesi from Nigeria formed a distinct clade. Additionally, An. marshallii
group specimens collected from KZN (South Africa) exhibited unique ITS2 sequences that
did not align with any existing reference. These regional variations in sampling sites might
indicate past geographic isolation or ecological specialisation that led to lineage divergence.
Despite being morphologically similar, these species can be distinguished from one another
by the unique mutations they have accrued in the ITS2 region.

The COI phylogenetic tree also displays An. brohieri and An. hancocki clustering together.
The idea that these species have a close evolutionary relationship is supported by this
consistency across these markers. Their shared evolutionary lineage is reflected in both
mitochondrial and ribosomal DNA, despite their morphological differences. The COI tree,
while informative, shows some inconsistencies compared to the ITS2 tree. The grouping of
An. marshallii group and An. hargreavesi in a single clade shows some considerable genetic
similarity, but the poor bootstrap support suggests uncertainty in the strength of this
relationship. This might be the result of inadequate lineage sorting, hybridisation events, or
the low variance in COI sequences between these species. This suggests that COl may not be
as reliable as ITS2 for distinguishing closely related species within this group. These results
highlight the complexity of Anopheles taxonomy and the importance of thorough molecular

research in order to better understand species variety and evolutionary relationships.
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4.2.3 Sporozoite Detection

An essential part of malaria control programs involves determining the sporozoite rates in
mosquito vectors, which enables evaluation of the risk of transmission and the effectiveness
of any control measures. The hydrolysis probe assay has been found to be the most sensitive
and most specific of all the previously evaluated assays using genomic DNA samples for all
four Plasmodium species (Bass et al., 2018). Since the test is highly specific, there is a small
chance that the tested samples could give positive results. It is difficult to explain why some
of the An. marshallii group samples falsely tested positive for Plasmodium. One possibility is
that the assay detected a similar antigen that is not Plasmodium but is present in the
mosquito. Results from the assay could have been falsely positive due to a cross-reaction
with mosquito DNA. This may occur if the assay's primers significantly resemble sequences
found in the mosquito genome, leading to non-specific amplification. Another possibility
could be contamination with Plasmodium DNA from external sources during sample
processing and DNA extraction may have taken place. However, this is highly unlikely
because the laboratory adheres to strict contamination control procedures. Furthermore,
negative controls were included in every PCR run, and all yielded negative results,
confirming that no cross-contamination occurred during the assays. Some mosquito species
carry commensal or symbiotic microbes in their tissues, including in their guts. If the genetic
sequences of these organisms are not sufficiently differentiated from those of Plasmodium
during molecular testing, it could result in false-positive results. To mitigate false positives, it
is advisable to retest all positive samples by re-running the gPCR assay. This can confirm the
reproducibility of results and help distinguish true positives from sporadic background
signals or artefacts. Primers and probes should be regularly validated and optimised against
mosquito genomes and known non-target DNA. This ensures specificity and reduces the
likelihood of cross-reactivity, especially in field-collected samples that may contain complex
DNA backgrounds. Sequencing can also assist in determining the true identity of the
amplified DNA.

Previous studies have shown that zoophilic mosquito species in Africa can have false-positive
Plasmodium infections, which can have detrimental effects on vector control (Sylla et al.,
2000; Koekemoer et al., 2001; Bigoga et al., 2007; Mouatcho et al., 2007). Detecting false
positives can lead to inaccurate assessments of malaria risk in affected regions, potentially
resulting in a misallocation of resources for vector control strategies and public health

interventions. Unnecessary public health responses such as mass insecticide spraying
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campaigns or community-wide prophylactic treatment programs may inadvertently harm
non-target organisms or disrupt ecological relationships, leading to unintended consequences
for biodiversity and ecosystem functioning. This can erode public trust in the accuracy and
reliability of mosquito surveillance and control efforts. This loss of confidence may
undermine community participation in malaria control programs and hinder public health

authorities' ability to communicate and implement disease control measures effectively.

Furthermore, accurately detecting sporozoites is crucial for evaluating secondary malaria
vectors, such as those in the An. marshallii group, as they can still contribute to low-level or
residual malaria transmission, particularly in regions where primary vectors have been
suppressed through control interventions (Afrane et al., 2016). These secondary vectors often
display exophilic or zoophilic behaviours, making them difficult to target with standard
indoor strategies like IRS and ITNs (Russell et al., 2011; Sougoufara et al., 2020; Carnevale
and Manguin, 2021). Their role in ongoing transmission might be overlooked if they are
misidentified or wrongly assumed to be non-infective due to detection errors. This highlights
the need for highly specific and sensitive detection tools, especially when assessing the
transmission potential of understudied species. Understanding the infection status of these
vectors essential for formulating comprehensive malaria control programs that do not leave

any vector unaddressed

4.3 FUTURE DIRECTIONS

The majority of African malaria vectors have comparatively well-studied biology. Numerous
studies on their life cycles, mating patterns, and behaviours have made it possible to create
targeted control methods such as indoor residual spraying (IRS) and insecticide-treated nets
(ITNs). However, malaria is still endemic throughout Africa due to difficulties in
distinguishing malaria vectors that are part of species complexes. The Anopheles marshallii
group remains less understood, which could present challenges for vector control in areas
where it may be present. Understanding the role that the An. marshallii group plays in
malaria transmission requires accurate species identification. The methodology used in this
study has been applied to many other species complexes in the genus Anopheles, however,
despite the rigorous methodology employed, the results of the An. marshallii group species
identification was inconclusive. While several specimens were identified at the group level,
definitive species identification proved challenging. None of the morphological characters

investigated resulted in a clear distinction between the An. marshallii group families. The
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measured wing spots, wing lengths and palp spots did not provide a clear distinction to

completely differentiate An. marshallii group families.

Improved methodologies are needed to address the complexity of An. marshallii group
species identification, as the current findings do not give a clear species distinction. With the
morphological results being inconclusive, it would be ideal to turn the focus to cytogenetic
approaches (Lambert, 1979; Lambert and Coetzee, 1982) for the identification of members of
the An. marshallii group as additional research. Previous studies by Lambert (1979) and
Lambert & Coetzee (1982) have shown that chromosomal inversion patterns in polytene
chromosomes can differentiate members of the An. marshallii group. These findings serve as
a reference point for developing updated taxonomic tools. Future research could use polytene
chromosome analysis on wild-caught iso-female lines to strengthen species delimitation
within this group. However, it is important to acknowledge that cytogenetic analyses can be
time-consuming and require specialised infrastructure, well-preserved half-gravid females,
and technical expertise in salivary gland dissection and chromosomal preparation, resources
that were beyond the scope of this study.

While this study applied the dual approach, several methodological considerations warrant
discussion. The data acquired from this study shows that molecular characterisation of
mosquito species yields results that are more reliable than morphological tools. Hence, there
should be more capacity to utilise molecular techniques. To enhance the precision of species
identification, a PCR-based technique that offers a dependable and precise way of
differentiating An. marshallii group species ought to be developed. However, the primary
method for detecting malaria vectors should always be morphological identification, with
molecular assays always used to confirm the results. Future research should also explore
additional molecular techniques to enhance species-level resolution, particularly for cryptic
taxa in the An. marshallii group. Methods like multi-locus sequencing, microsatellite
genotyping, and next-generation sequencing (NGS) can reveal population structures and
cryptic divergences when morphological traits are unclear (Ndo et al., 2010; Campos et al.,
2022). Although these techniques are resource-intensive, they can provide high-throughput
and accurate species identification, overcoming limitations of single-locus barcoding.
Additionally, molecular protein profiling using Matrix-Assisted Laser Desorption/lonization
Time-Of-Flight Mass Spectrometry (MALDI-TOF MS) is a valuable tool for mosquito

species identification (Muller et al., 2013; Karisa et al., 2024). Its key advantages include

123



requiring minimal tissue samples, rapid processing times, and being cost-effective. In future
studies, integrating protein profiling with DNA methods would be advantageous. Further
research with larger sample sizes will be conducted in order to better comprehend the genetic
diversity and vectorial potential of these understudied Anopheles species. Future surveillance
initiatives and sequencing studies can focus on confirming the accurate species identification
of An. marshallii group specimens and mapping their geographic distribution with the aid of
the sequences produced in this study for confirmed An. marshallii group species from
KwaZulu-Natal (KZN).

CHAPTER FIVE
CONCLUSIONS

This study sought to molecularly characterise understudied Anopheles species from South
Africa, focusing on the Anopheles marshallii group. The significance of utilising
morphological identifications in conjunction with molecular assays, particularly in regions
with a high vector diversity and limited morphological reference material, has been
demonstrated by this study. Significant discrepancies between the initial morphological
identification and the molecular confirmation were identified by sequencing data. The risk of
relying solely on morphological identification was highlighted by the fact that specimens that
were mistakenly recognized as An. pretoriensis based on morphological identification were
later identified as the An. maculipalpis species using a molecular technique. These findings
underscore the risk of relying solely on morphological tools for species identification,
especially in the presence of cryptic or morphologically similar species. Morphological
misidentifications may occur due to various factors, including biological, technical, and

human-related ones.

Certain Anopheles species are cryptic, which means that although they differ genetically, they
are morphologically identical or very similar (Harbach, 2013). Individuals with limited
expertise may overlook subtle distinguishing features or misinterpret morphological
characteristics. Accurate morphological identification often requires individuals with
specialized training and experience who can observe fine morphological details. However,

there is still a severe lack of expertise in taxonomy and morphological identification.
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Numerous studies indicate a worldwide decrease in taxonomic skills and training resources
(Hopkins and Freckleton, 2002; Tautz et al., 2003; Engel et al., 2021). These researchers
highlight a taxonomic impediment: a lack of proficient taxonomists, obstructing biodiversity
studies and vector monitoring. The authors emphasise that although molecular and digital
technologies have advanced the discipline, they cannot replace the essential knowledge,
skills, and experience of expert taxonomists. They stress the importance of building
taxonomic capacity, particularly in developing areas where vector-borne diseases are
prevalent. This study reinforces the importance of strengthening training in traditional
taxonomic skills, as they are essential for correctly identifying species. Misidentifications
emanating from morphological identification might have detrimental implications when
assessing a species' bionomic features, vector status relationships, and malaria control effects
(Stevensons et al., 2012; Davidson, 2019; Zhang et al., 2022).The accuracy of species
identification is significantly improved when morphological identification is complemented
with molecular technigues such as PCR, DNA barcoding, and sequencing to confirm species
identity and identify cryptic species. The disparity between molecular and morphological
identification emphasises how important it is to incorporate molecular methods to better
distinguish between vector species, particularly in regions with considerable vector diversity
(Zhang et al., 2022).

This study recommends the use of DNA barcode sequences for effective identification and
determination of evolutionary relationships among mosquito species. The two main genetic
markers used in this study were the ITS2 and the COI gene. These genetic markers are
particularly useful for species-level resolution due to their high degree of sensitivity, making
it possible to identify all variants in the relevant genes, therefore, misidentification of species
is rare. Among molecular markers, the COI gene used in DNA barcoding is preferred for
effective species identification and phylogenetic inference among mosquito species due to its
broad taxonomic utility, ease of amplification, high interspecific resolution, and availability
in global reference databases. While DNA barcoding is an effective tool, it has certain
limitations. For instance, false negatives can arise from degraded DNA or primer mismatches
that hinder successful amplification (Beebe, 2018). Similarly, the presence of pseudogenes or
hybridisation events may complicate sequence interpretation (Choochote et al., 2014;
Pramasivan et al, 2022). Furthermore, relying solely on a single marker such as COI might

not adequately resolve species complexes where COI divergence is minimal. Therefore,
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utilising multilocus approaches that combine mitochondrial and nuclear markers like 1TS2

can enhance resolution and accuracy.

It is important to note that implementing molecular techniques in a field setting presents
practical challenges. These challenges include the need for laboratory infrastructure, skilled
personnel, high-quality reagents, and funding for sequencing (Gupta et al., 2024; Alghamdi,
2025). Furthermore, shipping samples to specialised laboratories may introduce delays or
contamination risks. Therefore, while molecular tools enhance resolution and accuracy, their
widespread use requires sustainable investment in training, infrastructure, and regional
sequencing capacity. Despite these limitations, in this study DNA sequencing allowed for a
more thorough understanding of genetic diversity and evolutionary relationships among the
specimens under study, even though morphological analysis provided initial species
identification. The integration of molecular tools into routine surveillance programs can be a
good way of limiting distribution or eliminating vectors as it offers vital insights into the
precise vector species involved in the transmission of malaria by differentiating closely
related species, and it can help monitor changes in vector distribution brought on by
environmental changes or insecticide resistance (Hemingway et al., 2016). Ultimately, this
improved surveillance will in turn reduce malaria transmission by enabling more targeted and

efficient control measures.
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APPENDICES

Appendix 1A: Morphological Differences in Egg Stages

Species hame Floats Decks
An. austenii Unknown Unknown
An. berghe Unknown Unknown
An. brohieri Unknown Unknown
An. gibbinsi Slightly bigger than that of An. marshallii s.s. The chorion appears | The size of the deck and accordingly the length of the frill are very
to be discontinuous between the floats. variable.
An. hancocki Closely resembles An. funestus eggs but may be distinguished by

the very fine sculpturing of the chorion, floats with 13-15 ridges.

No information

An. hargreavesi

Floats with 14-18 air cells. 2 well developed frills that each form a
complete oval surrounding the polar enclosed areas.

No information

An. harperi

Unknown

Unknown

An. hughi *

Floats well separated

Differs from An. marshallii s.s. and An. hughi in that it has a
continuous, open single deck between the floats.

An. kosiensis *

Same as An. hughi

Same as An. hughi, occasionally with a closed deck.

An. letabensis *

Floats well separated

With 2 polar decks as in An. marshallii s.s, but with openings of
decks slightly more rounded.

An. marshallii *

Floats are close together. The floats occupy the middle two-thirds
of the egg.

With two decks. Each deck extends along the whole dorsal surface
surrounded by a narrow frill.
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An. mortiauxi

Unknown Unknown

An. mousinhoi * Unknown Unknown

An. njombiensis Unknown Unknown
An. seydeli * Similar to An. marshallii s.s. With 3 decks

An. upemba Unknown Unknown

No information = Mosquito feature has been studied, but no data was recorded.

Unknown = The mosquito feature has yet to be looked into.

* Anopheles marshallii group species found in South Africa.
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Appendix 1B: Morphological differences in Larval stages of the An. marshallii group.

Species hame

An. austenii *

An. berghei

An. brohieri

An. gibbinsi

An. hancocki

An.
hargreavesi

Clypeal hairs

Inner: simple or rarely
bifid. Outer: long as
inner, bifid or with 3-4
branches.

Unknown

No information

Inner: short, widely
spaced basally. Outer:
similar to inner but
slightly shorter.

Inner: long and finely
pointed. Outer: rather
stout, abruptly pointed.

Inner: long, simple,
drawn out to a fine
point. Outer: about half
as long as the inner.

Shoulder hairs

Well separated, on
large basal
tubercles.

Unknown

No information

No information

Well-developed,
basal tubercles
fused.

On moderately
large pigmented
bases, which
may be fused.

Mesopleural hairs

Same as in An.
marshallii s.s.
Unknown

No information

No information

Both long hairs are
simple, small basal
spine.

Same as in An.
marshallii s.s.

Palmate hairs

1st abdominal
undifferentiated, 2nd-7th with
abrupt shoulders, filaments
typically short and spiky but
sometimes longer.

Unknown

No information

1st undifferentiated. 2nd
partly differentiated, 3rd-7th
with often rather short blunt
filaments.

1st abdominal is developed
but smaller than the rest of
the abdomen.

1st abdominal poorly
developed, leaflets narrow.
2nd-7th abdominal fully
developed. Filaments are long
and finely drawn.
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Abdominal plates

The outline of the main
plate is irregular. Three
accessory plates present on
most segments.

Unknown

Main abdominal plates
wider. 3 accessory
abdominal plates
sometimes present.

Variable.

Moderately developed in
width. One accessory plate
is present.

Moderately developed,
pale, slightly more than
twice as wide as deep. One
accessory plate is present.

Saddle hairs

With 3-5 branches.

Unknown

No information

No information

Short, apically with 5
or more branches.

Long and simple or
occasionally bifid.



An. harperi

An. hughi *

An. kosiensis
*

An. letabensis

*

An.
marshallii *
An. mortiauxi

Inner: simple, normal
length. Outer: more or
less than half length of
inner.

Posterior hair (seta 4-C)
simple.

Resembles An. hughi.

Posterior hair (seta 4-C)
simple.

Inner: simple, widely
spaced basally. Outer:
slightly more the length
of the inner.

Unknown

With bases either
fused or separate.

Median hair (seta
2-P) with 8-13
branches.

Resembles An.
hughi.

Has 9-14 branches,
mounted on a small
tubercle.

Well-developed on
well-formed
tubercles, which
are usually
separated.

Unknown

No information

No information

No information

No information

Both long hairs are
simple, small basal
spine.

Unknown

1st abdominal differentiated.

2nd very narrow but
differentiated, 3rd-7th well
developed, shoulders and
filaments variable.

No information

Resembles An. hughi but the

larval thoracic palmate seta
(seta 3-T) is significantly
smaller. However, counting

the number of leaflets on this

seta is difficult.

No information

Subject to variation.
Filaments are usually short
and pointed, but it may be
longer.

Unknown
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The main plate equals
two-thirds of the distance
between palmate hairs.
One accessory plate is
present.

With 8-13 branches,
arising mainly from one
side of the stem of the
hair.

Resembles An. hughi

No information

The width of segment 5 is

more than half the distance
between the palmate hairs.
One accessory plate.

Unknown

Long and simple.

No information

No information

No information

Short and with at least
5 branches.

Unknown



An. All clypeal hairs are Basal tubercles Similar to An.
mousinhoi * | simple, much as in An. developed and marshallii s.s.
marshallii s.s. except placed close

that the posterior hair is = together.
relatively shorter.

An. Inner: simple. Outer: Mounted on large, = Basal spines are
njombiensis Half as inner. Posterior:  unfused tubercles.  small.
slightly longer than

outer.
An. seydeli *  Inner: relatively short, No information Same as An.
about one-third the marshallii s.s.

length of the fronto-
clypeus. Outer: very
short and stumpy.

An. upemba Unknown Unknown Unknown

No information = Mosquito feature has been studied, but no data
was recorded.

Unknown = The mosquito feature has yet to be looked into.

* Anopheles marshallii group species found in South Africa.

1st abdominal differentiated.
2nd abdominal is narrow and
undifferentiated. 3rd-7th fully
developed with delicate
filaments variable in length.

3rd-7th fully developed, with
very short filaments,2nd with
14 narrow, lanceolate leaflets.

Leaflets with distinct
shoulders and pronounced
filaments are present on
segment 1. Broad leaflets
with serrated shoulders and
short, pointed filaments on
segments 3-7.

Unknown

Large, almost the distance
between the palmate hairs
on segment 5. One
accessory plate present.

Deep with almost two-
thirds distance between
palmates. A single
accessory plate present on
segments 2-7.

Same as An. marshallii s.s.

Unknown

Long and simple.

With 3-4 branches

Short and much
branched.

Unknown

(Gillies and De Meillon, 1968; Gillies and Coetzee, 1987).
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Appendix 1C: Morphological Differences in Pupal Stages

Species name

Paddle fringe

Setal differences

An. austenii *

Consisting of small spines changing progressively into fine hairs,
extending two-thirds distance to base, not beyond apical hair.

Hair on segments I-V with 3-5 branches, nearly as long as
segment. Segments I-VII with |-2 branches, shorter than segment.

An. berghei Unknown Unknown

An. brohieri Unknown Unknown

An. gibbinsi Differs from An. marshallii s.s in the apical paddle hair being short. | Hair on segments V-VII being shorter than the segments.

An. hancocki Extends two-thirds distance to base, composed of spines changing Hair on segments I11-1V with 7-8 branches, on V-VII simple or

gradually to hairs, continued beyond apical hair. Apical hair long
and strongly hooked.

bifid and almost as long as segment. Segments I11-1V with 6-8
branches, V-VII with 3-7 branches.

An. hargreavesi

Extends less than half-way to base, composed of spines changing
abruptly to hairs, continued beyond apical hair by a few fine hairs.
Apical hair short and straight.

Hair on segments I11-V11 with 2-5 branches. Segment I11-VII with
1-5 branches.

An. harperi Extends half-way to base, composed of spines changing gradually to | Hair on segments V-VI short with 4-7 branches, on VII simple or
hairs, not continued beyond apical hair. Apical hair straight and bifid and longer than segment. V-VI with 3-5 branches, on VII
relatively short. with 2-4. Segments V and VI progressively shorter.

An. hughi * Same as An. letabensis but extending a shorter distance beyond Setal counts differing from those of An. marshallii s.s. and An.

apical hair.

letabensis at numerous sites.

An. kosiensis *

Resembles An. hughi.

The number of setae beyond seta (1-P) on the inner border of the
paddle, ranges from 18 to 32. Seta 5-V has 5-9 branches. Seta (7-
VI) is mainly simple.

An. letabensis *

Same as in An. marshallii s.s. but more extensive, with more
than 20 very fine hairs beyond apical hair.

Setae as in An. marshallii s.s. except that seta 3-11 is simple or
bifid.
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An. marshallii *

Extending half-way to base, composed of spines. A few fine hairs
beyond apical hair. Apical hair curved, about quarter length of
paddle.

Segments 111-1V with 6-9 branches. Segments V-VII with 3
branches.

An. mortiauxi

Unknown

Unknown

An. mousinhoi *

Same as in An. marshallii s.s.

Differs from that of An. marshallii s.s. in hair 1, which is very
short and delicate with 5-8 branches on segment IV, 3-8 on
segments V and VI.

An. njombiensis

Extends less than half-way to base, composed of spines changing
more or less gradually into hairs, not continued beyond apical hair.
Apical paddle hair long and hooked.

Hair on segments I11-V11 with 2-6 branches, on segments I11-V1I
with 3-6 branches.

An. seydeli * Extends two-thirds to based, composed of spines changing gradually | Hairs on segments I1-1V with 6-7 and 5-6 branches. On V-VII
to hairs, continued past apex. Apical hair long and hooked. simple and about as long as segment. Hair on segments 111-V1I
with 6-10 branches. Segments V and IV progressively shorter.

An. upemba Unknown Unknown

No information = Mosquito feature has been studied, but no data was recorded.

Unknown = The mosquito feature has yet to be looked into.

* Anopheles marshallii group species found in South Africa.
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Appendix 2A: DNA extraction mastermix calculations using the ZyGEM prepGEM®

Insect kit

Reagants

10X buffer black
PrepGEM enzyme
PCR water

Total:

Supplier: (Cat No.: PUN1000, ZyGEM™, New Zealand)

1X reaction

1.0 pl
0.25 pl
8.75 ul

10.0 pl

Appendix 2B: Standard mastermix calculations for An. funestus PCR (Koekemoer et

al., 2002, Cohuet et al., 2003).

PCR components
10x PCR buffer
dNTPs (2.5 mM)
MgCl2 (25 mM)
Universal primer (3.3pmol/pl)
An. funestus primer (3.3pmol/ul)
An. leesoni primer (3.3pmol/ul)
An. parensis primer (3.3pmol/ul)
An. rivolurum primer (3.3pmol/ul)

An. rivolurum-like primer
(3.3pmol/ul)

An. vaneedeni primer (3.3pmol/ul)
Tag-polymerase (5 units/pl)

dH.0

DNA template

Total:

1X reaction
1.25 pl
1l
0.75 ul
1l
1 ul
1l
1 ul
1l

1 ul

1l
0.1l
1.9 ul
0.5l
12.5 pl
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Cat. Number and Supplier
ALE?2493, Separations, South Africa
AJ30387A, Separations, South Africa
ALE2495A, Separations, South Africa
201012-024-H6, Ingaba Biotec
201012-024-H7, Ingaba Biotec
201012-024-H11, Ingaba Biotec
201012-024-H10, Ingaba Biotec
201012-024-H9, Ingaba Biotec
201012-024-H12, Ingaba Biotec

201013-014-A3, Ingaba Biotec

ALE2492A, Separations, South Africa



Appendix 2C: Protocol for 1X TAE Buffer

1. Preparation of a 0.5 M EDTA stock solution
e Weigh out 186.1g of EDTA disodium salt (MW=372.24 g/mol).
e Dissolve in 800 ml deionized water and adjust the pH to 8.0 with solid sodium
hydroxide (NaOH) pellets.

e Stir vigorously using a magnetic stirrer.

2. Preparation of 50X TAE buffer

e Weigh out 2429 of Tris-base (MW = 121.14 g/mol).
e Dissolve in approximately 700 ml of deionized water.
e Add57.1 ml of 100 % glacial acid (or acetic acid).

e Add 100 milliliters of 0.5 M EDTA (pH 8.0)

e Adjust the solution to a final volume of 1 litre

e Store stock solution at room temperature

3. Preparation of 1X TAE working solution

e Dilute 20 ml 50X TAE stock into 980ml distilled water.

4. Preparation of 2.5% Agarose Gel
e Measure 10g of Agarose gel powder.
e Add the powder to 400 ml of 1X TAE buffer and microwave for 3-4 minutes until the
agarose is completely dissolved.
e Allow the agarose solution to cool down.
e Add 12 pl ethidium bromide and swirl.
e Pour the agarose into a gel tray with the well combs in place.

e Letsitat room temperature for 30-60 minutes until it has completely solidified.
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Appendix 2D: HotSHOT DNA Extraction Protocol

1. Buffer Preparation
Alkaline Lysis Buffer (pH 12)

1. For 100 ml of alkaline lysis buffer, add:

e 25 ml of 100 mM NaOH (Cat no. 30385, ACE, South Africa)
e 0.4 ml of 50 mM Na2EDTA (Lot no. 1052966, Sigma Aldrich, South Africa)
e 74.6 ml of distilled H2.O

Neutralising Solution (pH 5)

1. For 100 ml of neutralising solution, add:

e 630 mg of Tris-HCI (Lot no. 3255466, EMD Millipore Corporation, South Africa)
e 100 ml of distilled H.O

2. Procedure

Notes before starting

. Turn on the heating block before starting the procedure and set the temperature to 95°C.

1. Dissect the head and thorax of each mosquito and add to individual 1.5 ml Eppendorf

tubes.
2. Aliquot 50 pl of alkaline lysis buffer into each tube.

3. Using a sterile pestle, grind the head and thorax of each mosquito until completely
homogenised. If there are multiple samples, use the magnetic beads to grind the samples in

the TissueLyser II.

4. Incubate for 30 minutes at 95°C.

5. Allow to cool on ice for 3-4 minutes.

5. Add 50 pl neutralising solution to each tube.
6. Vortex and briefly centrifuge the tubes.

7. Use 2 ul of extracted DNA for PCR or freeze at —20°C for long-term storage.
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Appendix 2E: TagMan PCR protocol for detecting Plasmodium species (Bass et al.,
2008).

PCR Reagents 1X Cat. Number and Supplier
1Q Supermix 10ul 1708860, BioRad, SA

PlasF (10uM) 1.6pl 4304970, Thermo Scientific, SA
PlasR (10puM) 1.6ul 4304970, Thermo Scientific, SA
PlasF probe (10uM) 0.6pl 4316034, Thermo Scientific, SA
OVM+ probe (10uM) 0.4ul 4316034, Thermo Scientific, SA

dH20 3.8ul -

DNA 2ul -

Total 20ul -

o Add 18ul of master mix to each well and 2ul DNA to each well.

e Seal the reaction tube/plate and centrifuge briefly.

Note:
e The final concentration of probes and primers are as follows:

800nM of each primer
300nM of probe PlasF
200nM of probe OVM+

Cycling conditions:
e 10 minutes at 95°C
e 40 cycles of 95°C for 10 seconds and 60°C for 45 seconds

Plate Read:
e VIC- yellow (530nm excitation and 555nm emission)

e FAM — green (470nm excitation and 510 emission)
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Appendix 2F: DNeasy Blood and Tissue Extraction Kit

1. A whole mosquito tissue was placed in a 1.5ml microcentrifuge tube and cut into
small pieces.

2. 180 pl buffer ATL and 20 pl proteinase K were added to the tube.

3. The mixture was placed in a shaking water bath and incubated at 56 °C for £3 hours
or until the tissue was completely lysed.

4. 200 pl buffer AL was added to the mixture and vortexed. The tube was incubated for
10 minutes at 56 °C.

5. 200 pl ethanol (96 %) was added to the tube and vortexed for 10 seconds.

6. The mixture was then pipetted into a spin column with a 2 ml collection tube and
centrifuged at 8000rpm for 1 minute. The flow-through was discarded, and the spin
column was replaced with a new collection tube.

7. 500 pl buffer AW1 was added to the mixture. The tube was centrifuged at 8 000 rpm
for 1 minute. The flow-through was discarded, and the spin column was replaced with
a new collection tube.

8. 500 pl buffer AW2 was added to the mixture. The tube was centrifuged at 14 000 rpm
for 3 minutes. The flow-through was discarded, and the spin column was replaced
with a new collection tube.

9. The DNA was eluted by adding 200 ul buffer AE to the centre of the spin column
membrane. The tube was allowed to sit for 1 minute at room temperature (15-25°C).

10. The tube was centrifuged for 1 minute at 8 000 rpm.

11. The recovered DNA was used immediately or stored at -20 °C.

Supplier: Qiagen, DNeasy Blood and Tissue Kit (Lot no. 172045050).
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Appendix 3: The ITS2 and COI sequences generated during this study have been deposited in GenBank under the following accession numbers:

Sample ID Morphology ITS2 Fragment ITS2 Accession Number | COI fragment COI Accession Number
H9 An. hargreavesi ~485 bp - =560 bp PP915781 ~900 bp PP919268
H10 An. hargreavesi ~485 bp - =560 bp PP915782 ~900 bp PP919269
H55 An. hargreavesi ~485 bp - =560 bp PP915783 ~900 bp PP919270
H58 An. hargreavesi ~485 bp - =560 bp PP915784 ~900 bp PP919271
H59 An. hargreavesi ~485 bp - =560 bp PP915785 ~900 bp PP919272
N325 Anopheles gibbinsi ~507 bp PQ399842
N617 Anopheles gibbinsi ~507 bp OM459764.1 e  ——
N618 Anopheles gibbinsi ~507 bp OM459765.1 e  ——
N619 Anopheles gibbinsi ~507 bp PQ399843 — —
N779.3 Anopheles gibbinsi ~507 bp OM459767.1 _ _—
N865 Anopheles gibbinsi ~507 bp OM459768.1 —
N866 Anopheles gibbinsi ~507 bp PQ399844 S
63.1 An. marshallii group ~500 bp PQ334736 ~900 bp PQ327569
63.2 An. marshallii group ~500 bp PQ334737 ~900 bp PQ327570
63.3 An. marshallii group ~500 bp PQ334738 ~900 bp PQ327571
221.1 An. marshallii group ~500 bp PQ334739 ~900 bp PQ327572
221.2 An. marshallii group =500 bp PQ334740 ~900 bp PQ327573
221.3 An. marshallii group ~500 bp PQ334741 ~900 bp PQ327574
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289.1 An. marshallii group ~500 bp PQ334742 ~900 bp PQ327575
289.2 An. marshallii group ~500 bp PQ334743 ~900 bp PQ327576
289.3 An. marshallii group ~500 bp PQ334744 ~900 bp PQ327577
596.1 An. marshallii group ~500 bp PQ334745 ~900 bp PQ327578
596.2 An. marshallii group ~500 bp PQ334746 ~900 bp PQ327579
596.3 An. marshallii group ~500 bp PQ334747 ~900 bp PQ327580
1246B An. maculipalpis ~410 bp  — ~900 bp PQ326959
1246C An. maculipalpis ~400 bp _ ~900 bp PQ326960
9104B An. maculipalpis ~400 bp ~900 bp PQ326961
9104C An. maculipalpis ~400 bp  — ~900 bp PQ326962
172A An. maculipalpis ~610 bp _ ~900 bp PQ326963
172B An. maculipalpis ~500 bp _ ~900 bp PQ326964
1484A An. maculipalpis ~500 bp _ ~900 bp PQ326965
1484B An. maculipalpis ~490 bp _ ~900 bp PQ326966
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Appendix 3A: An. hargreavesi sequences BLAST Results and Accession Numbers.

407/503(81%)

Sample ID Morphology ITS2 Blast Results Accession COl Blast Results Accession
Morphology Number Number
H9 An. hargreavesi Anopheles marshallii isolate Anopheles marshallii mitochondrion
Sequence ID: MW257139.1 PP915781 Sequence ID: NC_064607.1 612/650(94%) PP919268
406/503(81%)
H10 An. hargreavesi Anopheles marshallii isolate Anopheles marshallii mitochondrion PP919269
Sequence ID: MK592084.1 PP915782 Sequence ID: NC_064607.1 666/715(93%)
437/543(80%)
H55 An. hargreavesi Anopheles marshallii isolate Anopheles marshallii mitochondrion PP919270
Sequence 1D: MK592084.1 PP915783 Sequence ID: NC_064607.1 660/715(93%)
430/523(80%)
H58 An. hargreavesi Anopheles marshallii isolate Anopheles marshallii mitochondrion PP919271
Sequence ID: MW257139.1 PP915784 Sequence ID: NC_064607.1 671/717(94%)
407/503(81%)
H59 An. hargreavesi Anopheles marshallii isolate Anopheles marshallii mitochondrion PP919272
Sequence ID: MW257138.1 PP915785 Sequence ID: NC_064607.1 671/717(94%)
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Appendix 3B: An. gibbinsi sequences BLAST Results and Accession Numbers.

Sample ID Morphology ITS2 Blast Results Accession Number

N325 Anopheles gibbinsi Anopheles sp. 6 BSL-2014 PQ399842
Sequence I1D: KJ522818.1 506/510(99%)

N617 Anopheles gibbinsi Anopheles sp. 6 BSL-2014 OM459764.1
Sequence ID: KJ522818.1 508/513(99%)

N618 Anopheles gibbinsi Anopheles sp. 6 BSL-2014 OM459765.1
Sequence I1D: KJ522818.1 505/512(99%)

N619 Anopheles gibbinsi Anopheles sp. 6 BSL-2014 PQ399843
Sequence ID: KJ522818.1 506/511(99%)

N779.3 Anopheles gibbinsi Anopheles sp. 6 BSL-2014 OM459767.1
Sequence ID: KJ522818.1 435/457(95%)

N865 Anopheles gibbinsi Anopheles sp. 6 BSL-2014 OM459768.1
Sequence 1D: KJ522818.1 508/517(98%)

N866 Anopheles gibbinsi Anopheles sp. 6 BSL-2014 PQ399844
Sequence ID: KJ522818.1 507/512(99%)

157



https://www.ncbi.nlm.nih.gov/nucleotide/KJ522818.1?report=genbank&log$=nuclalign&blast_rank=8&RID=4ME35UH3013

Appendix 3C:

I.  Anopheles marshallii group sequences BLAST Results and Accession Numbers.

Specimen Morphology ITS2 Blast Results Accession Number COl Blast Results Accession Number
ID
63.1 An. marshallii Anopheles theileri. Sequence ID: PQ334736 Anopheles superpictus (COX1) gene. PQ327569
group JN994151.1 423/540(78%) Sequence ID: MT993498.1
648/707(92%)
63.2 An. marshallii Anopheles theileri. Sequence ID: PQ334737 Anopheles superpictus (COX1) gene. PQ327570
group JN994151.1 424/540(79%) Sequence ID: MT993498.1
653/707(92%)
63.3 An. marshallii Anopheles theileri. Sequence ID: PQ334738 Anopheles superpictus (COX1) gene. PQ327571
group JN994151.1 427/544(78% Sequence ID: MT993498.1
653/709(92%)
221.1 An. marshallii Anopheles theileri. Sequence ID: PQ334739 Anopheles superpictus (COX1) gene. PQ327572
group JN994151.1 425/541(79%) Sequence ID: MT993498.1
649/705(92%)
221.2 An. marshallii Anopheles theileri. Sequence ID: PQ334740 Anopheles superpictus (COX1) gene. PQ327573
group JN994151.1 425/541(79%) Sequence ID: MT993498.1
647/705(92%)
221.3 An. marshallii Anopheles theileri. Sequence ID: PQ334741 Anopheles superpictus (COX1) gene. PQ327574
group JN994151.1 424/540(79%) Sequence 1D: MT993498.1
653/708(92%)
289.1 An. marshallii Anopheles theileri. Sequence ID: PQ334742 Anopheles aconitus isolate (COXI) PQ327575
group JN994151.1 424/540(79%) gene. Sequence ID: HQ877378.1
651/708(92%)
289.2 An. marshallii Anopheles theileri. Sequence ID: PQ334743 Anopheles aconitus isolates (COXI) PQ327576
group JN994151.1 419/535(78%) gene. Sequence ID: HQ877378.1
653/708(92%)
289.3 An. marshallii Anopheles theileri. Sequence ID: PQ334744 Anopheles superpictus (COX1) gene. PQ327577
group JN994151.1 424/540(79%) Sequence ID: MT993498.1
646/705(92%)
596.1 An. marshallii Anopheles theileri. Sequence ID: PQ334745 Anopheles superpictus (COX1) gene. PQ327578
group JN994151.1 426/542(79%) Sequence ID: MT993498.1

650/712(91%)
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596.2 An. marshallii Anopheles theileri. Sequence ID: PQ334746 Anopheles superpictus (COX1) gene. PQ327579
group JN994151.1 424/542(78%) Sequence ID: MT993498.1
653/707(92%)
596.3 An. marshallii Anopheles theileri. Sequence ID: PQ334747 Anopheles superpictus (COX1) gene. PQ327580
group JN994151.1 424/540(79%) Sequence ID: MT993498.1
652/710(92%)

ii.  ITS2 and COI contig sequences of An. marshallii group samples from KwaZulu-Natal. Primer sites highlighted.

>ITS2 Contig Sequence Length: 530 bp
TTGTGAACTGCAGGACACATGAACACCGACACGTTGAACGCATATGGCGCATCGGACGTTTAAACCCGACCGATGCACACATTCTTGAGTGCCTACCAAATCCTTC
TTACACAGACTAAACTTGACTACATGGCGCGCGCGTGCAGGAACACACAACATTTTGGCGAGCATCCCGTCAAGATGAGTTTCAGCATACGTTAGCGCACTGTGCA
TAATGGCGTGCCAGGTTCCTAGTTTGGGACGTGGGGCGCTGAATTGGTAAGAGGCGGTACTGTTACCCACAGGGTACGTGTCAAGTCGCATGGTTTCGAACTTCGG
CTCCAAGACGACCTGGAAGCACCGGTAGCCTTACACCAGGCTTGCTGGCACCGCTTGCAGGACCCGCCGTCTTAGCCAAGTCGCTTACTGGTGCGACCCATACACG
TAGTGGTGTGCAGTATGTGCTACCAGCTTACCGCTTAAACGATCTCAAGTATCAGTAGGCCTCAAGTGATGTGTGAGAACCCCCTGAATTTAAGCATAA

>COI Contig Sequence Length: 711 bp
TTGGTCAACAAATCATAAAGATATTGGAACATTATATTTTATTTTTGGTGCGTGAGCTGGAATAGTAGGGACTTCTTTAAGAATTCTTATTCGAGCTGAATTAGGT
CACCCAGGAGCTTTTATTGGGGATGATCAAATTTATAATGTAATTGTTACTGCTCATGCTTTTATTATAATTTTTTTTATAGTTATACCTATTATAATTGGAGGAT
TTGGAAATTGATTAGTTCCTTTAATATTAGGAGCCCCAGATATAGCATTTCCTCGAATAAATAATATAAGTTTTTGAATACTTCCTCCTTCACTAACCCTTCTAAT
TTCTAGAAGTATAGTAGAAAATGGAGCAGGAACTGGGTGAACTGTATACCCACCCCTTTCTTCAGGTATTGCTCATGCTGGTGCATCAGTAGATTTAGCTATTTTT
TCTTTACATTTAGCTGGAATTTCATCAATTTTAGGGGCAGTAAATTTTATTACAACAGTAATTAATATACGATCTCCTGGAATTACATTAGATCGAATGCCTTTAT
TTGTTTGATCTGTAGTAATTACAGCTATTTTATTATTATTATCTTTACCTGTTTTAGCCGGTGCTATTACTATATTATTAACAGATCGAAATTTAAATACTTCTTT
TTTTGATCCTGCAGGAGGAGGAGACCCTATTTTATATCAACACTTATTTTGATTTTTTGGTCACCCTGAAGTTTA
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Appendix 3D: An. maculipalpis sequences BLAST Results and Accession Numbers.

Specimen ID | Morphology ITS2 BLAST Results Accession COl Blast Results Accession Number
Number

1246B An. maculipalpis Anopheles maculipalpis isolate. Anopheles maculipalpis isolate
Sequence ID: MT408571.1 e (COQl) gene, Sequence PQ326959
364/365(99%) ID: MK776734.1 662/665(99%)

1246C An. maculipalpis Anopheles maculipalpis isolate. Anopheles maculipalpis isolate
Sequence ID: MT408571.1 _ (COlI) gene. Sequence PQ326960
366/367(99%) ID: MK776734.1 666/666(100%)

9104F An. maculipalpis Anopheles maculipalpis isolate. Anopheles maculipalpis isolate
Sequence ID: MK592039.1. e (COI) gene Sequence PQ326961
396/401(99%) ID: MK776734.1 457/458(99%)

9104G An. maculipalpis Anopheles maculipalpis isolate. Anopheles maculipalpis isolate
Sequence ID: MT408571.1 e (COQI) gene. Sequence PQ326962
404/404(100%) ID: MK776734.1 664/664(100%)

172A An. maculipalpis Anopheles maculipalpis haplotype. Anopheles maculipalpis
Sequence ID: 379/383(99%)  — mitochondrion. Sequence ID: PQ326963

NC_064606.1 695/707(98%)

172B An. maculipalpis Anopheles maculipalpis isolate. Anopheles maculipalpis
Sequence ID: MT408571.1. e mitochondrion. Sequence PQ326964
327/327(100%) ID: NC_064606.1 696/709(98%)

1484A An. maculipalpis Anopheles maculipalpis isolate. Anopheles maculipalpis
Sequence ID: MT408571.1 e mitochondrion. Sequence PQ326965
398/399(99%) ID: NC_064606.1 691/698(99%)

1484B An. maculipalpis Anopheles maculipalpis isolate. Anopheles maculipalpis
Sequence ID: MT408571.1 e mitochondrial COI gene. PQ326966

361/361(100%)

Sequence ID: LC473600.1
578/579(99%)
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Appendix 3E: ANOVA graphs for comparisons of palp spots (widths and lengths) across the An. marshallii group families.
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Appendix 3F: Palp spots raw data for adult females of the Anopheles marshallii group Width and Length measured in mm.

Sample ID Apical dark band | Apical Pale band | Subapical Pale band | Apical dark band | Apical pale band | Subapical Pale band
(Width) (Width) (Width) (Length) (Length) (Length)

63.1 0.083 0.085 0.066 0.144 0.224 0.155
63.2 0.091 0.13 0.105 0.211 0.421 0.256
63.3 0.091 0.103 0.1 0.187 0.341 0.204
63.4 0.151 0.148 0.146 0.28 0.405 0.334
63.6 0.092 0.122 0.091 0.218 0.3 0.198
Mean 0.1016 0.1176 0.1016 0.208 0.3382 0.2294
221.1 0.099 0.12 0.086 0.213 0.452 0.273
221.2 0.088 0.104 0.085 0.111 0.33 0.222
221.3 0.114 0.122 0.122 0.236 0.338 0.181
221.4 0.117 0.111 0.121 0.258 0.456 0.318
221.5 0.081 0.085 0.087 0.122 0.186 0.263
Mean 0.0998 0.1084 0.1002 0.188 0.3524 0.2514
289.2 0.129 0.118 0.152 0.205 0.369 0.33

289.3 0.153 0.156 0.128 0.253 0.268 0.244
289.5 0.12 0.127 0.11 0.222 0.361 0.234
289.6 0.099 0.102 0.12 0.158 0.298 0.215
289.7 0.085 0.107 0.112 0.151 0.342 0.268
Mean 0.1172 0.122 0.1244 0.1978 0.3276 0.2582
596.1 0.072 0.082 0.082 0.166 0.264 0.175
596.2 0.135 0.125 0.121 0.185 0.352 0.244
596.3 0.104 0.108 0.108 0.192 0.327 0.257
596.4 0.099 0.123 0.115 0.229 0.267 0.22

596.6 0.146 0.184 0.155 0.14 0.444 0.365
Mean 0.1112 0.1244 0.1162 0.1824 0.3308 0.2522
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Appendix 3G: Wing length raw data for adult females of Anopheles marshallii group Length of wing spots measured in mm.

Sample ID Wing Length 1. Sector pale 2. Median dark 3. Sub-coastal | 4. Pre-apical | 5. Pre-apical | 6. Apical dark | Pale scales Pale interruption in
spot spot pale spot dark spot pale spot spot (White/Creamy) preapical dark spot
(Distinct /Indistinct)
63.1 3.139 0.177 0.469 0.282 0.413 0.361 0.218 Predominantly Distinct
white
63.3 3.114 0.143 0.572 0.299 0.472 0.262 0.175 Creamy Distinct
63.4 3.279 0.185 0.403 0.286 0.438 0.325 0.21 Predominantly Distinct
white
63.6 3.395 0.169 0.401 0.292 0.413 0.311 0.225 Creamy Distinct
63.7 3.476 0.161 0.54 0.297 0.499 0.283 0.218 Predominantly Indistinct
white
Mean 3.281 0.167 0.477 0.2912 0.447 0.3084 0.2092
221.1 3.529 0.166 0.463 0.331 0.498 0.339 0.237 Creamy Distinct
221.2 3.089 0.158 0.456 0.31 0.507 0.357 0.293 Creamy Indistinct
221.3 3.164 0.169 0.468 0.248 0.426 0.271 0.217 Creamy Distinct
2215 3.008 0.152 0.56 0.279 0.432 0.287 0.167 Creamy Distinct
221.7 3.379 0.164 0.45 0.271 0.446 0.36 0.258 Creamy Indistinct
Mean 3.234 0.1618 0.4794 0.2878 0.4618 0.3228 0.2344
289.1 3.437 0.196 0.467 0.332 0.455 0.381 0.219 Creamy Distinct
289.2 3.479 0.128 0.553 0.365 0.474 0.434 0.174 Creamy Indistinct
289.3 3.44 0.163 0.478 0.231 0.459 0.297 0.214 Creamy Distinct
289.4 3.008 0.171 0.448 0.231 0.426 0.253 0.275 Creamy Distinct
289.5 3.512 0.187 0.421 0.255 0.428 0.253 0.211 Creamy Distinct
Mean 3.375 0.169 0.4734 0.2828 0.4484 0.3236 0.2186
596.1 3.102 0.201 0.403 0.282 041 0.291 0.201 Creamy Indistinct
596.2 3.114 0.157 0.409 0.296 0.485 0.289 0.257 Creamy Distinct
596.3 34 0.15 0.499 0.289 0.425 0.37 0.25 Creamy Distinct
596.4 3.449 0.162 0.56 0.286 0.477 0.389 0.262 Creamy Indistinct
596.6 3.114 0.166 0.54 0.272 0.332 0.231 0.166 Creamy Indistinct
Mean 3.236 0.1672 0.4822 0.285 0.4258 0.314 0.2272
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Appendix 3H: Results of the repeat TagMan assay on samples that initially tested
positive for the presence of sporozoites.
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Appendix 4B: Copyright permission to use Figure 7 from Lambert and Coetzee, 1982. (Figure 3.7C in
Section 3.3.1 of this dissertation).

026724, 11:06 AM University of the Witwaterszand, Johannesburg Mail - Seeking copynght permission
WITS g Zandile Langa <758103@students.wits.ac.za>
UNIVTASITY
Seeking copyright permission
3 messages
Zandile Langa <758103@students.wits.ac za> 5 August 2024 at 12:53

To: Maureen Coetzee <maureen, coetzee@wils.ac.za>

Dear Prof. Coetzee
I hope this email finds you well.

My name is Zandile Langa. I am one of Prof. Koekemoer’s MSc students. My project focuses on the
molecular characterization of the Anopheles marshallii group and other understudied species. I recently
came across your article titled “A dual genetical and taxonomic approach to the resolution of the
mosquito taxon, Anopheles (Cellia) marshallii (Culicidae)" (Lambert & Coetzee, 1982). I am writing
to request your permussion to use (Figure 7), which contains the image of the eggs of the An. marshallii
complex in my dissertation. I found the image particularly insightful and would like to include it in my
dissertation to enhance the discussion and analysis. Your assistance and consideration in this matter
would be greatly appreciated.

Thank you very much for your time and attention I look forward to your positive response.

Regards

Zandile Langa
0736989398

Maureen Coetzee <Maureen.Coetzee@wits ac za> 6 August 2024 at 09:53
To: Zandile Langa <758103@students wits.ac.za>

Dear Zandile,

You are more than welcome to use the figure from my 1982 paper. All you need to do is make sure that
you clearly label the source of the figure in the figure legend. You can thank me in the
Acknowledgements if you like, but most important is the figure legend.

Good luck with your studies.

Maureen
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